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The shortage of seed oyster supply has been recently identified as the major limiting factor for 

scale up of Ostrea edulis restoration across Europe. Despite the potential and feasibility of 

hatchery production, the capability of producing large quantities of native oyster seed in 

hatcheries is still limited and insufficient to meet the growing demand for restoration. The 

present study aimed to address some of the main limitations to the successful broodstock 

conditioning of O. edulis in hatchery settings. The novel non-destructive technique developed 

in this research (shell drilling and biopsy), was found to be suitable for the repeated sampling 

of oyster gonads, facilitating future monitoring and manipulation of sex ratios in hatcheries, 

without sacrificing remnant depleted stocks. The use of algal paste as a cost-effective 

alternative to live microalgal diets was successfully tested on O. edulis, with oysters showing 

potential adaptation to new diets after only 4 weeks of exposure (absorption efficiency > 50%), 

and high allocation of lipids (69 ± 0.7%) and fatty acids (70.5 ± 8.1%) in the gonads, except 

for Thalassiosira pseudonana (60.5% and 26.5% respectively). The stock density commonly 

used in oyster hatcheries and recommended by current hatchery guidelines was found to be the 

most suitable for O. edulis broodstock conditioning, promoting low mortality rate (10%) and 

high fertility (9.6 ± 3.32 x 106 larvae), and potentially maximising parental genetic 

contributions (inferred sex ratios). The accurate filtration rate measurements acquired in this 

study promote a better understanding of O. edulis circadian feeding behaviour, contributing to 

the development of more efficient hatchery breeding programmes, as well as predictive models 

for the estimate of ecosystem services. As part of this research, a small-scale research hatchery 

was also successfully established to provide a reliable source of locally adapted and potentially 

disease-resistant native oyster seed for restoration in the Solent. 
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1.1 The European native oyster Ostrea edulis  

The European flat oyster, Ostrea edulis Linnaeus, 1758, is the keystone species of 

biogenic reefs in the North-Eastern Atlantic and Mediterranean Basin. It is a sessile bivalve 

mollusc which belongs to the Ostreidae family and the genus Ostrea. It was historically found 

living in intertidal and subtidal habitats throughout Europe (Hayer et al., 2019) (Fig. 1.1), 

occurring naturally across a biogeographic range that stretches from 30° North at Cape Ghir in 

Morocco, throughout the Mediterranean and Black seas, to 65° North in Norway (Ivanov, 1964; 

Jaziri, 1990; Lapègue et al., 2006; Lallias et al., 2009; Bromley et al., 2016a). Naturalised 

populations are also observed in eastern North America, from Maine to Rhode Island, 

following intentional introductions for cultivation purposes in the 1940s and 1950s (FAO, 

2006; Bromley et al., 2016a), and in Canada, in the province of Nova Scotia, New Brunswick, 

and British Columbia (Newkirk, 1989; Bataller et al., 2006; Burke et al., 2008a; Burke et al., 

2008b). The Canadian stocks were imported in 1957 and the 2000s from naturalised 

populations in Maine whose ancestors originated from the Netherlands (Vercaemer et al., 

2003). O. edulis was also introduced in Australia in the mid-1800s and 1940s (Morton et al., 

2003; Molnar et al., 2008), South Africa in 1894 (FAO, 2007 - 11, Haupt et al., 2010), Japan 

in 1952 (Fujiya, 1970), Mauritius and Pacific islands between the 1972 and 1977 (Bromley et 

al., 2016a), Mexico in 1984 (Funes and Jiménez, 1989), New Zealand in 1985 and Namibia in 

1990 (Funes and Jimenez, 1989; Bromley et al., 2016a).  

The European native oyster can inhabit a range of firm substrates, including mud, rocks, 

muddy-sand, muddy-gravel with shells and hard silt (Laing et al., 2005; Lapègue et al., 2006). 

This species is usually associated with highly productive estuarine and shallow coastal water 

habitats, thriving from the lower intertidal to the subtidal areas, up to 50 m with no or short 

emergence time (Martin et al., 1997; Kerckhof et al., 2018; Pogoda, 2019). Intertidal 
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populations are less common probably due to competition, predation, and anthropogenic 

harvesting although there is very little information about preferred depths (Laing et al., 2005).  

 

Figure 1.1. The Piscatorial Atlas of Olsen (1883) illustrating the widespread distribution of 

native oyster beds (orange) around the coast of the UK, the English Channel and the North Sea. 
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Ostrea edulis has a wide salinity tolerance from 40ă to 18ă (Laing et al., 2005; 

Lapègue et al., 2006; Shelmerdine and Leslie, 2009; Perry and Jackson, 2017), although 

temperature and salinity are co-dependent, with low salinities (< 20ă) being tolerated only 

when the temperature does not exceed 20°C (Hutchinson and Hawkins, 1992). In combination 

with high temperatures, extremely low salinities may result in high mortality. Temperature is 

the major factor influencing performance of oyster stocks at different sites. Filtration rate, 

metabolic rate, absorption efficiency and growth rate of adult Ostrea edulis increase with 

temperature, with optimal growth between 17°C and 30°C (Korringa, 1952; Buxton et al., 

1981; Shelmerdine and Leslie, 2009; Eymann et al., 2020). However, native oysters are able 

to tolerate and survive low temperatures, reducing their metabolism. Hutchinson and Hawkins 

(1992) observed that at low temperatures (10°C or less) the metabolic rate of Ostrea edulis was 

reduced to a winter metabolic state that enabled it to survive low temperatures and salinities 

encountered in shallow coastal waters. Korringa (1952) reported that British, Dutch, and 

Danish oysters could withstand 1.5°C for several weeks, although they will die if exposed to 

chill winds and air temperatures close to freezing. 

 

1.1.1 Biology and reproduction 

Today, there is a large body of literature available on the morphology, biology, and 

reproduction of Ostrea edulis (Orton, 1937; Korringa, 1940, 1952; Yonge, 1960; Sheldon, 

1968; Askew, 1972; Wilson and Simons, 1985; Hutchinson and Hawkins, 1992; Tyler-Walters, 

2001; Gosling, 2003; Jackson, 2007; Laing et al., 2005, 2006; Bayne, 2017), as well as other 

species from the genus Ostrea, sharing the same characteristics (Fig. 1.2). These include 

commercially exploited species, such as O. lurida (Carpenter, 1864), O. angasi (Sowerby II, 
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1871), O. chilensis (Küster, 1844), O. stentina (Payraudeau, 1826) and O. equestris (Say, 

1834), and less commercial species like O. puelchana (dôOrbigny, 1842), O. megodon (Hanley, 

1846), O. conchaphila (Carpenter, 1857), O. angelica (Rochebrune, 1895), and O. 

denselamellosa (Lischke, 1869). 

 

Figure 1.2. Phylogenetic tree based on Maximum Composite Likelihood (MCL) distances 

showing the phylogenetic affinity between Ostrea spp. Source: adapted from Prado et al. 

(2022). 

 

The external morphology is characterised by an oval shape and two valves joined by a 

hinge. The dorsal valve is visibly flat and mostly brown with shimmering blue stripes, whilst 

the ventral valve is concave and characterised by different phenotypic colourations (e.g., 

brown, green, blue, red, purple, and yellow) (Fig. 1.3). Both valves are usually distinguished 
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by an outer rough layer of calcite and an inner smooth and pearly layer of aragonite (Walne, 

1974; Perry and Jackson, 2017). The similarity in external appearance with other oysters from 

the genus Ostrea, particularly O. angasi, O. lurida, and O. conchaphila, has often caused issues 

with the species identification (Polson et al., 2009; Raith et al., 2015).  

 

 

Figure 1.3. External morphology of Ostrea edulis: ventral valve (on left), dorsal valve (on 

right). Source: Kurzawska and Rutkowska (2011). 

 

Multiple organs characterise the internal anatomy of O. edulis (Fig. 1.4). An adductor 

muscle, attached to both valves, enables both the opening of the valves during the feeding 

(gaping position), and the closure, either quickly in the presence of a threat or extensively when 

the conditions are not favourable (Walne, 1974). The mantle cavity, which is divided into an 

inhalant and an exhalant chamber, contains the mantle, also known as ópalliumô. The mantle is 

distinguished by different flaps, through which it enfolds the whole viscera. The surface of the 

mantle is corrugated, and it is surrounded by a thick margin carrying rows of small tentacles. 

One flap is usually involved in the control of the incoming water flow, whilst the other ones 

are responsible for the secretion and cementation of the shell (Yonge, 1926; Harper, 1992). 
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The gills consist of four demibranchs, directly attached to the mantle. They extend through the 

whole inhalant chamber, from the labial palps to the juncture between the right and left mantle 

flaps. The labial palps consist of two pairs of triangular flaps, each one located on one side of 

the mouth. Both gills and labial palps have a crucial role in the oysterôs feeding process, sorting 

and selecting the food particles before the ingestion (heterorhabdic gills). The mouth is a 

narrow gap opening into a short oesophagus, which then leads into the stomach. This is 

completely surrounded by a visible brown mass of digestive diverticula. The final part of the 

gut consists in the rectum and the anus, which opens into the exhalant chamber (Yonge, 1926).  

 

Figure 1.4. Internal anatomy of Ostrea edulis contained within the ventral valve. Large 

external arrows indicate the movement of water in and out of the oyster, plain and feathered 

internal arrows indicate movement of ingoing and outgoing water movement, respectively. 

Broken arrows, except in the gut, indicate currents under surfaces. Source: Yonge (1926). 
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Compared to other filter-feeders, oysters are highly selective, rejecting all the particles 

whose physical and chemical characteristics do not resemble those of the food they usually 

ingest (Ward and Shumway, 2004). O. edulis specifically can ingest particles between 0.6 ɛm 

and 363 ɛm diameter (Green, 2016). This is due to the more complex heterorhabdic gill 

structure and particle selection, which occurs through bidirectional transport both in the gills 

and labial palps (Ward et al., 1998, 2019). When the incoming water enters the inhalant 

chamber, the largest particles settle onto the mantle cavity, and they are immediately rejected 

through the exhalant chamber. The remaining particles are trapped in the gills where they are 

joined together by mucus and transported towards the mouth by the means of cilia. While 

transported, the large particles are continually separated and expelled into the mantle cavity, 

whilst the smaller particles sink into the basal part of the gills, from where they are transported 

to the labial palps. A further selection occurs in the labial palps, allowing the ingestion of only 

particles suitable for consumption. The ingested particles pass through the oesophagus and 

reach the stomach, where another selection occurs in the caecum. This time, particles are sorted 

based on mass, with light particles moving forward to the digestive diverticula and rectum for 

further digestion, and the heavier particles moving to the mid-gut to be expelled as faeces 

through the anus. All particles rejected before the ingestion are expelled through the exhalant 

chamber as ópseudofaecesô, by vigorous closure of the valves (Yonge, 1926). The number of 

algal cells ingested and retained by bivalves per unit of time (cells h-1) is usually referred to as 

feeding rate (Rajesh et al., 2001). Riisgård (2001a) also defined filtration rate (or pumping 

rate) as the volume of water flowing through the bivalve gills per unit time (L h-1), and 

clearance rate as the volume of water completely cleared of suspended particles per unit of 
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time (L h-1). Filtration rate is equivalent to clearance rate when all particles entering the mantle 

cavity are 100% efficiently retained by the bivalve gills (Rosa et al., 2018).  

Other internal organs include the heart, located near the adductor muscle and 

characterised by a dark pigmentation, and the gonad, which in reproductive state is usually 2-

3 mm thick (Walne, 1974). Due to the hermaphroditic nature of this genus, the gonads of the 

two sexes do not usually present any dimorphism, and the presence of sperm or eggs is the only 

indicator of sex differentiation. 

Flat oysters of the genus Ostrea are protandrous asynchronous hermaphrodites with a 

rhythmic consecutive sexuality (Marteil, 1976), functioning as males for the first two years 

until the onset of sexual maturity, and then they alternate female and male stages for the rest 

of their life (Orton, 1922; Cole, 1941; Walne 1974). This might be due to the faster and less 

energetically demanding process of proliferation of spermatogonia, compared to ovogonia 

(Coe, 1931a; Yonge, 1960). The change of sex can occur 2-3 times during a single reproductive 

season depending on environmental conditions (temperature and food availability) (Orton, 

1924; Yonge, 1960; Marteil, 1976; Couch et al., 1989; Martin et al., 1997; Helm and Bourne, 

2004; Eagling et al., 2017). In the UK, O. edulis frequently reproduces twice in summer, during 

extended warm periods and following peaks in phytoplankton production (Walne, 1974; Laing 

et al., 2006). However, sometimes the gonads do not empty completely, resulting in the 

presence of both types of gametes within the same oyster (Martin et al., 1997; Maneiro et al., 

2017b). O. edulis life span is usually five to ten years, although 18-24 years old individuals 

have been reported in the past (Roberts et al., 2010).  

The complex life cycle of O. edulis, shared by all species of the genus Ostrea, begins 

with the production and emission of gametes (Fig. 1.5). According to the definition of Allee et 

al. (1949), the production of male and female gametes is referred to as ófecundityô, although it 
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is often confused in the literature of O. edulis with the term ófertilityô, which instead refers to 

the production of embryos and larvae (Walne, 1964). The emission of gametes is known as 

óspawningô, whilst the release of embryos and larvae is referred to as óswarmingô (Colsoul et 

al., 2021). The spawning process involves the sperm casting, as spermatozeugmata, into the 

surrounding seawater by individuals functioning as males, while female oysters release the 

eggs into the mantle cavity. The spermatozeugmata are sperm clusters (mean diameter of 64 ± 

3 ɛm) consisting of a central acellular nucleus surrounded by an extracellular matrix, which 

holds the heads of the spermatozoa together, leaving the flagella free to move (Suquet et al., 

2018; Hassan et al., 2018). The central core of the spermatozeugmata contains vesicles denser 

than the surrounding seawater, which allow them to remain demersal in the water column 

(Foighil, 1989). The sperm is then taken by female individuals, through the inhalant siphon, 

into the mantle cavity, where it fertilises the eggs (Ó Foighil and Taylor, 2000; Laing et al., 

2005; Coe, 1932). 

 

 

Figure 1.5. Life cycle of Ostrea edulis, adapted from Helmer et al. (2019). Source: European 

Native Oyster Habitat Restoration Handbook, Preston et al. (2020a). 
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In order to ensure the timing of reproduction, it is crucial for the spawning to be 

synchronised. If the environmental conditions interfere with the emission of gametes, oyster 

reproduction could be hindered. Water temperature has been identified as the main spawning 

trigger, also dictating the length of the reproductive season (Seale and Zacheri, 2009). 

Depending on the latitude and geographical conditions, the minimum critical temperature for 

O. edulis is between 13 and 16°C (Marteil, 1976; Helm and Bourne, 2004), although spawning 

events have been observed at temperatures above and below this range (Bromley et al., 2016a). 

Therefore, the number of spawning events per year varies between different geographical 

regions, depending on the climatic conditions (Korringa, 1940). In the UK, for example, the 

spawning period begins in spring and terminates at the end of summer, during which native 

oysters usually spawn twice (Laing et al., 2005), whilst in Scandinavia the spawning season is 

usually shorter, with only one spawning event occurring every year (Yonge, 1960). Along with 

water temperature, O. edulis spawning seems to be triggered by other factors, such as the 

presence of gametes or other chemical cues in the column water (Gendreau, 1988), sudden 

salinity changes (Marteil, 1976), hydrodynamic conditions (Lubet, 1991), lunar and tidal cycles 

(Orton, 1927; Korringa, 1940; Walne, 1974; Martin et al., 1997).  

Since the fertilisation is internal, the success of O. edulis reproduction relies deeply, 

not only on the ratio between female and male individuals (sex-ratio), but also on the density 

of the breeding population (i.e., broodstock). As a reproductive strategy, Ostrea edulis and the 

other species of the genus Ostrea internally brood their larvae to protect the offspring during 

the first stages of development (Hopkins, 1935; Mardones-Toledo et al., 2015). The larvae 

remain in the mantle cavity for 8-10 days until fully formed (Orton, 1937; Foighil and Taylor, 

2000; Laing et al., 2005), although a delay in swarming may be observed at lower temperatures 
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(Spärck, 1925; Erdmann, 1935). The brooding period is longer for O. chilensis (Toro et al., 

1990; Chaparro et al., 1993). Post-fertilisation embryos develop first into trochophore larvae, 

with the ectodermal invagination and the development of a crown of cilia (Fernando and 

MacBride, 1931; Waller, 1981; Horst, 1884; Gendreau, 1988). The following secretion and 

enlargement of the shell promotes the development of trochophore larvae into veliger ñD-

shapedò larvae (Acarli and Lok, 2009). During development from trochophore to veliger, the 

larval mass in the mantle cavity gradually changes colour, highlighting three distinct 

development stages called white, grey, and black ósickô (McGonigle et al., 2016, 2020). 

Although larval mortality rates are low during the brooding period (Dantan and Perrier, 1913; 

Walne, 1974), dead larvae are thought to be ejected from the mantle cavity with pseudofaeces 

(Chaparro et al., 2018; Gray et al., 2019). Upon reaching the black sick stage, clouds of veliger 

larvae are released into the water column (swarming) through strong contractions of the 

adductor muscle and the opening of the shell (Erdmann, 1935; Waller, 1981; Acarli and Lok, 

2009). Swarming is triggered by increases in water temperature and is completed within a few 

hours with repeated larval ejections at short and long intervals. It is closely dependent upon the 

frequency of spawning and the duration of incubation, whilst it does not seem to be affected 

by slight differences in salinity and hydrodynamic conditions (Korringa, 1940).  

The fertility rate of O. edulis (number of larvae produced per oyster) is directly 

proportional to the size (mean diameter) and age of the brooding individual. A female oyster 

can release between 100,000 to 1.5 - 2 millions of larvae in a single swarming event (Walne, 

1974; Lapegue et al., 2006). However, these data are mostly referred to 1- to 7-year-old oysters, 

ignoring the older portion of the population and increasing the inaccuracy of these figures 

(Colsoul et al., 2021). There are significant discrepancies on the fertility rate of O. edulis 

available in the literature between different studies and authors, indicating a potential effect of 
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local abiotic factors on the larval breeding process, and consequently, on the oyster fecundity 

(Martin et al., 1997).  

Following the swarming, O. edulis larvae encounter a planktonic stage of 8-14 days, 

depending on local environmental conditions, during which they disperse in the water column 

and feed on phytoplankton (planktotrophic nutrition), until they reach the settlement stage 

(Gabbott and Holland, 1973; Waller, 1981; Laing et al., 2005; Lapegue et al., 2006). During 

this pelagic phase, the newly released veliger larvae (140-190 µm), characterised by a D-

shaped shell and a velum of long cilia used for locomotion (Cragg and Gruffydd, 1975), slowly 

develop and enter the óearly umboô stage in approximately 5 days. At this stage the umbo 

becomes slightly oval and the larvae more rounded. After 2-3 days, early umbo larvae enter 

the óumboô stage, with a fully developed umbo. After 5 more days, the umbo larvae reach the 

ópediveligerô stage (~300 Õm), developing important morphological features, such as a 

functional ciliated foot and an eye spot, which are used as indicators of larval competence for 

metamorphosis (Erdmann, 1935; Utting and Spencer, 1991; Helm and Bourne, 2004; Acarli 

and Lok, 2009).  

The larval behaviour (Fig. 1.6) changes as the pediveliger larvae sink and move along 

the substrate, extending their foot towards the benthos searching for a suitable settlement 

surface to attach permanently (Cole and Knight-Jones, 1949; Acarli and Lok, 2009; Rodrigues-

Perez et al., 2019), suggesting the larval foot may have both mechanosensory and 

chemosensory capabilities (Cranfield, 1973). If the surface is unsuitable, pediveliger larvae 

move off seeking a more suitable substrate. This temporary and reversible settlement stage can 

take up to three days, eventually leading to the death of the larvae if a suitable substrate is not 

found. Although O. edulis larvae can settle on different types of hard substrates (e.g., shells, 

rocks, artificial materials), they display gregarious behaviour with a preference for adult 
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individuals of the same species (Bayne, 1969; Rodrigues-Perez et al., 2019). If  a suitable 

substrate is detected, pediveliger larvae settle permanently by cementing themselves to the hard 

substrate, and undergoing the irreversible metamorphosis stage (Walne, 1974; Helm and 

Bourne, 2004).  

 

 

Figure 1.6. Oyster larval behaviour during the reversible settlement stage (1ï3) and 

irreversible metamorphosis stage (4ï5). Source: Weiner et al., 1989. 

 

During the cementation the larvae move back and forth, while the byssal gland at the 

base of the foot excretes the cement. Subsequently, the periostracum is secreted from the 

mantle and the ventral valve of the larvae is fixed to the cement, becoming sessile (Harper, 

1992). Following permanent cementation, the larvae are now classified as ójuvenilesô, óspatô or 

óseedô (Walne, 1974; Laing et al., 2005), and metamorphosis occurs via a series of 

morphological and physiological changes. The larval foot, velum, and eyespot disappear, while 

the gills start to form, and the adductor muscle moves to a more central position (Waller, 1981). 

After a few days, the body of the spat is completely formed, and the recruitment is completed. 
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The juveniles continue to grow into the adult form, and within 2-3 years they are able to 

produce the first offspring (sexual maturity) (Orton, 1937), although significantly reduced 

numbers of larvae can be brooded and released during the first year post-recruitment (Gerbe, 

1876; Lacaze-Duthiers, 1893; Orton, 1922; Merk et al., 2020).  

 

1.1.2 Ecosystem services  

Oysters are ñecosystem engineersò which, settling and growing on each other, are able 

to create biogenic complex three-dimensional structures, mainly calcareous, also known as 

ñoyster reefsò (Reise, 2005; OSPAR, 2009; Christianen et al., 2018; Merk et al., 2020). In 

Europe, native oysters once formed extensive beds and reefs along North Atlantic coastlines 

and in the North Sea, even in offshore regions of moderate depth (Olsen, 1883; Gercken and 

Schmidt, 2014).  

Although oyster reefs are mainly built up by oysters, therefore occurring at high 

densities, they are hot spots of biodiversity (Wells, 1961; Zimmerman et al., 1989; Beck et al., 

2011). Many species of marine flora and fauna are dependent on hard substrate either directly 

because they attach themselves to it, or indirectly (Smaal et al., 2015). Forming a hard surface 

over soft sediments and a significant vertical relief on otherwise unstructured seafloor, these 

reefs provide food, habitat and shelter for many other species (Reise, 2005; OSPAR, 2009; 

Smyth and Roberts, 2010), also functioning as a nursery for many species of fish (Coen et al., 

1999; Harding and Mann, 2001; Peterson et al., 2003; Tolley and Volety, 2005; Humphries 

and La Peyre, 2015) and as a fundamental settling substrate for oyster larvae itself (Pogoda, 

2019). 

Besides harbouring a highly biodiverse community, oyster reefs play an important role 

in marine coastal ecosystems, providing a wide range of valuable and essential ecosystem 
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services (Coen et al., 2007; Beck et al., 2011) (Fig. 1.7). As active filter-feeders, oysters 

remove suspended material from the water column, leading to better water clarity and quality 

(Smaal et al., 2015; Pogoda, 2019). A single native oyster can filter up to 50 gallons of water 

per day (about 200 litres), whilst a one-hectare oyster reef may remove and deposit over 7.5 

tonnes of suspended sediment per year (Harding et al., 2016). The resulting increased light 

penetration benefits submerged aquatic vegetation increasing the productivity of the habitat (zu 

Ermgassen et al., 2012). Moreover, the improved water clarity encourages tourism and 

recreational activities such as sport fisheries (Grabowski et al., 2012). By filtering the water, 

oysters also remove excess nutrients mediating nitrogen and carbon cycles in coastal bays and 

estuaries (Piehler and Smyth, 2011; Kellogg et al., 2013; Smyth et al., 2013; Lee et al., 2020). 

The removal of anthropogenic nitrogen from the water column and the surrounding sediments 

(Newell et al., 2005; Grabowski and Peterson, 2007) also helps reducing the chance of toxic 

algal blooms. Since nutrient removal and achieving nitrate neutrality is a high priority for 

stakeholders and policy makers, the nutrient remediation provided by oyster reefs may translate 

into a high economic value (Preston et al., 2020a).  

 

 

Figure 1.7. Ecosystem services provided by Ostrea edulis. Source: European Native Oyster 

Habitat Restoration Handbook, Preston et al. (2020a). 
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Oyster reefs alter water flow patterns and attenuate wave energy, also stabilising the 

sediment. Consequently, they are currently being promoted as an alternative and self-sustaining 

system to protect the shoreline and critical estuarine habitats, such as salt marshes. This is 

particularly important as climate change and sea level rise continue impacting coastal 

shorelines (La Peyre et al., 2015).  

A key biological process provided by oyster reef ecosystems is their capacity to capture 

food and nutrients from the water column and transfer them to the benthos; bentho-pelagic 

coupling (Newell, 2004; Coen et al., 2007). The drawdown of plankton and seston from the 

water column through the filter feeding of oysters and the subsequent production of oyster 

biomass, faeces and pseudo faeces, cleans the water-column and enriches the benthos with 

nutrients that underpin the productivity of benthic fauna and vegetative communities (Dame et 

al., 1984; Newell and Koch, 2004), while facilitating microbial activity that positively 

influence nitrogen and phosphate re-mineralization (Kellogg et al., 2013). Beyond the 

ecological, the economic and cultural benefits provided by oyster reefs are substantial 

(Grabowski et al., 2012; Kaspar, 2014; Harding et al., 2016). Oyster reefs can be considered 

as areas suitable for fishing and harvesting, providing important commercial services and 

supporting coastal fisheries (Grabowski and Peterson, 2007; Smaal et al., 2015; Pogoda, 2019). 

 

1.1.3 Decline of native oyster populations 

In the past decades several detrimental factors contributed to the severe decline of native oyster 

reefs across Europe and the UK. These factors are summarised in Figure 1.8. 
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Figure 1.8. Factors that negatively affect Ostrea edulis populations and their interconnecting 

relationships. Source: adapted from Helmer et al., 2019.  

 

1.1.3.1 Overexploitation of natural stocks 

In Europe, Ostrea edulis has been a harvested species for at least 6000 years and an 

important aquaculture species throughout the 20th century (Lapègue et al., 2006; Vera et al., 

2019; Helmer et al., 2019). Earliest records identify O. edulis shell middens from the 

Mesolithic period (Guti®rrez-Zugasti et al., 2011) and cultivation during the Roman Empire 

(Gunther, 1897), proving the long history of extraction for human consumption. The first 

documentation of oyster production methods based on scientific knowledge is Aristotleôs 

ñTreatise on animal generationò from the 4th century, which documented production testing 

and the history of seed breeding and collection (Barthelemy-Saint Hilaire, 1887). Before then, 

the approach was not based on scientific understanding. During the 1st century a Roman named 

Sergius Orata successfully established oyster beds in the area of Puteoli (now Pozzuoli, city of 

the southwestern Italian region Campania) for the first time (Coste, 1861; Locard, 1900). Since 
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then, Italy has been European leader in marine mollusc farming methods until the 19th century 

(Colsoul et al., 2021).  

Unfortunately, overfishing has led to the destruction of oyster reefs worldwide 

(Lapègue et al., 2006). Globally, an estimated 85% of oyster reefs and associated habitat have 

been lost (Beck et al., 2011; Harding et al., 2016), resulting in ecological decline due to the 

loss of ecosystem services provided by oysters (Cranfield et al., 1999, Carbines et al., 2004). 

For centuries the European native oyster has been heavily fished as a valuable resource, leading 

to the anthropogenic habitat destruction and its functional extinction (Gercken and Schmidt, 

2014). In Europe, 90% to 99% of native oyster reefs have been lost (Beck et al., 2011). Natural 

stocks have been exploited until fisheries were no longer economically viable (Pogoda, 2019). 

This drastic decline can be connected to industrialisation. Traditional oyster harvesting was 

performed by sailing cutters and iron dredges, but the introduction of powered dredging vessels 

and more efficient harvesting techniques dramatically increased catch sizes (Berghahn and 

Ruth, 2005; Lotze et al., 2005; Thurstan et al., 2013; Duch°ne et al., 2015). Removing large 

quantities of oyster shell led to the destruction of these highly valuable biogenic reefs (Yonge, 

1960; Mºbius, 1877). The development of railway infrastructure also allowed the 

transportation of massive amounts of oysters to the big cities. In Europe overexploitation of 

the native oyster O. edulis was an accepted practice and it is well documented in fisheries 

reports and archives of Scotland, England, Wales, Ireland, Germany, France, the Netherlands, 

and Belgium. Nevertheless, overfishing led to a decline of native oyster populations and in 

some areas, such as Belgium and Germany, even to their functional extinction (OSPAR, 2009; 

Gercken and Schmidt, 2014). Today, natural flat oyster reefs have vanished or are in a degraded 

state throughout their geographical range, with limited ecological function (Anon, 2007; 



Chapter 1. General Introduction 

 

 19 

Thurstan et al., 2013). Once considered food of the poor, native oysters have now become a 

relatively rare and expensive delicacy throughout Europe (Neild, 1995; Kaspar, 2014).  

Across the UK O. edulis populations remained large and flourishing until the early 19th 

century (Key and Davidson, 1981; Edwards, 1997), but by mid-century the demand was 

already too high. In 1864 approximately 700 million oysters were consumed in London alone 

(Philpots, 1890 in Edwards, 1997). About a hundred years later, landings of native oysters 

massively decreased, affecting the national production of oysters. From 3,500 tonnes in 1887, 

less than 500 tonnes of oysters have been fished in 1947 (Laing et al., 2006; Gercken and 

Schmidt, 2014). The current distribution of O. edulis across the UK represents only a fraction 

of the historic distribution, with many oyster reefs completely depleted and a few remaining 

populations found predominantly in subtidal habitats (Gross and Smyth, 1946; Laing et al., 

2006; Culloty and Mulcahy, 2007).  

The decline of native oyster populations is reflected in the Solent, which between 1972 

and 2006 was one of the largest self-sustaining native oyster fisheries in Europe (Key and 

Davidson, 1981). In 1978, 450 vessels were involved in oyster fishing between Weymouth and 

Chichester, and at least 700 fishermen relied on oysters for a substantial part of their income 

(Helmer et al., 2019). In early 80's oyster reef density was still high in the area, with about 32 

oysters per m2 (Key and Davidson, 1981). However, the relative ease of access to this habitat 

facilitated the continued unsustainable extraction which, alongside other environmental and 

anthropogenic pressures, led to chronic population decline (Davidson, 1976; Key and 

Davidson, 1981; Tubbs, 1999; Vanstaen and Palmer, 2009). In 2007 a crash in oyster 

population was reported, and in 2011 the annual stocks had decreased from 200 to 20 tonnes 

(Kamphausen, 2012; Helmer et al., 2019). Due to a failure of stocks to recover, the IFCA 

(Inshore Fisheries and Conservation Authority) was forced to close the wider Solent to oyster 
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fishing between 2013 and 2015, in order to protect the remaining stock (Southern IFCA 2014 

in Gravestock et al., 2014; Harding et al., 2016). 

 

1.1.3.2  Invasive non-native species (INNS) 

The depletion of European stocks of O. edulis by overfishing led to several restocking 

projects. In the 19th and 20th centuries, adults and juveniles of both native and non-native 

oysters were translocated within Europe and from non-European countries to support the 

failing aquaculture industry (Bromley et al., 2016a; Pogoda, 2019). However, these shellfish 

movements are mostly responsible for the introduction of pests and parasites in Europe (Utting 

and Spencer, 1992). The first shipments of the Pacific oyster Magallana gigas (Thunberg, 

1793), formerly Crassostrea gigas, to the UK for aquaculture purposes started in 1890, but no 

wild recruitment was recorded until the mid-1960s, when it started to proliferate throughout 

Europe and the UK (Utting and Spencer, 1991; Spencer et al., 1994; Humphreys et al., 2014). 

In some places it has also become naturalised (Ruesink et al., 2005). For example, in southwest 

Netherlands (Oosterschelde estuary) in 1975 (Smaal et al., 2009), in Northern Ireland 

(Strangford Lough) (Guy and Roberts, 2010), Scotland (Smith et al., 2015), Sweden and 

Norway (Wrange et al., 2010) from the 1990s, and in the East Frisian Wadden Sea (North Sea) 

between 2003 and 2005 (Brandt et al., 2008). In England, multi-generational aggregations have 

established near M. gigas aquaculture since the 1990s, with the greatest extent of settlement 

occurring in the south-west and south-east coasts (Syvret et al., 2008; McKnight, 2009). The 

potential for competition between the non-indigenous M. gigas and the native oyster O. edulis 

has been the subject of debate for many years. In Europe, initial observations suggested that 

the presence of M. gigas would not affect O. edulis populations, since the two species tend to 

occupy different niches (Walne and Helm, 1979, Reise, 1998). Having a more limited range of 
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tolerance to salinity, O. edulis is commonly found in subtidal or low interdital zone, whilst M. 

gigas usually occupies the mid to low intertidal zone (Askew, 1972). However, recently it has 

been recognised that the two species are not necessarily spatially separated (Bodvin et al., 

2010; Tully and Clarke, 2012; Dolmer et al., 2014; Zwerschke et al., 2016), suggesting that M. 

gigas and O. edulis could co-occur, competing for food and space. Although there are still 

knowledge gaps around competitive interactions between the two species, as a non-indigenous 

species, M. gigas might be more resilient than the native species to environmental stress, such 

as fluctuations of salinity (Miossec et al., 2009; Havenhand and Schlegel, 2009), and less 

vulnerable to parasites (Romestand et al., 2002; Comesaña et al., 2012), resulting 

competitively superior. A further spread of M. gigas across Europe might lead to a detrimental 

competition with the native oyster O. edulis, and large-scale biogeographic shifts in coastal 

marine communities (Havenhand and Schlegel, 2009; Dutertre et al., 2010; Thomas et al., 

2016).  

Through imports of Magallana gigas, another non-native species, the gastropod 

Crepidula fornicata, was introduced to the UK in the late 19th century (Crouch, 1893; Cole, 

1915; McMillan, 1938). This mollusc is currently considered a pest, representing a major threat 

across Europe, particularly in the Solent (McMillan, 1938; Hoagland, 1985; Minchin et al., 

1995; Blanchard, 1997). Being tolerant to wide ranges of temperature and salinity, in addition 

to the absence of natural predators, allowed it to grow fast (Dodd, 1893; Laing et al., 2005), 

reaching extremely high densities in a relatively short period of time throughout many areas of 

Europe (Boyle, 1981; Blanchard, 1997, 2009; Davis and Thompson, 2000; Thieltges et al., 

2003) and the UK  (Orton, 1950; Chipperfield, 1951; Cole and Baird, 1953; Barnes et al., 1973; 

Minchin et al., 1995; Helmer et al., 2019). Long-term survey data revealed that numbers of O. 

edulis sampled within Chichester Harbour have decreased by 96%, in contrast with numbers 
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of the slipper limpet C. fornicata which have increased by 441%, over a 19-year period (Helmer 

et al., 2019; Preston et al., 2020b). This rapid expansion is causing both ecological and 

economic impacts, despite some claims about C. fornicata increasing the biodiversity of 

benthic communities in muddy sediments (de Montaudouin and Sauriau, 1999). Through the 

production of mucoidal pseudo faeces, C. fornicata transforms the substrata from mainly sandy 

to muddy. The new muddy substrate, usually characterised by a high organic content, can 

rapidly become anoxic and unsuitable for many other species (Streftaris and Zenetos, 2006). 

Through this habitat modification, C. fornicata negatively affects not only the local benthic 

biodiversity (Vallet et al., 2001) and the association of juvenile fish (Le Pape et al., 2004), but 

also growth, survival, and larval settlement of bivalves (Crouch, 1893; Barnes et al., 1973; 

Blanchard, 1997; Thieltges, 2005; Fulford et al., 2011, Bromley et al., 2016b), including 

oysters. Ostrea edulis recruitment is also hindered by adults of C. fornicata capable of ingesting 

oyster larvae (Pechenik et al., 2004). Moreover, owing to C. fornicataôs feeding regime and 

preference for similar habitats to O. edulis, the invasive slipper limpets can compete with native 

oysters for space and food, exercising a detrimental effect on native oyster populations and 

habitat (de Montaudouin et al., 1999; Laing et al., 2005; Preston et al., 2020b). In the Solent, 

the competitive exclusion by C. fornicata is preventing O. edulis stocks from recovering, 

despite fishery closures and oyster restoration efforts on the seabed. Without effective 

intervention to mitigate the benthic dominance by C. fornicata, through biologically relevant 

fishery policy and management of suitable recruitment substrate, native oyster populations of 

Solent could be definitely lost (Helmer et al., 2019). 
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1.1.3.3 Pathogens and diseases 

The translocation of shellfish and shell material over the past century, also contributed 

to the accidental introduction of pathogens, such as bacteria, protozoa and viruses, causing 

diseases and mortalities within O. edulis populations. Recent epidemic outbreaks largely 

contributed to the demise of flat oyster wild stocks in Europe and the UK (Orton, 1923, 1937; 

Marteil, 1976; Grizel, 1985; Héral, 1990; Helm and Bourne, 2004; Laing et al., 2005). For 

example, the introduction of the Haplosporidia protozoan Bonamia ostreae, which is the 

obligate intrahaemocytic parasite responsible for the disease Bonamiosis (Pichot et al., 1980; 

Wood and Fraser, 1996; Carnegie and Cochennec-Laureau, 2004; López-Flores et al., 2007; 

Sas et al., 2020), has occurred during the transplant of O. edulis juveniles from Californian 

hatcheries to France (MacKenzie et al., 1997; Bromley et al., 2016a). In Europe it was first 

detected in Brittany in 1979 (Pichot et al., 1980), and in England later in 1982, following an 

unexplained mortality in the rivers Fal and Helford in Cornwall (Bucke and Feist, 1985). Since 

then, the disease has widely spread across Europe through translocation of infected stock (van 

Banning, 1987; Grizel et al., 1988; Lynch et al., 2005; Culloty and Mulcahy, 2007; Lallias et 

al., 2008; Sas et al., 2020). B. ostreae is currently present in many European countries (France, 

Ireland, Italy, Netherlands, Denmark, Spain and the UK), Canada, Morocco, and the USA 

(Carnegie and Cochennec-Laureau, 2004). In the UK Bonamiosis mostly occurs in the South 

and East coasts of England. Particularly affected are the harbours in the Solent, presenting high 

infection rates (Helmer et al., 2019). Over the past decades, Bonamiosis has severely impacted 

O. edulis, causing mass mortalities of up to 90% of native oyster populations (Figueras, 1991; 

Cigarria et al., 1995; Laing et al., 2005). Consequently, it caught the attention of the whole 

scientific community (Sas et al., 2020). Native oysters can be infected from the larval stage 

onwards, with oyster larvae acquiring the pathogen from the surrounding water or from the 
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pseudofaeces of brooding adults (Arzul et al., 2011; Flannery et al., 2016). Nevertheless, 

Bonamiosis seems to affect mainly oysters older than two years old, with usually lower 

infection rate in younger oysters (Grizel, 1985; Héral, 1990; Culloty et al., 2004; Lynch et al., 

2005). Studies have proved the direct transmission of the parasite from oyster to oyster (Culloty 

et al., 1999), although the possibility of other life cycle stages, such as intermediate host, being 

involved has not been excluded yet (Laing et al., 2005). Van Banning (1990) suggested a 

presumptive life cycle in which the infectious phase might be confined in the ovarian tissue of 

O. edulis, although there is some evidence suggesting that gills might be the first part of the 

oyster body being infected (Montes et al., 1994). To date still little is known about biology and 

life cycle of Bonamia ostreae (Helmer et al., 2020). The pathology seems to be correlated to 

haemocyte destruction and diapedesis (the passage of blood cells into the surrounding body 

tissue) (Balouet et al., 1986; Abollo et al., 2008). Once it infects the haemocytes, the parasite 

becomes systemic within the oysters, inducing physiological disorders and eventually leading 

to the death of the animal (Grizel, 1985; Grizel et al., 1988; Arzul et al., 2006). The effects of 

B. ostreae on oyster health, however, depend on both host and environmental conditions, with 

some oysters dying from light infections and others from much heavier exposures to the 

parasite. Oyster susceptibility to B. ostreae infection seems to be related to oyster density, 

water depth and seasons, with high infection and mortality rates found to be predominantly 

associated with high oyster densities, intertidal zones and warm seasons (Lama and Montes, 

1993; Culloty and Mulcahy, 1996). When infected, some oysters may develop yellow 

discolouration or show visible lesions in the gills, mantle, and digestive tissue, while some 

others may not show any morphological differences. As an alternative to traditional 

histological techniques, PCR assays and molecular probes have been developed in the past 

years to detect B. ostreae in oyster tissues (Carnegie et al., 2000; Cohennec et al., 2000). 
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Although Bonamiosis is highly contributing to the decline of native oyster populations 

all-around Europe, disease management regulations are being established to prevent and avoid 

a further spread of pathogens when translocating oysters to production or restoration sites (Sas 

et al., 2020). Moreover, some resistance to the disease can be developed through selective 

breeding programs, promoting a genetic advantage against infections (Elston et al., 1987; Baud 

et al., 1997; Naciri-Graven et al., 1998; Culloty et al., 2001; Lallias et al., 2009; Morga et al., 

2012; 2017; Lynch et al., 2014; Vera et al., 2019). Disease resistance has been defined as the 

reduced susceptibility to infections, through the neutralisation of parasites virulence and the 

active suppression of their ability to proliferate (Holbrook et al., 2021). This means that 

parasites are unable to either infect the host or reproduce within its tissues. Several studies are 

currently being conducted to estimate the heritability of Bonamia-resistance and to develop 

large-scale selective breeding programmes for O. edulis restorative aquaculture (Colsoul et al., 

2021). The use of Bonamia-exposed oyster populations has also been proposed as a valuable 

alternative to address the lack of disease-free broodstock for restoration, as they may develop 

disease-tolerance and/or disease-resilience, leading to a reduced susceptibility to the parasite 

compared to Bonamia-naïve populations (Naciri-Graven et al., 1998; Råberg et al., 2007; 2009; 

Schneider and Ayres, 2008; Cao et al., 2009; Ferrandon, 2009; Gunderson et al., 2010; Louie 

et al., 2016; Richardson, 2016). Disease tolerance is the ability of the host to survive and retain 

fitness regardless of the parasite presence and proliferation in its tissues, whilst disease 

resilience is the ability to recover from illness (Holbrook et al., 2021). However, the 

employment of Bonamia-positive oyster populations for restoration practices is still under 

debate due to its potential biosecurity implications and ecological impacts. 

Another disease affecting native oyster populations is Marteiliosis, also known as 

óAbers diseaseô. It is caused by the Paramyxida protozoan parasite Marteilia refringens, which 
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spread all over France from 1968 onwards (Héral, 1990). M. refringens can now be found in 

several European countries (Albania, Croatia, France, Greece, Italy, Morocco, Portugal, 

Slovenia, Spain, Sweden, Tunisia and the UK), affecting the digestive system of oysters and 

causing up to 90% mortality among native oyster populations. However, the spread of this 

disease across Europe was never thoroughly documented (Carrasco et al., 2015). Pathogens 

such as B. ostreae and M. refringens, not only cause massive mortality of wild stock (Pogoda 

et al., 2019), but they also negatively affect the aquaculture production of commercially 

important species, resulting in massive financial losses (Carnegie and Cochennec-Laureau, 

2004; Sas et al., 2020). 

 

1.1.3.4 Other stressors 

Multiple other detrimental factors contributed to the catastrophic decline of O. edulis, 

such as shell-boring parasites (e.g., polychaetes of the genus Polydora and sponges of the genus 

Cliona) (Lauckner, 1983; Hoeksema, 1982; Robert et al., 1991; Rosell et al., 1999), predation 

(e.g., the European sting tingle Ocenebra erinacea, the Atlantic oyster drill Urosalpinx cinerea, 

the Atlantic dogwinkle Nucella lapillus, the Japanese oyster drill Ocinebrellus inornatus, the 

Asian rapa whelk Rapana venosa, the common starfish Asterias rubens, the brown crab Cancer 

pagurus, and the shore crab Carcinus maenas) (Philpots, 1890; Hancock, 1954; Whilde, 1985; 

Mascaró and Seed, 2001a; Mascaró and Seed, 2001b; Garcia-Meunier et al., 2002; Zolotarev 

and Terentyev, 2012), municipal and industrial pollution (e.g., heavy metals, TBT, 

microplastics) (Thain and Waldock, 1986; Lee, 1991; His et al., 1999; Jones et al., 1999; 

Green, 2016; Fabra et al., 2021), habitat degradation via dredging (Korringa, 1976; Kaspar, 

2014), severe winters and climate change (Orton, 1940; Korringa, 1952; Waugh, 1964), 
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changes in abiotic conditions such as salinity, sedimentation, hypoxia and water flow due to 

shoreline modification (Beck et al., 2011; Pogoda, 2019).  

 

1.1.4 Restoration of Ostrea edulis  

The recent decline of O. edulis populations caused the loss of a wide range of ecosystem 

services and associated socio-economic benefits that this species provides (Coen et al., 2007; 

Haelters and Kerckhof, 2009; Grabowski et al., 2012). The reduction in oyster reef coverage 

can lead to a major drop in species richness and fin-fish stocks (Laing et al., 2005), affecting 

catches for both commercial and recreational fishing. Large-scale removal of oysters can also 

cause water quality issues, leading to increased nutrient levels, algal blooms and anoxic 

conditions. The Solent is a clear example of an area subject to many interlinked environmental 

problems (e.g., overfishing, diseases, invasive species, water pollution and habitat loss) which 

drastically affected the local native oyster populations, reducing the provision of ecosystem 

services and changing the structure and function of the whole ecosystem (Harding et al., 2016). 

Because of these valuable ecosystem services, in Europe, the conservation of native oyster 

reefs is being prioritised and considered a potential natural solution, not only to mitigate the 

impacts of climate change, coastal eutrophication and habitat degradation (zu Ermgassen et al., 

2016; Fariñas-Franco et al., 2018; Cohen-Shacham et al., 2019; McLeod et al., 2019), but also 

to create more sustainable livelihoods and support the economy in local areas (Grabowski et 

al., 2012; Harding et al., 2016).  

Being identified as one of the most threatened species requiring conservation action at 

European and national levels, O. edulis was added to the OSPAR List of Threatened and/or 

Declining Species and Habitats (OSPAR List of Threatened and/or Declining Species and 

Habitats 2008a, 2008b, 2008c; OSPAR Commission, 2011), contributing to the objectives 
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defined by the OSPAR Convention for the Protection of the Marine Environment of the North-

East Atlantic, the EU Marine Strategy Framework Directive (2008/56/EC), and the EU 

Habitats Directive (92/43/EEC) (Pogoda, 2019). In the UK, it was also included within the 

Biodiversity Action Plan (UKBAP, 1999; Gardner and Elliott, 2001), and the Native Oyster 

Species Action Plan (NOSAP) (Hawkins et al., 2005; Kaspar, 2014). The Biodiversity Action 

Plan was set by the International Convention on Biological Diversity as part of the UK 

contribution to meet global biodiversity targets, and it provides detailed plans for the 

conservation of native oyster populations, to address and potentially reverse their decline trend 

(Anon, 1999; Laing et al., 2005; Harding et al., 2016). The Native Oyster Species Action Plan, 

led by the Shellfish Association of Great Britain, aims to increase the abundance of native 

oysters and expand their existing geographical distribution within the UK inshore waters 

(Laing et al., 2005).  

 

1.1.4.1 Oyster habitat restoration 

Ecological restoration dates back to the 1860s, when the focus was mainly terrestrial 

reforestation, and is described as the process of assisting the recovery of a damaged or degraded 

ecosystem and a valuable tool for mitigation and active conservation (Gann et al., 2019). The 

restoration of oyster habitats is considerably different from reseeding and restocking activities, 

which aim at supporting commercial exploitation and market demands. The main goal of 

restoration is to re-establish self-sustaining oyster reefs, characterised by survival, growth and 

reproduction of adult oysters, and high larval recruitment (Survival, Growth, Reproduction, 

and Recruitment conceptual model - SGRR) (Sas et al., 2019). Therefore, it requires thorough 

feasilibity and planning beforehand to ensure the success of the operation (Preston et al., 
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2020a). For this reason, restoration programmes often start with small-scale projects designed 

to test methods and approaches (Fig. 1.9).  

 

 

Figure 1.9. Typical timeline of a native oyster restoration project. Source: European Native 

Oyster Habitat Restoration Handbook, Preston et al. (2020a). 

 

The first step of pilot projects usually involves a baseline survey to select a suitable 

location (site selection), possibly predicting survival, growth, and reproduction performances 

at that specific area. A range of physical, biological, and chemical factors, such as the presence 

of pests, diseases, competitors, predators, pollutants, destructive fishing practices, and 

unfavourable environmental conditions, could prevent/inhibit the re-establishment of oyster 

populations, limiting the success of oyster restoration (Pogoda et al., 2011; Smaal et al., 2015; 

Preston et al., 2020a). Since adult oysters are sessile and incapable of migration, the recovery 

of natural oyster reefs strictly depends on larval recruitment. For this reason, the dynamics of 



Chapter 1. General Introduction 

 

 30 

oyster recruitment in the selected areas should be also investigated before attempting any 

restoration activity (Laing et al., 2005; Kaspar, 2014). In order to assess the effectiveness of 

restoration strategies during the entire duration of the pilot project, it is essential to develop 

and establish a monitoring programme, which can include a wide range of metrics, from 

universal (e.g., oyster size and density) to restoration goal-based ones (e.g., biodiversity and 

primary productivity) (zu Ermgassen et al., 2021). Non-destructive monitoring techniques are 

usually prioritised as less invasive (e.g., scuba diving and remote-controlled video surveys). 

Since oyster recruitment is crucial to evaluate the success of restoration project, the assessment 

of the larval density in the column water (morphological or PCR analysis) (Morgan and Rogers, 

2001) and larval settlement on the substrates (deployment of seed collectors) are usually 

included in the monitoring programmes. In some cases, such as offshore restoration projects, 

the risk of failure is significant due to unregulated exploitation of restored stocks. This 

highlights the crucial need for security measures to protect the stock both practically and legally 

throughout the entire project (Kaspar, 2014). 

Once the pilot research has ended, and the feasibility of the selected sites and the 

restoration and monitoring strategies has been proved, the project can be finally scaled-up. This 

usually requires the investment of large funds, considering that oyster reefs can take up to 

several years to be re-established and self-sustaining (Fitzsimons et al., 2019). However, 

ultimately the gains would outweigh the costs, since oyster reefs provide, not only important 

ecosystem services, but also social and economic benefits related to functioning fisheries 

(Laing et al., 2005; McClenachan et al., 2015). Therefore, the restoration of oyster habitats 

must be considered as part of a strategic business plan addressing technical and biological 

feasibility, financial viability, and both short and long-term benefits. 
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Several different approaches can be used to restore oyster reefs, ranging from natural 

to assisted regeneration, or reconstruction approaches (Fitzsimons et al., 2020). An example of 

natural regeneration is the establishment of oyster sanctuaries, which can facilitate the recovery 

of endangered oyster reefs already present in a certain area (Laing et al., 2005). In these 

protected areas harvesting is strictly prohibited, and regulatory measures are kept in place by 

oyster fisheries management to maintain adequate stock sustenance (Laing et al., 2005; Helmer 

et al., 2019). In order to select the most suitable approach, it is necessary to determine if the 

lack of oyster populations is due to the site being órecruitment-limitedô, ósubstrate-limitedô, or 

both, before any active restoration can take place (Brumbaugh and Coen, 2009; Gann et al., 

2019).  

Recruitment-limited environments are characterised by the absence of a strong breeding 

population, leading to lack of larval supply and insufficient settlement and recruitment to 

promote natural reef regeneration, even if the physical conditions are favourable. Being an 

ovoviviparous species, O. edulis reproduction depends on broodstock density to a greater 

degree than oviparous species, such as the Pacific oyster Magallana gigas, reproducing by 

broadcast spawning (Helmer et al., 2019). This means that, in some areas of Europe, 

broodstock density might be too low to ensure synchronous spawning and a sufficient 

production of larvae. Mazic et al., (2015) explained how small populations may also lead to 

loss of genetic diversity, making the next generations even more vulnerable to diseases and 

other stressors. In this case an alternative approach, involving the seeding of oyster larvae, 

juveniles, or adults, might represent a valuable and effective oyster restoration strategy 

(Brumbaugh et al., 2000a, b; Luckenbach et al., 2005; Lallias et al., 2010). Although larvae 

are easier to transport, their post-translocation mortality is often high due to a mix of 

detrimental factors, such as food availability, environmental and hydrodynamic conditions, 
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presence of predators, and nature and availability of settlement substrates (Smyth et al., 2018; 

Colsoul et al., 2020). From an ecological and economic perspective, the use of juveniles still 

represents the most effective strategy option, because they are óhalf-grownô and possibly 

available in larger quantities than adults (Laing et al., 2005; Fitzsimons et al., 2019). Moreover, 

the risk of transferring pathogens and invasive species is higher when translocating adult 

oysters (Bromley et al., 2016a; Pogoda et al., 2019).  

Areas characterised by failures in larval recruitment, despite the presence of strong 

breeding populations, are referred to as substrate-limited because they lack reef structure to 

which larvae can attach and settle (Fitzsimons et al., 2019). The availability of suitable 

substrates is a key requirement for a successful oyster larval settlement, with larvae showing a 

distinct preference for the shells of their own species, and particularly for living oysters 

(Rodriguez-Perez et al., 2019). The large-scale removal of, not only breeding populations, but 

also the associated shell material, has contributed to the reduction of natural recruitment and 

the drastic decline of oyster habitats worldwide (Korringa, 1941; Lapegue et al., 2006; Airoldi 

and Beck, 2007; Smaal et al., 2015; Preston et al., 2020a, b). Larval settlement can be 

encouraged by providing extra hard substrates with the deployment of settlement material, also 

known as ócultchô. Bivalve shells, in particular mussel, scallop, and oyster shells, are typically 

used as settlement material. Scallop and oyster shells are heavier and less likely to be removed 

by tides and currents when placed onto the seabed, therefore, they might represent a more 

valuable and suitable option, in the context of ecological restoration (Powers et al., 2009, 

Schulte et al., 2009). Shell material is usually supplied by commercial shellfish processing 

facilities or restaurants, as part of shell recycling initiatives. Before the deployment, all shells 

should be óagedô in the sun for months to ensure the removal of pathogens (Bushek et al., 2004; 

Fitzsimons et al., 2019). Other materials, such as recycled concrete and limestone rocks, have 
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also been used successfully as a settlement substrate, although these are mainly recommended 

for areas characterised by a shortage of biogenic material (Clark et al., 2013; Crawford, 2016). 

Nevertheless, it is quite common for restoration sites to be both recruitment and 

substrate limited. In this case, a combination of the previously described methods, including 

the deployment of settlement substrates first and then the oyster seeding, is the best practical 

approach. In sporadic cases, some restoration sites can be characterised by low larval 

recruitment, despite the presence of both strong breeding populations and settlement substrates. 

This might be due to the multiple factors affecting larval survival in the column water, which 

must be removed completely to ensure the success of the restoration project (Helm et al., 1991; 

Laing et al., 2005). Being able to identify whether the issue is recruitment, substrate, or both, 

does help case by case in the selection of the most suitable restoration strategy. 

 

1.1.4.2 Current native oyster restoration networks 

Despite the numerous restoration initiatives established and conducted by the single 

European countries in the past decade, more effective anthropogenic interventions were 

urgently needed to prevent and avoid O. edulis functional extinction. For this reason, UK and 

EU restoration networks were recently formed to establish a more unified and collaborative 

approach. Valuable knowledges, available in the literature, on oyster habitat restoration 

practices (Baggett et al., 2014) and management strategies for future conservation efforts (zu 

Ermgassen et al., 2016), have been frequently used within the networks to define specific 

restoration requirements for O. edulis. 

In 2018, the Zoological Society of London and the University of Portsmouth created 

the Native Oyster Network UK & Ireland (NON), funded by the John Ellerman Foundation 

(https://nativeoysternetwork.org). This network is a collaboration between universities, 

https://nativeoysternetwork.org/
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research institutes, fisheries, harbour authorities, and other government agencies, which work 

together to facilitate an ecologically coherent approach to native oyster restoration, currently 

occurring across different projects (Fig. 1.10). 

 

 

Figure 1.10. Locations of current native oyster restoration projects (numbers) and fishery or 

production areas (oyster symbol) included in the Native Oyster Network UK & Ireland. See 

nativeoysternetwork.org for further details. 
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Another important network is the Native Oyster Restoration Alliance (NORA), 

established by the German Federal Agency for Nature Conservation (BfN) and the Alfred-

Wegener-Institute (AWI) to facilitate best restoration practices for O. edulis on a Europe-wide 

scale (https://noraeurope.eu). This network includes numerous projects across different 

European areas (the Baltic Sea, North Sea, English Channel, Mediterranean Sea, and the North-

East Atlantic coast), and it aims to promote protection, restoration, and reintroduction of the 

endangered native oyster within its historic biogeographic range. This has been planned to be 

addressed through the exchange of knowledge and technology, the joint of funding 

opportunities, the development of national and international regulatory frameworks, and the 

enhancement of scientific progress in restoration practices (Pogoda et al., 2019).  

A first workshop was organised in 2017 in Berlin, to discuss the foundation of the 

alliance, and the current restoration activities, limitations, and future perspectives. The 

workshop was attended by 65 participants from 11 countries, representing experts from 

science, nature conservation agencies, non-governmental organizations (NGOs), aquaculture 

production, bio-consulting and policy making. During the workshop, four major themes of 

universal interest were identified (site selection, monitoring, biosecurity, and oyster 

production), and four NORA working groups were established to address the main knowledge 

gaps surrounding these themes. Following the workshop, the members of NORA worked 

together to formulate and publish a series of crucial recommendations, to overcome barriers to 

conservation, restoration, and recovery of the European native oyster (Pogoda et al., 2020).  

The second NORA conference took place in 2019 in Edinburgh, and the focus was 

mainly the identification of key research questions, within each one of the previously 

established themes. A list of forty key questions which could considerably impact policy and 

https://noraeurope.eu/
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practice of O. edulis restoration, was published shortly after (zu Ermgassen et al., 2020a). In 

the meantime, several workshops and meetings were organised and attended by the members 

of all NORA working groups, with the aim of producing a series of native oyster restoration 

handbooks.  

Guidelines on restoration practices (Preston et al., 2020a), biosecurity (zu Ermgassen 

et al., 2020b), monitoring (zu Ermgassen et al., 2021), and site selection (zu Ermgassen, 2021), 

in the context of O. edulis habitat restoration, have already been published in collaboration 

with the Native Oyster Network - UK & Ireland, and presented at the third NORA conferences 

(November 2020, online due to COVID-19 pandemic). A fourth conference was organised 

online in November 2021, due to COVID-19 restrictions, and the upcoming fifth one is already 

scheduled for November 2023 in the Netherlands.  

 

1.1.4.3 Ostrea edulis restoration projects 

Several feasibility studies (Laing et al., 2005; Shelmerdine and Leslie, 2009; Woolmer 

et al., 2011; Gravestock et al., 2014; Fari¶as-Franco et al., 2018) and restoration programmes 

(Roberts et al., 2005; Eagling, 2012: cited in Gravestock et al., (2014); Harding et al., 2016) 

have been established by governmental and non-governmental organizations in several 

European countries, to re-establish O. edulis historical distribution (Pogoda et al., 2019). All 

these restoration programmes share a common approach, which involves: the conservation of 

existing stocks by limiting the access to the seabed and by forbidding harvesting activities, the 

deployment of settlement substrate to improve larval recruitment, the seeding of oysters to 

reinforce the breeding populations, and monitoring programmes to assess efficacy of 

restoration activities. Some of these restoration projects, which are also part of the NON and 

NORA networks, are listed below (Fig. 1.11). 
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In England, for example, the Essex Native Oyster Restoration Initiative (ENORI) was 

established in 2011 as a collaboration between oyster fishermen, nature conservation 

organisations, academia, and government regulators, aiming at restoring self-sustaining 

populations of native oysters in Essex. Since then, native oyster reefs are being re-established 

through the deployment of cultch (shell material) into the seabed, to facilitate settlement of 

juvenile oyster spat and increase natural recruitment. A sanctuary was also established inside 

the conservation area, where mature native oysters are introduced to improve reproductive 

success. An adaptive management plan was created to allow the coexistence of a sustainable 

wild oyster fishery and the restoration of native oyster populations (Pogoda et al., 2019). 

The Solent Oyster Restoration Project (SORP) is another restoration project, 

established in England by the Blue Marine Foundation, in partnership with the Universities of 

Portsmouth and Southampton, Ben Ainslie Land Rover BAR, and MDL Marinas. Due to the 

catastrophic decline of native oyster stocks and the fishery collapse in the Solent, reported by 

the Southern Inshore Fisheries and Conservation authority (IFCA) (Gravestock et al., 2014; 

Helmer et al., 2019), a feasibility study was conducted in 2014 to perform baseline surveys and 

identify suitable restoration sites. Afterwards, a coalition of stakeholders was formed, including 

fishermen, local authorities, scientists, and conservationists. This project aims to restore self-

sustaining native oyster populations in the Solent, to enable the long-term recovery of the entire 

marine ecosystem and the development of a viable and sustainable oyster fishery (Harding et 

al., 2016; Pogoda et al., 2019). In 2017, mature broodstock oysters were suspended at high 

densities in novel restoration cages from marina pontoons across the Solent, to increase 

reproduction and provide a source of larvae to populate the surrounding seabed. Effects of 

density on survival, growth, reproduction, benthic structure, and biodiversity were assessed 

over the past years, with millions of larvae released into the Solent water. The cages have also 
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provided a refuge for other marine life, with about 97 different species found living within the 

cages, including critically endangered European eels, juvenile spiny seahorse, and sea bass 

(Helmer, 2019).  

 

 

Figure 1.11. This map illustrates the North Sea and adjacent European seas, and some of the 

native oyster restoration projects contributing to the Native Oyster Restoration Alliance. 

Source: Pogoda et al., 2019. 

 

In Scotland, the Dornoch Environmental Enhancement Project (DEEP) was established 

in 2014 by Glenmorangie Company, in partnership with Heriot-Watt University, and the 

Marine Conservation Society. The DEEP project aims to restore 40 hectares of O. edulis reef 

off the shore at Dornoch, where it once flourished. Secondary objectives include the increase 

of local biodiversity and improvement of water quality. In 2017, three hundred mature native 

oysters, purchased from the wild oyster fisheries at Loch Ryan, Dumfries and Galloway, were 
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placed in the water and their survival and growth were monitored. Other twenty thousand 'on-

grown' oysters were deployed in the late 2018, and further two hundred thousand were placed 

in 2020. Furthermore, shell material (cultch), provided by the waste streams of the shellfish 

industries under biosecurity regulations, was deployed to the seabed to overcome the lack of 

settlement substrate and increase natural recruitment (Pogoda et al., 2019). 

In Germany, the European oyster is believed to be functionally extinct since the 1950s. 

Nevertheless, a feasibility study conducted in 2014 (Gercken and Schmidt, 2014), confirmed 

the feasibility of native oyster habitat restoration in the German North Sea, and since then, 

further restoration projects were conducted by the German Federal Agency for Nature 

Conservation (BfN). In 2016, the RESTORE project was initiated by the BfN, in collaboration 

with the Alfred Wegener Institute Helmholtz Centre for Polar and Marine Research (AWI). 

This project aims at the sustainable reintroduction of native oyster populations in the German 

Bight, addressing the regulatory framework for site selection, connectivity and the biological 

monitoring of health and fitness of Ostrea edulis. Following the deployment of native oyster 

seed in cages at north of Helgoland Island, regular monitoring of growth, health, survival, 

reproduction, and recruitment has been, and is currently being performed. Positive results 

showed excellent oyster growth and health condition, confirming the biological suitability of 

this area for future restoration attempts (Pogoda, 2019; Merk et al., 2019).  

In the Netherlands, O. edulis restoration efforts began in 2014 with a feasibility study, 

which identified potential locations and requirements for restoration of flat oyster in the Dutch 

North Sea (e.g., environmental conditions for survival, growth, reproduction, and recruitment) 

(Smaal et al., 2015, 2017; Kamermans et al., 2018a, b). During this study, an O. edulis reef 

was found near the Brouwersdam that separates Lake Grevelingen from the Voordelta 

(Christianen et al., 2018), confirming that native oysters were starting to repopulate the Dutch 

https://www.alr-journal.org/articles/alr/full_html/2019/01/alr190016/alr190016.html#R31
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Delta area autonomously, due to the improved water quality and the decrease of destructive 

fishing activities. In 2016, the World Wide Fund for Nature (WWF) and ARK Nature, in 

collaboration with other organisations, started the Voordelta restoration project, aiming to 

enlarge the existing nearshore O. edulis reef, through the translocation of local Dutch 

broodstock oysters and the introduction of shell material to increase reproduction and 

recruitment. Monitoring of growth, health, survival, reproduction, and recruitment is still 

ongoing. Associated benthic diversity is being also assessed (Christianen et al., 2018; Sas et 

al., 2016; 2018).  Other restoration projects have also started in the Netherlands. For example, 

a larger-scale restoration attempt was represented by the Borkum Reef pilot project, which 

started in 2018, with the aim of re-establishing native oyster populations in the northern part 

of the Netherlands. This project involved the deployment of artificial sandstone 3D reefs and 

cultch material (mussel shells), and the placement of racks of oysters, of which growth, survival 

and development of gonads have been monitored. About 80.000 loose oysters were also 

distributed on the sea floor within an area of about 1 ha. Promising results from the monitoring 

of the Borkum Reef pilot project showed high survival rate and signs of healthy growth and 

good health condition. Moreover, in 2018 and 2019 oyster larvae and new recruits were found 

in the water column and settlement substrates at and near the restoration site (Didderen et al., 

2019). The full list of projects contributing to the NON and NORA networks can be found in 

the following website pages: https://nativeoysternetwork.org/; https://noraeurope.eu/. 

 

1.1.4.4 Barriers to Ostrea edulis restoration  

Despite the growing interest in restoring O. edulis populations, several challenges are 

still jeopardising the success of native oyster restoration projects in Europe, and they are 

currently being investigated to develop more effective and adaptive restoration practices (Laing 

https://nativeoysternetwork.org/
https://noraeurope.eu/
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et al., 2005; zu Ermgassen et al., 2020a). The major barriers presented by the members of the 

NORA community include: the lack of site selection criteria which allow to find areas suitable 

for restoration; the lack of shared monitoring protocols which provide comparable results from 

different projects; the shortage of oyster supply which is necessary in recruitment-limited areas; 

the lack of suitable settlement substrates which are essential for the success of oyster 

recruitment; the presence of the invasive parasite Bonamia ostreae which causes high mortality 

rate in restoration areas; the loss of genetic diversity which is crucial to maintain adaptation to 

local environmental conditions and stress factors and to promote the long-term survival of 

restored oyster habitats (Pogoda et al., 2019). 

Most of the restoration projects currently ongoing in Europe and the UK, are being 

conducted in areas where the breeding population is either absent (óreintroductionô sites) or 

scarce (óreinforcementô sites). For this reason, the shortage of seed oyster supply has been 

identified as the major limiting factor for scale up of native oyster restoration programmes 

across Europe, and is also defined as a critical knowledge gap (Adamson et al., 2018). Since 

the use of wild stock as a source of oyster seed is often deeply unrecommended to avoid further 

impacts on the existing natural populations (Pogoda et al., 2019), aquaculture production is 

currently considered a more sustainable and long-term solution, which provides alternative 

sources of oysters, such as seed collectors, breed and spatting ponds, and hatcheries (Preston 

et al., 2020a; Lapegue et al., 2006; Fitzsimons et al., 2019).  

 

1.2 Hatcheries as a source of native oyster seed for restoration 

Between the sources of native oyster seed, hatcheries may be considered the most 

reliable one, producing more controlled and biosecure products. Considering the growing 

demand of disease-free native oysters for restoration, and the often limited and/or insufficient 
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production, several hatcheries are currently being set up by restoration practitioners all around 

Europe, to ensure a reliable and long-term source of O. edulis seed and support restoration 

projects (Pogoda et al., 2019, 2020; Sas et al., 2019; Preston et al., 2020a). 

 

1.2.1 O. edulis restoration hatcheries in Europe 

Some of these native oyster restoration hatcheries, which are also part of the NORA 

network, are listed below. 

In Germany, the first stage of the project RESTORE, which aims at reintroducing O. 

edulis population in the German Bight, highlighted the essential need for a continuous supply 

of healthy and certified native oyster seed, to achieve a successful long-term restoration. For 

this purpose, the German Federal Program for Biological Diversity recently funded another 

project, called PROCEED, which involves the implementation of a native oyster hatchery on 

the island of Helgoland. The establishment of a sustainable Bonamia-free oyster seed 

production will facilitate the reintroduction of O. edulis and its highly valuable ecosystem 

services in the North Sea. Strict biosecurity protocols are followed in this hatchery, although 

the risk of infection is still high, due to the presence of Bonamia in all surrounding water 

bodies: in the Netherlands, in Denmark, and the UK (Pogoda et al., 2019). 

Although the main source of oysters for several restoration projects in the Netherlands 

was frequently represented by Bonamia-free oyster reefs located in Hafrsfjord, Norway (e.g., 

Borkum Reef project), an increasing number of O. edulis hatcheries are being implemented 

locally (Sas et al., 2019). For example, the Royal Netherlands Institute for Sea Research 

(NIOZ) is establishing a hatchery at Texel, using local native oysters from a small natural 

population recently discovered in the Wadden Sea (Van der Have et al., 2018). Roem van 
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Yerseke hatchery, in Yerseke, is also contributing to the restoration of native oyster population 

in the North Sea, providing Bonamia-free oyster seed. 

In Scotland, the DEEP project relies substantially on the native oyster aquaculture 

supply chain for the mass deployment of O. edulis seeds. A collaboration with the micro-

enterprise partners Morecambe Bay Oysters and the Oyster Restoration Company was 

established to ensure a consistent and reliable supply of biosecure broodstock and juvenile 

native oysters (Pogoda et al., 2019). 

In England, Blue Marine Foundation recently funded the establishment of a new 

research hatchery, in collaboration with the University of Portsmouth. This hatchery was 

designed and built as part of the present PhD research, to produce native oyster seed for 

restoration in the Solent (see Section 2.4). In 2017, results from the first stage of the Solent 

Oyster Restoration Project showed high densities of oyster larvae in the water column, but 

relatively low recruitment. This could be due to either the lack of suitable settlement substrates 

(the sea-bottom in the Solent is mainly dominated by the shells of the invasive C. fornicata), 

or the stress factors negatively affecting larval survival in the column water (e.g., food 

availability, predation, environmental and hydrodynamic conditions) (Preston et al., 2020b). 

This hatchery has the potential to provide a reliable and consistent source of half-grown native 

oyster spat-on-shell, which could allow to overcome the failing natural recruitment of O. edulis 

in the Solent, moving the highly vulnerable larval pelagic stage and settlement to the safer 

controlled hatchery environment. Furthermore, the Solent Oyster Restoration Hatchery 

represents the first native oyster hatchery in Europe using local broodstock from a disease-

affected area. Being the Solent affected by the disease Bonamiosis, there is a high chance that 

the local breeding population employed in the hatchery will have developed some tolerance, 

resilience, or resistance to this disease (Laing et al., 2005). 



Chapter 1. General Introduction 

 

 44 

Other native oyster hatcheries, such as the International Marine Centre - IMC (Sardinia, 

Italy), the Spanish Institute of Oceanography - IEO-CSIC (Mar Menor, Spain), the Danish 

Shellfish Centre (DTU Aqua, Denmark), and the Shellfish Centre (Bangor, Wales) have been 

recently established to supply native oyster seeds and support restoration projects in the 

Mediterranean and North Seas. 

 

1.2.2 Restorative hatchery production of other Ostrea species (proof of 

feasibility) 

Restoration of other oyster species belonging to the genus Ostrea, is currently ongoing 

in other parts of the world. Between the numerous species, Ostrea lurida (Carpenter, 1864) 

and Ostrea angasi (Sowerby II, 1871) are being successfully restored in the USA and Australia 

respectively, with both restoration programmes involving the use of hatcheries as the main 

source of oyster seeds (Gillies et al., 2017; Dinnel, 2018). Several studies on population genetic 

structure, showed little genetic divergences between both O. lurida and O. angasi, and the 

European flat oyster O. edulis (Heasman et al., 2004; Hurwood et al., 2005; Gillies et al., 

2017). These species also share the same life cycle and breeding biology (Couch et al. 1989). 

For these reasons, the successful restoration and hatchery production of flat oysters in US and 

Australia, may prove the feasibility of O. edulis hatchery production for restoration in Europe.  

 

1.2.2.1 Restoration of Ostrea lurida in US 

Olympia Oyster, Ostrea lurida, was historically distributed from Baja California to 

Sitka in Southern Alaska (Ricketts and Calvin, 1968; McGraw, 2009). Following its severe 

decline in the 19th and 20th centuries, due to a combination of anthropogenic stressors, such as 
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over-harvesting, pollution, invasive species, and habitat loss (McGraw, 2009), conservation 

and restoration of the existing natural populations have been prioritised.  

The earliest effort to restore Olympia oysters began in 1999 with the Puget Sound 

Restoration Fund (PSRF), which represents a collaboration between government agencies, 

non-profit organisations, commercial shellfish farmers, tribes, academia, and citizen 

volunteers, working together with the WDFW on a long-term project (Peter-Contesse and 

Peabody, 2005). To overcome the lack of both larval supply and suitable substrates (Graham 

and Largier, 1997, Sponaugle et al., 2002), the PSRF's approach involved two strategies: 

supply of hatchery-raised juvenile oysters and habitat recovery (McGraw, 2009). In order to 

preserve the genetic asset of the remaining Olympia oyster populations, broodstock oysters 

were supplied by local hatcheries: Taylor Shellfish Farms and Lummi Tribal Hatchery. Bags 

of Olympia oyster seeds were deployed in 2002, 2003, 2004, and 2006, in the first restoration 

site located in Fidalgo Bay. Bags and strings of clean Pacific oyster shells, as well as spatfall 

collectors, were also deployed on the sea bottom of Fidalgo Bay between 2007 and 2018. The 

regular monitoring performed for the whole duration of the project, showed promising results 

with high seed survival (90% survival in four years) and increasing natural recruitment, which 

gradually promoted the re-establishment of Olympia oyster habitat in this area. The 

propagation of already settled hatchery-produced oyster spat allowed to rebuild dense breeding 

populations, especially in areas where natural populations no longer existed. From 

approximately 50,000 oyster spat seeded in 2002, 2.9 million oysters were counted in 2018 

(Dinnel, 2018).  

Due to the success of restoration in Fidalgo Bay, additional funds were awarded in 2010 

by the National Fish and Wildlife Foundation to extend restoration activities to other areas of 

the Puget Sound. From 2016 to 2018, bags of Olympia oyster spat-on-shell were released in 
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the North Puget Sound region, this time provided by the Manchester Shellfish Hatchery, 

located at the Kenneth K. Chew Centre for Shellfish Research and Restoration. The techniques 

employed in this hatchery were specifically designed for the Ostrea species, and local oysters 

from Fidalgo Bay were used as broodstock. Since 2014, the Manchester Shellfish Hatchery has 

been jointly operated by the National Oceanic and Atmospheric Administration (NOAA) and 

the Puget Sound Restoration Fund (PSRF), and an average of two million young Olympia 

oysters has been produced every year. The Olympia Oyster Stock Rebuilding Plan remains one 

of the most successful ones, with the recovery of 84 acres of Olympia oyster reefs in twenty 

years and the re-establishment of Olympia oyster populations in areas where they previously 

disappeared (McGraw, 2009). 

 

1.2.2.2 Restoration of Ostrea angasi in Australia 

Ostrea angasi (Sowerby II, 1871), is native to southern Australia, with an historical 

wide distribution from Western Australia to New South Wales and around Tasmania (Gillies 

et al., 2018). Only 200 years ago, Ostrea angasi still formed extensive and healthy reefs, 

rivalling the geographic extent of the Great Barrier Reef. However, an estimated 90% of these 

oyster habitats was destroyed in the 19th and 20th centuries, mainly due to over- harvesting. 

Fishing techniques, involving extensive and indiscriminate dredging of the seafloor, promoted 

the removal of both live oysters and empty shells, contributing to the reduction of settling 

habitat available. For several years, the angasi oyster reef located in Georges Bay, Tasmania, 

represented the only known functioning and healthy reef remained in Australia (Crawford, 

2016).  

Since 2014, the re-establishing of O. angasi reefs has been prioritised, with several 

restoration projects initiated by The Nature Conservancy (TNC), in collaboration with 
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governments, businesses, non-government organisations (NGOs) and local communities 

(Fitzsimons et al., 2015; Gillies et al., 2015a). As most of the oyster restoration projects 

worldwide, the major identified barriers to angasi oyster restoration were the lack of suitable 

settlement substrate and the depleted supply of larvae. To overcome these barriers, every 

project involved the deployment of shell cultch or artificial hard substrates made of limestone, 

and the seeding of hatchery-reared spat-on-shell.  

One of the long-term projects was launched in 2014 by TNC in partnership with a local 

recreational fishing club (The Albert Park Yachting and Angling Club) and the Victorian 

Government (through Fisheries Victoria), to restore and re-establish self-sustaining shellfish 

reefs in Port Phillip Bay, including blue mussel beds and angasi flat oyster reefs (Gillies et al., 

2017). This project involved the deployment of limestone rocks and/or recycled shells, which 

were used as the base of the reef, and the following seeding of hatchery-reared O.angasi spat-

on-shell on top of this base. The use of settled O. angasi seed, produced and supplied by the 

Victorian Shellfish Hatchery (VSH) based in Queenscliff (Crawford, 2016), allowed to achieve 

a high survival (> 70%) and growth of angasi oysters and biodiversity targets (The Nature 

Conservancy, 2018).  

The lessons learned from the project in Port Philip Bay were used to guide other O. 

angasi restoration projects. In 2015, The Nature Conservancy, in collaboration with many 

partners and supporters, extended the angasi reef restoration program to Albany's Oyster 

Harbour. Millions of angasi spat-on-shell supplied by the local Ocean Foods hatchery in 

Albany were seeded in the harbour, on top of an artificial reef base built with limestone rocks. 

Based on the high survival and growth rates showed by the seeded oysters, in the following 

years the restoration of O. angasi in Oyster Harbour was extended and scaled-up (Crawford, 

2016).  
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In 2017, another O.angasi restoration project was initiated and led by TNC, in 

partnership with the South Australian Government, Yorke Peninsula Council and the 

University of Adelaide, aiming to re-establish angasi oyster populations in Gulf St. Vincent, 

South Australia, and create the Windara Reef. As other angasi restoration projects, a reef base 

was built with limestone rocks and hatchery-produced spat-on-shell were seeded on top of it. 

The reef is showing promising signs of success, with great oyster survival and growth rates, 

and increasing natural recruitment. The surveys also showed the presence of many different 

associated organisms, such as sponges, algae and crabs. Important considerations on the 

outcomes of the Windara Reef project involve job creation and economic input. This 

programme promoted economic and social benefits to the nearby communities of Yorke 

Peninsula, through the provision of new jobs, increased aquaculture activities, ecotourism and 

recreational fishing opportunities, and new volunteering and community education programs 

(Robertshaw et al., 2019). To date, the Windara Reef is the largest oyster reef restoration 

project in Australia. 

 

1.3 Failure of Ostrea edulis hatchery production - knowledge gaps 

The numerous technical challenges of O. edulis hatchery production, and its 

susceptibility to diseases and variable environmental conditions, make the larval production, 

survival, and settlement, as well as the spat survival, inconsistent in controlled environment 

(Laing et al., 2005). For these reasons, in the past decades the aquaculture industry has 

gradually shifted to other shellfish species of commercial interest, such as the Pacific oyster 

Magallana gigas, leaving the production of O. edulis to mainly seed collection and 

management of wild stocks in most of the European countries (Kaspar, 2014) (Fig. 1.12).  

 



Chapter 1. General Introduction 

 

 49 

 

Figure 1.12. Ostrea edulis aquaculture production in Europe from 1950 to 2018 (FAO, 2020) 

with some key events occurred in France. The volumes are in live weight and cumulated by 

country. Yellow: Ireland. Grey: Italy. Orange: Spain. Light blue: France. Blue: other European 

countries (Bosnia-Herzegovina, Channel Islands, Croatia, Greece, Montenegro, Morocco, 

Norway, Portugal, SFR of Yougoslavia, Sweden, The Netherlands, Tunisia, UK). Source: 

Colsoul et al., 2021. 

 

Despite its biological and technical feasibility, the hatchery production of Ostrea edulis, 

as well as other oyster species (Gray et al., 2019; Colsoul et al., 2021), is still prone to failure 

with scarce capability of producing large quantities of native oyster spat to meet the demand 

(both for restoration and commercial purposes) (Cano et al., 1997; Robert et al., 2017; Kaspar, 

2014; zu Ermgassen et al., 2023/in press). Some EU- funded projects, such as SETTLE 

(FRP/2007-2013_Grant 222043), OYSTERECOVER (FP7-SME-2008-2_Grant 243583), and 

LARVDEVOPTI (FP7-PEOPLE Grant 273851), recently focused on the critical steps of O. 

edulis hatchery production, reporting and highlighting the need for fully reliable methods for 

native oyster conditioning and spat production in hatchery settings throughout the year 

(Colsoul et al., 2021). The members of the NORA Production Working Group 

(https://noraeurope.eu/nora-production-group/), of which I am part of, have also been working 

https://noraeurope.eu/nora-production-group/


Chapter 1. General Introduction 

 

 50 

together to identify the main barriers to native oyster production. We have recently submitted 

a scientific paper including the top research questions which should be prioritised to improve 

consistency and success of native oyster hatchery production (zu Ermgassen et al., 2023/in 

press).  

The inability to develop consistently successful and standardised breeding techniques 

for O. edulis is due to the numerous surrounding the ecophysiology of this species, combined 

with the loss of technical capacity and knowledge from the demise of the fishery and closure 

of associated commercial hatcheries. Given that restorative production has different 

requirements to commercial aquaculture producing for consumer market (zu Ermgassen et al., 

2023/in press), it is essential to determine the endogenous and environmental drivers of O. 

edulis life cycle and reproduction, to establish efficient production methods and successful 

hatchery operations and scale up native oyster seed production for ecological restoration. This 

section reviews the major knowledge gaps of O. edulis ecophysiology and reproduction 

pertaining to hatchery production for restoration purposes. 

 

1.3.1 Low larval production - skewed sex ratio 

The potential to produce large quantities of O. edulis larvae in hatcheries is still scarce, 

mainly because of the frequently skewed sex ratio which leads to a disproportionate gametic 

contribution by broodstock oysters. When either more females or males are present in the same 

tank, the fertilisation will not occur efficiently, as there will not be enough sperm or eggs. This 

causes, not only limited fertility (production of larvae), but also inbreeding events and, 

therefore, loss of genetic diversity (Joyce et al., 2013). In case too much sperm is present, there 

is also the potential for polyspermy (eggs fertilised by more than one sperm), which may result 

in larval abnormality and mortality (Lucas and Southgate, 2003). Currently, the mechanisms 
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behind O. edulis differentiation into females or males are poorly known. Limited studies have 

investigated the main factors promoting gametogenesis and sex determination of this species 

during the broodstock conditioning phase.  

Although genetic, physiological, and environmental conditions are all potentially 

implicated in these processes (Korpelainen, 1990), water temperature is the most commonly 

identified and attributed factor. Temperature is known to play a crucial role in the initiation 

and progress of O. edulis gonad development (Korringa, 1941; Loosanoff, 1963; Mann, 1979; 

Wilson and Simons, 1985; Sphigel, 1989; Martin et al., 1997; Joyce et al., 2013; Maneiro et 

al., 2017; Eagling et al., 2017; Zapata-Restrepo et al., 2019), with higher temperatures 

promoting higher oyster metabolism (Sphigel et al., 1992; Chávez-Villalba et al., 2003; 

Santerre et al., 2013). The onset of gametogenesis can occur at different temperatures 

depending on the latitude and geographical location (Cole, 1941; Marteil, 1976; Wilson and 

Simons, 1985). Water temperature appears also to affect O. edulis sex differentiation, with 

previous studies reporting sex ratios skewed towards males at warmer temperatures, and 

female-dominated populations occurring in colder waters (Loosanoff and Davis, 1952; 

Loosanoff, 1962; Mann, 1979; Joyce et al., 2013; Santerre et al., 2013; Eagling et al., 2017).  

Other parameters, such as oyster size, age, salinity, and photoperiod seem to affect O. 

edulis gametogenesis, although the effects of oyster size and age vary greatly depending on the 

latitude (Ruiz et al., 1992; Colsoul et al., 2021), the influence of salinity is still under debate 

(Martin et al., 1997; Gérard et al., 1997), and a positive effect of prolonged photoperiod on O. 

edulis gonad development was observed only when coupled with temperature (Joyce et al., 

2013; Maneiro et al., 2016; Maneiro et al., 2017a). 

Along with water temperature, nutrition the most significant factor affecting O. edulis 

sex ratio and reproduction (Frolov and Pankov, 1992; Millican and Helm, 1994). However, the 
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feeding protocols currently used in native oyster hatcheries to condition the broodstock are 

mostly inefficient (zu Ermgassen et al., 2023/in press). Significant knowledge gaps on the 

feeding behaviour of O. edulis remain that urgently need resolving. 

 

1.3.1.1  Suitable and standardised feeding protocols for broodstock conditioning 

In natural conditions, O. edulis concentrates its breeding efforts on a short period of 

time, usually coinciding with the spring season, when high concentrations of suspended matter 

and phytoplankton are available in the surrounding environment (Ruiz et al., 1992; Gérard et 

al., 1997). This highlights the dependence of O. edulis on food availability to reproduce. For 

this reason, the supplement of large quantities of microalgae is a common practice in 

aquaculture, to induce and accelerate oyster conditioning and reproduction, particularly in 

controlled environments like hatcheries (Millican and Helm, 1994). However, it is important 

to select the correct concentration of food, as it can negatively affect feeding efficiency and 

reproductive capacity of broodstock. If the food concentration is too high, oysters usually 

increase the rejection of algae and the production of pseudofaeces, inhibiting growth and gonad 

development (Loosanoff and Davis, 1963; Zhuang and Wang, 2004). The high concentration 

of particulate organic matter can also cause the blockage and paralysis of oyster gills and labial 

palps (Lei et al., 1996; Velasco and Navarro, 2003), and increase in bacterial spread and 

contamination (Di Salvo et al., 1978; Torkildsen and Magnesen, 2004). In contrast, low 

concentrations of food may not provide the right amount of energy oysters need to grow and 

reproduce (MacKenzie and Leggett, 1990; Beiras and P®rez-Camacho, 1994). A food ration 

between 3% and 6% (dry weight algae/dry weight oyster per day per oyster) has been selected 

as suitable for O. edulis broodstock conditioning (Maneiro et al., 2017b).  
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The quality of supplied food is also essential to achieve successful reproduction in 

hatcheries. Therefore, the selection of suitable diets is essential for the success of hatchery 

operations. Different algal species may be ingested differently by oysters, depending on their 

shape and size, and they might also have different digestibility. The biochemical composition 

of the selected diet is also crucial, as it may directly affect both gametogenesis and sex 

differentiation of broodstock oysters. In particular, several studies stated the significance of 

fatty acids, especially eicosapentaenoic acid (EPA, 20:5n-3) and docosahexaenoic acid (DHA, 

22:6n-3), for the development of oyster gonads (Brown et al., 1997; Caers et al., 2003; 

Gonzalez-Araya et al., 2011, 2013). For this reason, a combination of flagellate species (high 

levels of DHA) and diatom species (high levels of EPA) is typically recommended for oyster 

broodstock conditioning. It is proposed that diets rich in fatty acids may provide sufficient 

reserves for the development of ovogonia, promoting female-based breeding populations, 

whilst low fatty acid diets may lead to the development of more spermatogonia and male-based 

populations (Orton, 1927; Wright, 1988; Ch§vez-Villalba et al., 2003; Santerre et al., 2013; 

P®rez et al., 2013; Sas et al., 2019).  

The use of several microalgae for O. edulis broodstock conditioning has been tested in 

the past decades, with numerous species being selected as suitable for this purpose and mixed 

diets recommended to improve larval production and performance (Millican and Helm, 1994; 

Gonzalez-Araya et al., 2011, 2012a, 2012b, 2013; Nielsen et al., 2017; Maneiro et al., 2017a; 

Maneiro et al., 2020). However, considering the large volume of food that must be produced 

to satisfy oystersô nutritional needs, microalgal culturing represents one of the most expensive 

and time-consuming stages of hatchery production. Moreover, live algal cultures are frequently 

subject to pathogen contamination, leading to crashes of the cultures and potential spread of 

infections to the other production areas. Non-living algal food has been developed over the past 
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years and proposed as a cost-effective and biosecure alternative to live algae (Robert and 

Trintignac, 1997), although its suitability for the conditioning of broodstock in hatchery 

settings is still being debated.  

The development of efficient feeding protocols for broodstock conditioning has been 

recently highlighted as crucial by the NORA Production Working Group, and it has been 

proposed as one priority research questions that need to be addressed to increase consistency 

of O. edulis production (zu Ermgassen et al., 2023/in press). 

 

1.3.1.2  Filtration efficiency and feeding habits of O. edulis broodstock 

Oyster growth, survival, and reproduction are limited by the capacity for nutrient 

assimilation (Hawkins et al., 1999; Cranford et al., 2011). Oyster nutrient acquisition is 

controlled, not only by the nutritional characteristics and composition of the diet, but also by 

oyster feeding activities. Therefore, the amount of food ingested and consumed by oysters does 

not depend solely on the type of diet selected, but also on the filtration efficiency (Riisgard, 

1988). This has implications for aquaculture, particularly for hatchery production, because the 

factors selected during broodstock conditioning are usually tailored specifically for oyster 

gametogenesis and reproduction, but they might not necessarily promote adequate oyster 

filtration. This can affect the effectiveness of breeding protocols, increasing the risks of 

production failure.  

Oyster filtration efficiency is influenced by several environmental and physiological 

factors, such as seawater temperature, salinity, flow rate, particle size and concentration, and 

oyster size (Loosanoff, 1958; Walne, 1972; Shumway et al., 1985). Although the effects of 

some of these factors, such as seawater temperature (Buxton et al., 1981; Hutchinson and 

Hawkins, 1992; Haure et al., 1998; Eymann et al., 2020), have been largely investigated, there 
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are still numerous research gaps surrounding O. edulis filtration rate and its daily feeding 

behaviour. 

It has been proved that, by filtering large volumes of water, oysters are able to 

significantly improve the quality of the seawater, removing suspended particles and 

phytoplankton, and reducing the risk of eutrophication (Cranford et al., 2011). Predictive 

models, which incorporate the filtration efficiency of oyster reefs, are currently being 

developed all around the world, to facilitate planning and management of restoration activities. 

This has been already achieved in the US with Crassostrea virginica (zu Ermgassen et al., 

2013, 2016). Quantifying O. edulis filtration capacity will promote, not only the improvement 

of hatchery breeding protocols, but also the development of accurate predictive models, to 

estimate O. edulis ecosystem services and support restoration programmes in Europe. 

 

1.3.1.3  Non-destructive techniques for the monitoring of O. edulis sex ratio 

Since female and male oysters cannot be distinguished visually, the sex of oviparous 

species, such as C. virginica, can be identified based on eggs and sperm broadcast during the 

spawning phase. In oyster hatcheries, this is a common practice which allows to manipulate 

the sex ratio in the broodstock conditioning tanks. Nevertheless, this technique cannot be 

applied to larviparous species, like O. edulis, because the fertilisation is internal and female 

oysters do not release the eggs in the surrounding water (Hopkins, 1935).  

The most commonly used method to assess the sex of O. edulis involves the dissection 

and sampling of the gonads for histology and stereology (Maneiro et al., 2017; Colsoul et al., 

2021). However, since this method requires the sacrifice of the oysters, in hatcheries this is 

usually performed on subsamples of the broodstock population, providing approximate 

information on sex ratios. Due to the limited remnant wild O. edulis broodstock, the sacrifice 
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of large numbers of native oysters is particularly undesirable and counterproductive to 

restorative hatchery production. This has further implications for the studies investigating O. 

edulis gametogenesis and sex differentiation, as these usually necessitate the monitoring of 

oyster gonad development. When destructive techniques are employed for this purpose, it is 

impossible to monitor the same individuals during the whole conditioning period, making it 

difficult to prove the efficiency of new breeding protocols. These are significant barriers to the 

establishment of effective methods for the sex identification of O. edulis in hatcheries. 

Existing non-destructive techniques for the monitoring of oyster gonadal development 

and sex ratio include in vivo magnetic resonance imaging (MRI) (Davenel et al., 2010; 

Flahauw et al., 2012), or the use of anaesthesia to get access to the gonads and the following 

biopsy to collect smears of tissue (Culloty and Mulcahy, 1992; Acosta-Salmón and Southgate, 

2004; Suquet et al., 2009, 2010; Broquard et al., 2020). However, the use of MRI requires 

specific technical knowledge and skills, and it can also be prohibitively expensive. Although 

the combined use of anaesthesia and biopsy is currently used in research programmes to collect 

tissue samples, it is still unknown if the frequent exposure to this technique may cause negative 

effects on long-term oyster health. The development of efficient non-invasive techniques for 

the sampling and monitoring of oyster gonads is crucial to make progress in the selection of 

suitable breeding protocols which can promote more balanced sex ratios in hatcheries. 

 

1.3.2 Low larval survival - ineffective rearing techniques 

The planktonic larval stage is the most sensitive in the life cycle of oysters, with several 

factors, such as predation, food availability, environmental and hydrodynamic conditions, 

affecting larval survival in the water column (Smyth et al., 2018; Preston et al., 2020b; Colsoul 

et al., 2021). Although hatcheries represent safer environments, providing more controlled 
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conditions compared to the natural environment, high larval mortality is usually reported by 

most of the native oyster hatcheries in Europe (Cano et al., 1997; Laing et al., 2005; Colsoul 

et al., 2021). O. edulis larvae are particularly vulnerable compared to other oyster species, such 

as M. gigas and C. virginica (Acarli and Lok, 2009), and their growth and survival in hatchery 

settings depends on different factors, including genetic, nutrition, and culture conditions 

(Héral, 1990). It has been also largely demonstrated how broodstock feeding protocols can 

deeply affect the fatty acid content of the newly released larvae, and their subsequent 

performance (Helm et al., 1991; Millican and Helm, 1994; Berntsson et al., 1997; Gonzalez-

Araya et al., 2011, 2012b; Gonzalez-Araya and Robert, 2018). Due to the lack of efficient 

rearing protocols and the numerous knowledge gaps on feeding habits and food assimilation of 

native oyster larvae, the larval culturing has been recently identified as the most crucial stage 

of O. edulis hatchery production (Orton, 1937; zu Ermgassen et al., 2023/in press). 

 

1.3.2.1  Suitable and standardised rearing protocols 

Between the 1960s and 1980s, knowledge about O. edulis reproduction and aquaculture 

techniques improved significantly, and in the past decades several studies have been conducted 

to select the most suitable conditions to produce native oysters in hatcheries (Colsoul et al., 

2021). Nevertheless, the methods currently established and used in O. edulis hatcheries to rear 

the larvae are unreliable, with the frequent occurrence of high larval mortality. The effects of 

many different water quality conditions on larval survival and growth have been, and are still 

currently being investigated (Walne, 1956).  

A vast array of literature is available on the effects of seawater temperature, with a 

range from 14° to 30°C identified as suitable for O. edulis larval growth, depending on the 

geographical area (Davis and Calabrese, 1969; Abellan et al., 1989; Cano et al., 1997). When 
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compared to the range of temperature the larvae of other oyster species can tolerate, this 

represents evidence of adaptation of O. edulis to lower temperatures (Davis and Calabrese, 

1969). Moreover, the length of the planktotrophic pelagic stage seems to be directly related to 

the water temperature, with higher temperatures promoting a faster larval growth (Korringa, 

1941; Marteil, 1976; Buroker, 1985).  

The effects of salinity on O. edulis larval survival and growth have been investigated 

in detail by Davis and Ansell (1962), who showed how salinities between 25 and 35ă can 

promote appropriate larval growth, with survival occurring at salinities as low as 20ă.  

The influence of aeration rate (Helm and Spencer, 1972) and the impacts of heavy 

metals (Walne, 1970; Connor, 1972; Calabrese et al., 1977; Alzieu et al., 1980), TBT (Thain 

and Waldock, 1986), and detergents (Waugh, 1964; Renzoni, 1973; His et al., 1999) on O. 

edulis larval growth and survival have been also investigated.  

Larval density in the tanks seems to affect the performance of larvae, with high densities 

promoting high mortality rates, due to the limited availability of space and food, and the poorer 

water quality conditions (Wassnig and Southgate, 2016). In O. edulis hatcheries, veliger larvae 

are usually reared at densities between 5 and 10 larvae per ml, although the density is then 

decreased down to 1-3 larvae per ml as the larval development progresses (Davis and 

Calabrese, 1969; Lucas and Southgate, 2003; Helm and Bourne, 2004; Acarli and Lok, 2009). 

However, different water systems might support different larval stock densities.  

Oyster mortality in aquaculture is mainly due to the occurrence of diseases, originating 

from any of the production areas (broodstock, larvae, spat, algae) (Helm and Bourne, 2004). 

Disease outbreaks are mostly caused by bacteria, and they predominantly affect the larval stage 

(Walne, 1958; Travers et al., 2015). Bacteria belonging to the genus Vibrio sp., ubiquitous in 

the marine environment, represent the main concern for most of the native oyster hatcheries, 
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triggering severe epizootics and large-scale larval mortalities (Jeffries, 1982). They produce 

ciliostatic toxins which paralyse the ciliated velum of the oyster larvae, making them unable to 

swim or feed and, therefore, causing their death (Laing et al., 2005). Although the virulence 

depends on the hosts and the environment, several strains of Vibrio have been identified as 

potentially pathogenic (Wendling et al., 2014; Wendling and Wegner, 2015; Wendling et al., 

2017). The introduction and spread of bacteria in hatcheries is usually prevented and/or 

controlled by the establishment of strict biosecurity measures (zu Ermgassen et al., 2020b; 

Colsoul et al., 2021). The treatment of the incoming water with UV (ultraviolet) light, for 

example, is commonly used as an effective method to prevent bacterial contamination of the 

water systems, although opposite effects can occur if harmful bacteria enter and flourish in 

these completely sterile environments (Laing et al., 2005). Another method of bacterial control 

involves the use of antibiotics, such as Chloramphenicol, Streptomycin, and Penicillin (Tubiash 

et al., 1965; Jeffries, 1982). However, the frequent use of antibiotics has been largely 

discouraged because it could promote long-term bacterial resistance to the treatments, with the 

additional high risk of releasing the resistant bacteria into the natural environment (Laing et 

al., 2005; Dubert et al., 2017). New approaches involving the use of probiotics have been 

recently developed and established in oyster hatcheries, achieving significant protection 

against different pathogens (Prado et al., 2009; Goulden et al., 2013; Dubert et al., 2017). Prado 

et al. (2016) also showed how low levels of pH can increase larval survival reducing the growth 

of bacteria.  

The efficiency of larval culturing methods may vary depending on the geographic areas. 

Moreover, different factors may have combined effects on larval survival and growth, which 

cannot be detected if analysed separately (Davis and Calabrese, 1962; Acarli and Lok, 2009; 
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Robert et al., 2017). Further investigations are needed to develop more efficient and 

standardised rearing protocols for O. edulis larval culturing.  

 

1.3.2.2 Feeding preferences and food assimilation 

The selection of optimal diets is crucial to promote appropriate larval performance, and 

to ensure the success of hatchery operations (Helm and Bourne, 2004; Colsoul et al., 2021). 

Most of the literature available on O. edulis larvae concerns larval nutrition. Native oyster 

larvae ingest suspended particles (Héral, 1990), usually phytoplankton, although the direct 

absorption of dissolved organic matter by the uptake of amino acids from the surrounding 

seawater has been also demonstrated (Rice et al., 1980). In the past decades, several studies 

investigated the effects of starvation (Millar and Scott, 1967; Holland and Spencer, 1972; 

Robert et al., 1988; Labarta et al., 1999) and different feeding regimes (Walne, 1964, 1970; 

Wison, 1980; Rice et al., 1980; Marshall et al., 2010; Acarli, 2011; González- Araya and 

Robert, 2018; Willer and Aldridge, 2019) on larval growth and survival. However, further 

research on nutrient assimilation by O. edulis larvae is needed to better understand larval 

feeding preferences and habits (Robert et al., 2017). 

 

1.3.3 Low larval recruitment - unsuitable settlement substrates 

The high number of factors affecting oyster recruitment, and the numerous knowledge 

gaps related to larval settlement and metamorphosis, make it difficult to predict and control 

habitat colonisation by oyster larvae in both natural and controlled environments (Tamburri et 

al., 1992). Several studies investigated the effects of different environmental factors on O. 

edulis settlement behaviour. A negative phototropism of flat oyster larvae has been observed 

at the pediveliger stage, suggesting that intense light might act as a catalyst, promoting both 
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speed and intensity of larval settlement (Cole and Knight-Jones, 1949; Bracke and Polk, 1969; 

Walne, 1974; Carbonnier et al., 1990). Increases in water temperature (Davis and Calabrese, 

1969; Nielsen and Petersen, 2019) and small variations in salinity (Carbonnier et al., 1990) can 

also promote larval recruitment. The occurrence of diseases, instead, can prevent larval 

settlement, with O. edulis pediveliger larvae particularly susceptible to pathogen contamination 

(Gonzalez-Araya et al., 2012b). Food availability and nutritional values can also affect 

settlement behaviour and larval performance throughout the metamorphosis (Helm et al., 

1991). In the natural environment, O. edulis larval recruitment is also dependent on the 

presence of predators and competitors, and the hydrographic regime (Laing et al., 2005). 

Increases in suspended sediments can limit substantially the oyster spatfall, inhibiting their 

settlement (Moore, 1977). 

The availability of suitable substrate still represents the key limiting factor for the 

success of larval recruitment. O. edulis pediveliger larvae display gregarious behaviour, 

settling preferably on the shells of conspecifics (Cole and Knight-Jones, 1949; Bayne, 1969). 

However, there are still several knowledge gaps surrounding the effects of substrate 

topography, as well as the presence of microbial biofilms and conspecific chemical cues. 

Further investigations are needed to develop efficient hatchery protocols for the induction and 

synchronisation of successful settlement and metamorphosis of O. edulis larvae. 

 

1.3.3.1 Type of cultch - topography 

Although native oyster larvae are able to attach to a wide range of hard substrates, 

including both natural and artificial materials, some substrates seem to be more suitable than 

others. This is directly related to the material and chemical composition, orientation and shape, 

and colour and transparency of the substrate (Cole and Knight-Jones, 1949; Walne, 1974; 
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Korringa, 1976; Colsoul et al., 2020). Nevertheless, microtopography seems to affect greatly 

O. edulis recruitment, with rough substrates, such as bivalve shells or limestone rocks, 

promoting higher settlement rate than smooth surfaces, such as glass (Cole and Knight-Jones, 

1939; Korringa, 1940; Laing et al., 2005; Smyth et al., 2018). Substrates with high rugosity 

and a more heterogeneous surface may provide interstitial spaces and shelters, protecting the 

larvae from predation, sedimentation, and hydrodynamic conditions, and consequently 

promoting more successful larval settlement (Tamburri et al., 1992; Whitman and Reidenbach, 

2012). However, further research on the correlation between substrate microtopography and 

O. edulis larval recruitment is needed to fully understand the habitat preferences of this species. 

 

1.3.3.2 Presence of biofilms 

Settlement of marine invertebrate larvae on hard surfaces can be enhanced by the 

presence of bio-organic films (Tritar, 1992; Campbell et al., 2011; Rodriguez-Perez et al., 

2019). Biofilms are complex assemblages characterised by surface-associated microorganisms, 

such as bacteria, diatoms, fungi and protozoa, enclosed in an extracellular polymeric matrix 

(Unabia and Hadfield, 1999; Bao et al., 2007). They are formed through an initial deposition 

of organic molecules, and the following colonisation by microorganisms. Recruitment of 

sessile invertebrates is usually positively correlated with mature biofilm communities 

(Hadfield and Paul, 2001; Bao et al., 2007; Campbell et al., 2011). As they develop, biofilms 

provide chemical and physical cues to the larvae, acting as indicators of habitat type, and 

informing that food is available and surfaces are neither toxic nor temporary (Unabia and 

Hadfield, 1999). The composition of biofilms is also an accurate reflection of ecological 

conditions, and it affects strongly the larval settlement rates of several invertebrate specie, with 

larvae responding only to those communities relevant to their adult habitat (Lau et al., 2005; 
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Bao et al., 2007; de Brito Smith et al., 2017). Although it has been proved that the presence of 

biofilms can facilitate and promote oyster recruitment, very little is known about the 

interactions between biofilm communities and O. edulis larvae. The only bacterium that is 

known to trigger their settlement is Shewanella colwelliana (Tritar, 1992), although a number 

of chemical compounds (e.g., GABA, L-DOPA), known to induce metamorphosis and 

settlement of O. edulis larvae, are related to bacterial products (Coon et al., 1985; Mes²as-

Gansbiller et al., 2013).  

 

1.3.3.3 Presence of live oysters - conspecific chemical cues 

The presence of conspecific adults seems to be perhaps the most important inducer of 

oyster larval settlement (Cole and Knight-Jones, 1949; Rodriguez-Perez et al., 2019). 

Gregariousness is critical for sessile invertebrate species, as gametes and larvae are released 

and dispersed in the water. Adults of these species usually release chemical cues to induce 

gregarious larval settlement and promote the development of dense reefs (Cole, 1949; Knight-

Jones, 1953; Bayne, 1969; Meadows and Campbell, 1972; Burke, 1986; Gotelli, 1990; Pawlik 

and Hadfield, 1990). This was observed for O. edulis, with larvae showing clear preferences 

for substrates where conspecifics are present (Cole, 1949; Bayne, 1969; Rodriguez-Perez et 

al., 2019). However, the biochemical characteristics of the chemical cues released by adult 

native oysters are still unknown, with several knowledge gaps still surrounding the gregarious 

settlement behaviour of this species. 

 

1.3.4 Low spat survival - loss of genetic diversity 

Following the settlement and metamorphosis, O. edulis spat exhibit slow growth, 

compared to other species such as the Pacific oyster, and they are subject to high mortality with 



Chapter 1. General Introduction 

 

 64 

early losses occurring over the whole first year of on-growing. For this reason, low survival 

rate is usually anticipated when seed are transferred from the hatchery to the natural 

environment and deployed onto the seabed. At this stage of the life cycle, native oyster spat are 

extremely vulnerable to numerous factors such as temperature (Helm and Bourne, 2004), 

variations in salinity (Crawford, 2016), food availability (Laing and Millican, 1992), stock 

density (Laing et al., 2005), and hydrodynamic conditions (Spencer et al., 1986; Spencer, 

1988). Moreover, the thinner shell of oyster spat makes them susceptible to physical damage 

during handling and translocation of stocks, and predation also contributes to increasing oyster 

mortality in the natural environment.  

The preservation of genetic variation is crucial to maintain important traits such as the 

adaptation to environmental conditions and stress factors (diseases, climate change), which are 

essential to promote growth rate and long-term survival of oyster spat (Newkirk and Haley, 

1982; Lallias et al., 2010; Pogoda et al., 2019, 2020). The loss of genetic diversity negatively 

affects the performance of the newly settled hatchery spat, reducing the body weight gain, 

weakening the immune system, and increasing the mortality (Bierne et al., 1998; Evans et al., 

2004). Although larval dispersal has a crucial role in promoting genetic mixing and 

connectivity between wild populations (Laing et al., 2005), lower levels of genetic variation 

have been detected within European O. edulis populations compared to other oyster species, 

and this may be related to its brooding habits (Saavedra et al., 1993). Genetic bottlenecks and 

inbreeding events are likely to be stronger within hatchery populations, mostly due to lower 

broodstock densities, as well as skewed sex ratios (Launey et al., 2002; Varney and Wilbur, 

2020). The use of the same broodstock, without periodic introduction of new individuals from 

the wild, may lead to further reduction of genetic variability in hatchery settings (Laing et al., 

2005). When the ultimate goal is ecological restoration, rearing techniques and protocols 
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established in hatcheries and ponds for oyster production, should be adapted to preserve the 

extant genetic diversity, differing from the methods used in commercial production (Pogoda et 

al., 2019; zu Ermgassen et al., 2020a, b).  

The introduction of hatchery-reared oysters in the natural environment may also have 

further impact on the genetic integrity and diversity of wild stocks, due to their low genetic 

variation and the disproportionate contribution to the genome of the mixed populations 

(Saavedra, 1997; Lapegue et al., 2006). This is particularly relevant to ecological restoration, 

which relies on the conservation and improvement of genetic diversity to form robust, self-

sustaining, and high-fitness populations, and to achieve long-term recovery of ecosystem 

functions (Pogoda et al., 2019). It is therefore essential to understand the genetic bottlenecks 

arising in hatchery settings and the genetic interactions between farmed and wild oyster 

populations. 

 

1.3.4.1 Oyster density and sex ratio during broodstock conditioning 

Since there is a link between disease susceptibility and physiological stress caused by 

overcrowding (Hawkins et al., 2000; Launey et al., 2002; Lapegue et al., 2006), the number of 

broodstock used in hatchery practices is usually reduced, in order to prevent pathogen 

contamination and spreading of diseases. Unfortunately, this increases the frequency of 

inbreeding, resulting in loss of genetic diversity within hatchery populations (Saavedra, 1997; 

Laing et al., 2005). Conversely, increasing the number of breeders may be advantageous, not 

only to maintain high genetic variability, but also to promote higher fecundity and fertility rates 

(Bentsen and Olesen, 2002; Vercaemer et al., 2003; Crawford, 2016). Due to their sperm 

casting strategy and brooding habits, the reproductive success of flat oysters of the genus 

Ostrea is density dependent. Therefore, reducing the broodstock density in hatchery tanks may 
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result in asynchronous gametogenesis and gonadal maturation, and low fecundation and larval 

production (Joyce et al., 2015; Hassan et al., 2018). 

However, contrary to pond production, the selection of larger stock densities in 

hatcheries increases the oyster stress response, frequently leading to disease outbreaks (Laing 

et al., 2005). Hatchery biosecurity measures are being improved across Europe, but they are 

also frequently prioritised over genetic diversity. The importance of genetic management of 

broodstock, essential for the successful achievement of native oyster restoration, is largely 

underestimated in aquaculture, with short-term success and reduced diversity (boom) often 

leading to long term failure (bust) due to inability to adapt to multiple stressors (zu Ermgassen 

et al., 2020b). Further studies are needed to identify the optimal oyster density for O. edulis 

hatchery conditioning, which could maintain high standards of biosecurity but also promote 

high fertility and preservation of genetic diversity. 

Recent studies have also reported a clear decrease of O. edulis female gene flow, both 

in hatchery settings and in the wild, suggesting the presence of fewer breeding females than 

males and a reduction in the effective population size (Saavedra, 1997; Diaz-Almela et al., 

2004). This can lead to disproportionate gametic contributions by adult oysters and, therefore, 

inbreeding events and low fertility, regardless of the density of broodstock. Skewed sex ratios 

in O. edulis populations make this species sensitive to founder effects in both controlled and 

natural environment. This is due to, not only the proterandric hermaphroditism of this species, 

which deviates the sex ratio towards an excess of males, but also to the numerous knowledge 

gaps on its sex differentiation (Saavedra and Guerra, 1996). Further research is necessary to 

identify the main factors promoting sex differentiation and regulating sex ratios within O. 

edulis breeding populations. 
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1.3.4.2 Site selection and translocation 

For many decades, translocation of both wild and farmed O. edulis stocks has 

represented a common and recurrent practice, mainly for commercial purposes to replenish 

declining stocks (Korringa, 1946; Bromley et al., 2016a) but, in the most recent years, also for 

restoration and conservation management of the remaining native oyster populations. 

However, this has promoted, not only the introduction and spread of invasive non-native 

species and unknown diseases, but also the genetic erosion of natural stocks. By mixing 

genetically diverse populations, translocation has the potential to dilute the genetic diversity of 

wild stocks in the recipient area, and to reduce the divergence between geographically distant 

oyster populations, affecting their adaptation to local conditions and overall fitness (zu 

Ermgassen et al., 2020a). Recent researches, which focused on nuclear genetic diversity and 

geographical structure of physiologically different strains of O. edulis, demonstrated the 

existence of genetic differentiation along the European coastline, and a significant correlation 

between genetic and geographical distances, supporting the isolation-by-distance model 

(Launey et al., 2002; Lapegue et al., 2006). Populations at the limit of the geographical range 

of distribution, such as oyster stocks in Norway and the Black Sea, showed particularly 

differentiated genetic structures (Diaz-Almela et al., 2004). However, different studies 

conducted using microsatellites (Launey et al., 2002; Sobolewska and Beaumont, 2005), 

enzymatic markers (Jaziri, 1990; Saavedra et al., 1995), and mitochondrial DNA (Diaz-Almela 

et al., 2004), have reported low differentiation between the Atlantic and Mediterranean 

populations, which most likely results from oyster translocation and the following genetic 

dilution. 

Avoiding translocation may allow, not only to protect the local genetic structure of the 

remaining native oyster populations, but also to increase the post-deployment survival rate of 
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the offspring. Long-term survival of O. edulis spat in the natural environment and consequently 

the success of restoration programmes, can be achieved by implementing effective site 

selection programmes, to choose suitable donor and target areas, and competent broodstock 

oysters (zu Ermgassen et al., 2020a; Pogoda et al., 2020). In this regard, it is advisable to use 

local stocks, minimising the distance between the donor and receiving areas (zu Ermgassen et 

al., 2020b). The selection of local stocks originated from the same area where the new spat will 

be seeded (target area) may guarantee that oysters will be restored in their natural habitat, 

maintaining the physiological adaptations to the local environmental conditions (Laing et al., 

2005). Moreover, if the target area is affected by diseases, the use of local broodstock may 

further contribute to increasing oyster spat survival in the natural environment. Although the 

selection of disease-free areas is still prioritised, there is evidence that surviving oysters from 

infected areas, exposed for several years to harmful pathogens, may develop disease tolerance, 

resilience, or even resistance, on a population wide level (Naciri-Graven et al., 1998). 

Although the negative impacts of translocation are being more frequently highlighted, 

the use of local sources is not always an option, making the movement of native oyster stocks 

essential for restoration practices. This represents an important barrier to the management and 

reintroduction of this endangered species. Several studies are currently investigating the 

genetic structure of O. edulis at local and regional scale, selective breeding programmes and 

disease resistance, and the genetic bottlenecks related to the translocation of native oyster 

stocks (Gutierrez et al., 2017; Vera et al., 2019; zu Ermgassen et al., 2020a, b). 

 

1.4 Thesis aims and objectives (scientific questions) 

This research was conducted as part of the Solent Oyster Restoration Project, which 

aims to restore self-sustaining native oyster populations in the Solent, following their recent 
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decline. The Solent area is both substrate and recruitment limited, and it is largely affected by 

a combination of environmental and anthropogenic pressures, making restoration practices 

more challenging and often unsuccessful. In 2019 Blue Marine Foundation funded the 

establishment of a new research and restoration hatchery (Solent Oyster Restoration Hatchery) 

at the Institute of Marine Sciences of Portsmouth, to produce O. edulis spat-on-shell for 

restoration in the Solent (Chapter 2). 

However, the main aim of this hatchery is to investigate the major knowledge gaps and 

barriers to the success of O. edulis restorative production. The present study, entirely performed 

in the Solent Oyster Restoration Hatchery, did focus on the broodstock conditioning stage, 

trying to identify feeding regimes, stock densities, and monitoring techniques, suitable for the 

restorative hatchery production of O.edulis. The specific aims of this study were the following:  

1. Assess the effects of two non-destructive techniques for gonad sampling on O. edulis 

health and survival, and their suitability for future monitoring of gametogenesis and sex 

differentiation in hatcheries (Chapter 3). 

2. Estimate O. edulis daily feeding behaviour and filtration capacity, to improve the 

efficiency of feeding protocols and the success of breeding programmes employed in 

native oyster hatcheries (Chapter 4).  

3. Investigate the suitability of four single-species microalgal pastes for O. edulis 

broodstock conditioning, as effective biosecure and cost-effective alternatives to live 

algae (Chapter 5).  

4. Determine the effects of different broodstock densities on O. edulis survival and 

fertility, to contribute to the selection of optimal oyster densities for the conditioning 

in hatchery settings (Chapter 6). 
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2.1 History of native oyster production 

In Europe, the modern oyster production, defined as the culture of oysters from 

collected seed, dates back to the 19th century, when different techniques to capture seed were 

developed (Héral, 1990). Dean (1891) provided a thorough overview of oyster production in 

the 1800s in different European countries (Belgium, England, Germany, France, Italy, the 

Netherlands, Portugal and Spain). More recently, other reviews on the history of oyster farming 

in eastern Mediterranean countries, such as Croatia (Skaramuca et al., 1997; Benovic, 1997; 

Bratos et al., 2004), Turkey and Bulgaria (Alpbaz and Temelli ,1997), were published. No 

information is available in the literature on oyster production activities in other countries all 

along the Back and Mediterranean Seas. The first reseeding programmes were commissioned 

in France by Napoleon III, following the initial collapse of the oyster industry in the mid-18 

00s, and they were mainly based on the use of wooden óseed collectorsô (Goulletquer and Héral, 

1997). This technique involves the collection of oyster larvae directly from the seawater 

column on hard substrates (cultch). To date, several different substrates have been tested and 

are used as seed collectors, including bivalve shells, twigs, rocks, tiles, and other artificial 

surfaces.  

In the late 1800s, another method, called pond culture, was developed in Norway 

following the discovery of remains of natural oyster beds in shallow sea-water pools. Seed 

collectors were added to these pools, which started to be used as óbreed pollsô to culture oysters 

(Korringa, 1976; Strand and Vßlstad, 1997). Today, breed polls are often referred to as óbreed 

pondsô (Colsoul et al., 2021), and they are usually 2-3m deep, covering an area of up to 1-10 

hectares. Built near waterbodies, they get isolated and filled with seawater using gravity. Adult 

oysters are then added to the ponds and left in there for the whole reproductive season, usually 

from May to August. The water is monitored daily, checking food availability and larval 
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release, and seed collectors, or other settlement material, are placed in the ponds to enable 

settlement (Preston et al., 2020a). Once settled, the oysters are either transferred to restoration 

sites or grown in óspatting pondsô. Compared to the breed ponds, spatting ponds are usually 

shallower and exposed to water exchanges (tidal cycle), and they are used exclusively to grow 

oyster juveniles (i.e., óspatô) (Colsoul et al., 2021). This old practice was already in use in 

France back in the 17th century, when seed oysters were dredged and placed in salt marsh pools 

or constructed ponds until they reached the market size (Héral, 1990; Buestel et al., 2009). 

Pond cultures have been, and are still, successfully employed in Ireland (Cork Harbour), where 

millions of seed oysters are produced every year in small ponds, stocked with hundreds of 

mature oysters (Laing et al., 2005). 

Due to the decline of native oyster populations all around Europe, at the beginning of 

the 20th century the commercial production showed a clear shift to the recently introduced non-

indigenous oyster species, in order to meet the increasing market demand. Consequently, 

production techniques stalled over the subsequent decades, as native oyster production was less 

relevant to the current needs (Buestel et al., 2009). It was not until the mid-1900s that new 

experimental techniques, based on artificial reproduction, were developed and tested on native 

oysters. O. edulis larvae were successfully reared using new laboratory methods and artificial 

breeding techniques (Cole, 1937; Bruce et al., 1940; Alagarswami, 1982). Since then, land-

based production of native oyster seed has highly evolved and improved, with the 

establishment of small and large-scale hatcheries all around Europe. An oyster óhatcheryô is a 

facility where adults are conditioned to breed, larvae are reared until metamorphosis, and 

juveniles are grown until they reach the commercial size (Preston et al., 2020a; Colsoul et al., 

2021). Recently, all different production techniques (wild seed collection, pond culture, 
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hatchery) have been employed in the production of oyster seed, not only for commercial, but 

also for restoration purposes (Kaspar, 2014). 

 

2.2 Oyster hatchery production - technical aspects 

Bivalve hatcheries have existed for over half a century, and over time they became 

more popular as farming techniques improved. Now they are well-established all around the 

world, often representing the major source of seed (Davis and Calabrese 1969; Helm and 

Bourne, 2004). Most of the global marine bivalve production (89%) currently comes from 

aquaculture, while only 11% comes from the wild fishery. Compared to oyster seed production 

in ponds and in the wild (spat collectors), hatchery production may be considered more reliable 

because it enables more controlled conditions, with a wider manipulation of the breeding 

process and a greater control of pathogens and predators (Laing et al., 2005; Wijsman et al. 

2019). It also allows to extend the production outside the natural season, producing oyster seed, 

potentially, all year round (Kaspar, 2014). By producing seed early in the year, it is also 

possible for the juveniles to reach larger sizes before winter, being more resistant to low 

temperatures (Helm and Bourne, 2004). 

Oyster hatcheries can differ considerably from site to site in terms of design, operations, 

biosecurity and management plan, depending on cultured species, local conditions, and 

production targets. However, the basics for any bivalve hatchery are the same and include 

important and delicate biological processes, such as broodstock (adults) conditioning and 

spawning, larval culturing and setting, early spat (juveniles) rearing in nursery systems, and 

microalgal production in algal culture facilities (Héral, 1990; Utting and Spencer, 1991; Helm 

and Bourne, 2004). Since the publication of the first manual on bivalve hatchery culture, 

specifically focused on the production of C. virginica (Dupuy et al., 1977), significant progress 
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has been achieved in hatchery design, operative procedures, and production success, with 

several improvements in each production area (Mann, 1984; Goulden et al., 2013). The most 

currently used hatchery manual was published by Helm and Bourne (2004), and it includes 

general guidelines on bivalve production, without specialising on a particular species.  

The methods involved in every stage of oyster hatchery production are presented briefly 

in this paragraph. However, more comprehensive technical details have been outlined in Table 

2.1, with relevant references. 

 

Table 2.1. Hatchery techniques for broodstock conditioning, larval culturing, and spat rearing 

of O. edulis. (*Cultched seed = settled on cultch; **Cultchless seed = not settled). 

 

 BROODSTOCK LARVAE  SPAT 

System 
 

Flow-through systems 

(FTS):  

seawater input from above 

the tank; outlet located at the 

top of the tank; seawater 

from the outlet discharged; 

additional drain plug at the 

bottom of the tank to 

facilitate the draining. 

 
Recirculating aquaculture 

systems (RAS):  

same systemôs layout of the 

above-mentioned flow-

through; seawater from the 

outlet is not discharged, but 

filtered, sterilised, and 

supplied again to the tanks.  

Flow-through systems 

(FTS):  

seawater supplied to a 

gravity tank (or via electric 

pump), and then flowing 

through the inlet at the base 

of the tank; outlet located at 

the top of the tank; seawater 

from the outlet discharged. 

 
Recirculating aquaculture 

systems (RAS):  

same systemôs layout of the 

above-mentioned flow-

through; seawater from the 

outlet is not discharged, but 

filtered, sterilised, and 

supplied again to the tanks.  

 
Static systems:  

extra aeration by a single air 

outlet located just off the 

tank bottom (air flow rates 

from ~ 30 L/h until 200 L/h 

for final larval stages).  

Cultched* seed: 
- Static systems 

- Flow-through systems 

(FTS) 

 
Cultchless** seed: 
- Recirculation systems 

(RAS) 
- Flow-through systems 

(FTS) 

 
Both systems have an 

óupwellingô circulation, with 

water supplied at the bottom 

of the tanks, and then 

passing upwards through the 

bed of spat, to be discharged 

at the top of the tanks.  

Tanks 

Flow-through tanks:  
(50-150 L), with holding 

trays (~1 cm mesh) placed 

under the outflow and off 

the bottom of the tank. 

Conical fibreglass tanks: 

(100-500 L), FTS or RAS, 

upwelling tanks with drain 

valve at the bottom to drain 

the water and trap dead 

larvae (also inlet); outlet at 

the top of the tank fitted with 

Cultched* seed: 
Large tanks (~ 3000 L), 

either indoors or outdoors 

(roofed over to shade the 

water surface), containing 

bags or strings of cultch, 

with spat set on them. 
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a "banjo" filter (60 µm mesh 

screen) to retain the larvae. 

 
Flat-bottomed fibreglass 

tanks: 

(100-500 L), static systems 

with drain valve at the 

bottom to drain the water 

and trap dead larvae. 

 

 
Cultchless** seed: 
- RAS systems - water 

pumped from a reservoir to 

the bottom of large 

concrete/fibreglass holding 

tanks, containing either 

mesh based cylinders or 

inverted plastic bottles (1-3 

L), holding oyster spat; 

outflows, fixed at the top of 

the cylinders/bottles, bring 

water back to the reservoir; 

the outlet of the big holding 

tank is also connected to the 

reservoir tank, to maintain a 

constant water level inside 

the tank; each tank unit is ~ 

3000 L volume and contains 

about 10 cylinders/bottles. 

 
- FTS systems - large tanks 

(~ 3000 L), either inside the 

hatchery or outdoors, with 

the same layout as the 
recirculation systems above-

described; no reservoir tank; 

discharged water passing 

through mesh screen to 

collect any spat accidentally 

floated away. Some 

hatcheries use water 

supplied from outdoor 

shallow ponds, with 

discharged water returning 

to the ponds. 

Flow rate 

Flow rate:  

between 0.5 and 2.5 L h-1 per 

oyster is ideal (~25 ml min-1 

per adult). 

 
Total water exchange rate:  

higher than 90 minutes to 

minimise losses of algae (60 

to 80% consumption of 

food). 

FTS and RAS systems: 

flow rate adjusted such that 

the total daily throughput is 

the same or greater than the 

total tank volume. The flow 

rate is 0 during larval 

settlement, just aeration. 

 
Static systems:  

the flow rate is 0. 

Cultched* seed: 
In FTS systems the total 

tank volume needs to be 

completely exchanged in 24 

hours (125 L/h, in 3000 L 

tanks). 

 
Cultchless** seed: 
In both RAS and FTS 

upwelling systems, a flow 

between 20 and 50 ml/min 

per grams of spat is ideal, 

although the larger the spat 

are the higher flow will be 

needed. Lower flow rate is 

required in narrower 

cylinders. 

Oyster size 50 - 90 mm From 140 to 330 ɛm From 0.3 mm until 3-5 mm 
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Oyster density 1 oyster every 2-3 L 1 000 - 9 000 larvae L-1 

200 mg of spat L-1 (in 3000 

L tanks, 600 g of spat 

usually reared ï 60 g for 

each cylinder). 

Water 

Filtration :   

filtered (10 ɛm, 3 ɛm, 1 ɛm 

+ UV) or unfiltered water. 

 
Temperature:  

raised 1°C per day, from 

12°-14°C until 18°- 22°C. 

 
Salinity:  

from 25 - 37 psu. 

 
Day-light :  

8-16 hours. 

Filtration :  

filtered water (1 µm, 2 µm + 

UV). 

 
Temperature:  

18 ï 24 °C. 

 
Salinity:  

28 - 34 psu. 

For rearing of both cultched 

and cultchless seed, 

seawater supplied to any 

tank unit (recirculation, 

flow-through and static 

systems) is filtered and 

heated to larval culture 

standards during their first 

week after settlement.  

 
After a week: 

 
Filtration :  

10 or 20 µm cartridge 

filtered water; or unfiltered 

seawater in FTS systems. 

 
Temperature:  

decreased by 1 - 2 ºC per 

week, to gradually 

acclimatise to ambient sea 

temperature, before leaving 

the hatchery. 

Food/Algal supply 

Delivery:  

mixed live algae, or algal 

paste, supplied by peristaltic 

pump from cooled and 

aerated algal reservoirs. 

 
Concentration:  

2 - 10 cells ɛl-1. 

 

Daily food ration:  

3 - 9 % of oyster dry meat 

weight. 

 
Algal species:    

Isochrysis galbana, Pavlova 

lutheri, Tetraselmis suecica, 

Thalassiosira spp. (T. 

pseudonana, T. weisfloggii), 

Skeletonema spp. (S. 

costatum), Chaetoceros spp. 

(C. calcitrans, C. gracilis), 

Rhodomonas salina, 

Monochrysis lutheri. 

Delivery:  

mixed live algae, supplied 

by peristaltic pump from 

cooled and aerated algal 

reservoirs.  

 
Concentration:  

~ 100 cells ɛl -1 (Isochrysis 

equivalent). 

 
Daily algal ingestion: 

from ~ 19 200 cells 

(Isochrysis equivalent) 

ingested by 170 ɛm-sized 

larvae, to ~ 118 800 cells 

ingested by 280 ɛm-sized 

larvae. 

 
Algal species:    

Isochrysis galbana, Pavlova 

lutheri, Tetraselmis suecica, 

Thalassiosira pseudonana, 

Chaetoceros spp. (C. 

calcitrans, C. muelleri), 

Rhodomonas salina, 

Monochrysis lutheri. 

 Live algae or algal paste is 

added daily (1-2 times a 

day) to static tanks (cultched 

seed) or reservoir tanks of 

recirculation systems 

(cultchless seed). 

 
Ration (weekly):  

~ 0.4 mg dry weight of algae 

per mg live weight of spat. 

 
Algal species:  

during the first week, small 

spat are fed the same diet 

used for larval culture; after 

the first week a mix (50:50) 

of Tetraselmis sp. and one 

of the diatoms species (e.g. 

Chaetoceros 

muelleri, Thalassiosira 

weissflogii, Skeletonema 

costatum) is suggested. 

 
Flow-through systems (both 

cultched and cultchless 

seed) do not usually need 

controlled feeding, in terms 
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of species composition and 

daily ration. Algae supplied 

continuously from the 

natural environment, 

although additional food 

may be required. 

Spawning / 

Settlement 

Spawning: 
 

Days of conditioning:  

28-56 days at 18-22°C (the 

higher the temperature, the 

shorter the conditioning 

period). 
 

Swarning: 
 

Density:  

1-3 millions of larvae 

released by a single adult 

oyster (70 - 90 g). 

 
Collection:  

when swarning is expected 

tanks are checked every 2 - 

3 hours; partially submerged 

sieve (90 ɛm mesh) are 

placed at the outlet of the 

tank to retained larvae (~145 

ɛm) released by the adults; 

larvae are collected and 

washed with filtered (0.2 

ɛm) seawater on a 90 ɛm 

screen. 

 
Larval check:  

larvae are counted and 

measured with a microscope 

(x100 magnification) fitted 

with an eye-piece graticule 

calibrated against a 

micrometer slide.  

Settlement: 
 

Cultched seed:  

when 50-80% of larvae are 

larger than 300 ɛm and have 

developed eye and foot 

(pediveliger larvae), either 

settlement substrates (shell 

material or PVC collectors) 

are added to the larval tanks, 

or the largest larvae are 

moved to dedicated static 

settlement tanks, after being 

graded and selected on a 200 

ɛm mesh (remainder larvae 

left in the larval tanks to 

grow and develop further). 

Density in the settlement 

tanks = 300 - 1000 larvae L-

1. 

Cultchless seed:  

produced by adding small 

shell particles to larval tanks 

(single larval settlement) or 

removing settled oysters 

from the collectors with a 

razor blade. Chemicals, such 

as neurotransmitters 

(epinephrine, 

norepinephrine, L-DOPA), 

can also be used to induce 

larval metamorphosis 

without fixation (no 

provision of settlement 

substrate). 

 

Cleaning 

Tanks drained and cleaned 

1-2 times a week. 
FTS systems:  

3 times per week; banjo 

filters cleaned daily; internal 

surface of flow-through 

tanks cleaned with a soft-

bristle brush, at least once 

during the culture period 

(flow rate increased during 

cleaning to flush out the 

debris). 

 

 
RAS systems:  

same as the FTS systems but 

including the cleaning of the 

Any tank unit (recirculation, 

flow-through and static 

systems), used to rear both 

cultched and cultchless 

seed, needs to be drained 

and cleaned 2-3 times per 

week, to remove faeces and 

detritus accumulated.  
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reservoir tank and all filters 

on each cleaning day. 

 
Static system:  

tanks drained and cleaned 

every day. 

Monitoring  

Health conditions: checked 

daily. 

 
Mortality:   

checked daily. 

 
Measurements:  

length, height, depth taken 

weekly. 

FTS systems:  

samples from each tank 

collected 3 times a week 

(during cleaning); larval 

grading using seawater and 

a stack of sieves of 

descending mesh sizes; sub-

samples from each sieve 

taken and analysed with a 

microscope, counting live 

and dead larvae, and 

measuring shell length of 

50-100 random live larvae. 

 
RAS systems:  

same as FTS. 

 
Static systems:  

larval grading, counting, and 

measuring performed every 

day, as described for FTS 

and RAS systems. 

Cultched* seed: 

Density, mortality and 

growth of spat set on cultch 

are monitored weekly. 

 
Cultchless** seed: 
Once per week, spat are 

graded using seawater and a 

stack of sieves of 

descending mesh sizes, 

determining the biomass of 

each grade. Sub-samples 

from each sieve are also 

collected to assess the total 

number and mortalities of 

seed. 
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2.2.1 Broodstock conditioning and spawning 

Broodstock conditioning is the first essential stage of oyster hatchery production, 

during which, adult oysters are kept in controlled conditions and induced to reproduce. In the 

past decades, numerous different techniques have been developed and tested, to induce 

broodstock sex differentiation and gonad development (gametogenesis) and accelerate the 

production of oyster larvae (Helm and Bourne, 2004). To condition the broodstock, oyster 
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hatcheries may select different water systems, tanks, flow rates, water conditions, stock 

densities, feeding protocols, and husbandry practices. However, some techniques are more 

successful than others and, nowadays, are frequently used as references (outlined in Table 2.1).  

Either flow-through systems (FTS) or recirculating aquaculture systems (RAS) can be 

employed for the conditioning of broodstock. In FTS the outflow gets discharged and new 

seawater is constantly supplied to the system, whilst in RAS the outflow is filtered and 

sterilised before being supplied again to the system. The FTS are often preferred, as the outflow 

does not get recycled. Instead, when the RAS are used, frequent draining and cleaning of the 

tanks must be performed in order to prevent accumulation of metabolites and bacterial growth. 

The use of static systems is highly unrecommended at this stage of the production.  

Regardless of the water system used, adult oysters must be kept in flow-through tanks 

with a constant inflow and outflow, guaranteeing frequent water exchanges. Holding trays are 

usually fit in the flow-through tanks, below the outflow, to keep the broodstock suspended off 

the bottom and to allow the sinking of the faeces (Fig. 2.1). The selection of the correct flow 

rate for each tank is crucial, as the total water exchange rate is strictly dependent upon it. The 

latter must be high enough to minimise food losses, but not too high to avoid bacterial growth. 

A total exchange rate of 90 minutes is usually recommended, although this must be adjusted in 

relation to the number of oysters in the tanks, as both food ingestion and faeces production 

increase at high broodstock densities (Helm and Bourne, 2004).  

Although oysters are accustomed to turbid environments, an increase in suspende 

sediment can decrease filtration, negatively affecting feed efficiency, growth, and reproduction 

of broodstock during the conditioning period (Korringa, 1952; Hutchinson and Hawkins, 

1992). High concentrations of suspended sediments may also trigger the production of new 

shell (shell thickening) and more pseudofaeces, both of which involve an additional energetic 
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cost (Yonge, 1960; Moore, 1977). Therefore, the incoming water is usually filtered, and 

frequently sterilised to also avoid the contamination of the system by other organisms.  

 

 

Figure 2.1. Broodstock conditioning in flow-through tanks and larval collection. Source: 

Utting and Spencer, 1991. 

 

Water parameters (e.g., temperature and salinity) and photoperiod are selected 

according to the species being conditioned, and they are adjusted and/or kept constant 

throughout the conditioning period (daily checking).  

The oyster density in the tanks may change depending on the stock availability and 

production targets, although the generic reference is one oyster every 2-3 litres (Helm and 

Bourne, 2004). In the specific case of the genus Ostrea, in order to select appropriate 

broodstock and ensure that both sexes are present, it is necessary to select only oysters above 

a certain size that reached sexual maturity (Spencer, 2008).  

During the conditioning phase, oysters are fed specific diets, consisting of cultured 

marine microalgal species. Commercial algal pastes can be used in alternative to live algae 

(Robert and Trintignac, 1997; Helm and Bourne, 2004). The food ration is usually selected 

based on the stock density but, more specifically, on the dry meat weight of the oysters. The 
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higher the oyster density, the more food is required. However, it is suggested to not exceed in 

algal concentration, in order to avoid drops of oxygen levels (Robert and Gerard, 1999; 

Peabody and Griffin, 2008). The typical food ration used in oyster hatcheries ranges between 

3% and 9% of the mean dry oyster meat (dry weight of algae fed per day), although food ration 

should always be selected in combination with the flow rate, as the interaction between these 

two factors has been reported to be significant (Maneiro et al., 2020). Together with water 

temperature, food availability has been identified as the most relevant factor to broodstock 

conditioning, affecting oyster gametogenesis and spawning (Marteil, 1976; Mann, 1979; 

Wilson and Simons, 1985; Sphigel, 1989).  

After 2-4 weeks of broodstock conditioning, gametogenesis is usually completed and 

spawning (emission of gametes) can be induced through chemical, biological, or thermal 

stimuli. The induction by chemical stimuli involves the use of serotonin, whilst biological 

stimuli consist of the addition of oyster gametes, previously deactivated by ultrasounds, into 

the broodstock tanks (Gendreau, 1988). Thermal stimuli, specifically variations of seawater 

temperature, is the most commonly used to induce oyster spawning. The temperature can be 

raised either drastically (thermic shock) or gradually (1°C degree a day) (Loosonoff and Davis, 

1963; Marteil, 1976; Laing et al., 2005). In the first method, the seawater is kept consistently 

low and then increased over a short period of time (1-2 hours), enabling a better control and 

manipulation of spawning induction. In the second method, following the gradual rise of 

temperature, the spawning can occur at different times, and this usually depends on the species-

specific degree-days, which for O. edulis ranges between one and two months depending on 

the temperature (Helm and Bourne, 2004) (Table 2.2). The latter technique is frequently 

preferred, as it is less stressful for the oysters (Crawford, 2016). Since flat oysters brood their 
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larvae, the strip-spawning technique commonly used for Crassostrea species (manual removal 

of gametes from mature oysters) cannot be employed (Lapegue et al., 2006).  

 

Table 2.2. Summary of information relevant to the conditioning of five oyster species 

commonly cultured in hatcheries. The conditioning period will vary considerably according to 

the stage in gametogenesis the adults are in when brought to the hatchery. Source: Helm and 

Bourne, 2004. 

 

Oyster species Temperature (ºC) Conditioning period (days) 

M. gigas 20-24 28-42 

C. virginica 20-22 28-42 

C. rhizophorae 20-22 21-35 

O. edulis 18-22 28-56 

T. lutaria 18-20 28-56 

 

Once released, oyster larvae move upwards and start swimming at the surface of the 

water. From there, they can be collected either by scooping the upper layer of the water using 

a sieve, or by overflowing the water from the broodstock tanks into larval collection tanks, 

containing sieves (Fig. 2.1). The mesh size of these sieves needs to be 90 µm or less, to ensure 

the larvae are caught (larval size 140-190 µm) (Spencer, 2008). Larvae released by different 

oyster batches are usually kept separated (collected into separate sieves). The daily check of 

the sieves is performed as a daily husbandry task (Helm and Bourne, 2004). 

The techniques listed above represent some general guidelines for oyster broodstock 

conditioning and spawning induction in hatchery settings. However, the same method may 

produce different outcomes, and its success may vary greatly between different geographic 
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areas (zu Ermgassen et al., 2023/in press). Therefore, local water conditions need to be taken 

into account before undertaking these practices. 

 

2.2.2 Larval rearing 

Larval culturing is the crucial stage of oyster hatchery production that involves the 

rearing of larvae from swarming (veliger larvae) to settlement (pediveliger larvae). So far, 

several studies tried to identify the most suitable conditions to rear oyster larvae. In regards of 

O. edulis, a large body of literature has documented the effects of water quality conditions on 

larval growth and survival (Walne, 1956, 1964, 1965, 1970; Davis and Calabrese, 1969; Helm 

and Spencer, 1972; Jeffries, 1982), although most of the available literature concerns larval 

nutrition (Walne, 1965; Millar and Scott, 1967; Holland and Spencer, 1973; Robert et al., 1988; 

Labarta et al., 1999; Robert et al., 2017). The results of these investigations helped develop the 

rearing techniques, currently used in oyster hatcheries (summarised in Table 2.1). 

Immediately after their release and collection, oyster larvae are usually rinsed with 

filtered seawater, counted, and measured using a microscope. Then they are transferred to the 

larval system, which can be FTS, RAS, or static (Helm and Bourne, 2004). The selection of 

the type of water system for larval rearing depends greatly on the availability of, not only 

budget, but also workforce. The use of RAS and static systems, for example, allows water and 

energy saving, but it necessitates frequent and meticulous cleaning procedures. FTS systems, 

on the other hand, are often preferred because they require fewer human resources, although 

water and energy consumptions are higher. Moreover, the same system may lead to 

unsuccessful larval culturing when used in different geographic areas, reflecting the different 

local conditions and needs for different levels of water treatments.  
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When FTS and RAS systems are selected, oyster larvae are usually cultured in conical 

fibreglass tanks, fitted with a bottom drain (Fig. 2.2). These tanks are called óupwellersô 

because the water flows from the drain at the bottom of the tank to the top, from where it gets 

discharged (FTS) or recycled (RAS). This upward flow allows the larvae to be distributed in 

the water column (Wood and Hargis, 1971). The flow rate is adjusted such that the total hourly 

throughput is the same or greater than the tank volume (Helm and Bourne, 2004). A óbanjoô 

filter (so named because of its shape), fitted with a suitable mesh size, is added to the outlet of 

the tank to retain the larvae. The drain at the bottom is also used to empty the tanks and/or to 

trap and discharge the sinking dead larvae. Any type of fibreglass tank can be used in static 

systems (different volumes or shapes), although flat-bottomed tanks, fitted with drains at the 

bottom, are more frequently used. Extra aeration is usually supplied to the bottom of static 

tanks, to avoid drops of dissolved oxygenôs levels. 

The water supplied to FTS and RAS systems, or used to fill the static tanks, must be 

meticulously filtered, mainly to prevent the occurrence of sediment and organic debris, and the 

introduction of other planktonic organisms in the system, which may potentially predate or 

compete with oyster larvae for food and space (Lucas and Southgate, 2003). Sterilisation, using 

UV lamps, is also necessary to avoid pathogens contamination and spread of diseases. 

The selection of the correct water parameters and photoperiod, suitable to the oyster 

species cultured, is crucial to increase larval competence and to reduce the time larvae spend 

in the pelagic phase. In hatchery settings this allows, not only to lower the exposure to potential 

threats (e.g., diseases, competitors) like in natural conditions, but also to drop considerably the 

costs of energy and labour (Davis and Calabrese, 1969; Laing et al., 2005). These parameters 

are usually checked daily and kept consistent throughout the whole culturing process, as larval 
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survival has been shown to be greatly affected by drastic and/or sudden changes of rearing 

conditions (Davis and Ansell, 1962; Korringa, 1976). 

 

 

Figure 2.2. Upwelling larval tank: LT: larval tank; S -  delivery pipe; F: flowmeter; IF: inflow; 

OF: outflow;  D: drain valve; P: peristaltic pump; AR: algal reservoir. Source: Helm and 

Bourne, 2004. 

 



Chapter 2. Hatchery design 

 

 85 

In the literature, the hatchery larval density used in FTS and RAS systems varies 

greatly, ranging from 1 to 9 larvae per ml, whilst in static tanks the density is kept lower 

(maximum 5 larvae per ml), to avoid drops of oxygen levels and pathogen contamination, due 

to overcrowding (Walne, 1974; Lucas and Southgate, 2003; Gonzalez-Araya et al., 2012b). 

Regardless of the selected water system and initial density, the number of larvae cultured must 

be reduced as they grow, to make sure they have enough space and food to develop (Helm and 

Bourne, 2004).  

Oyster larvae are fed live marine microalgae, usually cultured in the same hatchery. In 

the past years, the use of several different algal species has been tested and proved to be suitable 

for larval culturing (Walne, 1956, 1964, 1965; Utting and Spencer, 1991). Due to the high 

energy demand of larvae, the concentration of algal cells supplied to them is typically raised 

as they grow (Lucas and Southgate, 2003), although the concurrent reduction of larval density 

must be taken into account. For this reason, accurate food rations are usually calculated and 

adjusted on a daily basis, depending on larval size and density, to ensure high levels of food 

consumption by oyster larvae. Although the microalgal food is often supplied to the larval tanks 

consistently during the day (using electric dosing pumps) (Helm and Bourne, 2004), when it is 

highly concentrated, the overall volume of food required for larval rearing may still be lower 

than for other stages of hatchery production. Most importantly, the algal food must be biosecure 

and high quality, both nutritionally and biologically (Robert and Gerard, 1999). 

Maintenance and cleaning of larval systems are crucial for the success of larval rearing. 

The tanks are usually drained, cleaned, and disinfected three times a week in FTS and RAS 

systems, or daily in static systems, to avoid pathogen contamination and instances of diseases 

(Peabody and Griffin, 2008).  Occasionally, antibiotics are added to the larval culture to control 

bacterial contamination, and samples of seawater are often collected from each tank for 
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microbiological analysis (Davis and Calabrese, 1969). On cleaning days, the monitoring of 

larval mortality, growth, and health is also performed. While the tanks are emptying, the larvae 

are usually collected in sieves (fitted with the suitable mesh size), washed thoroughly with 

filtered seawater, and then poured through a pile of sieves of descending mesh sizes. The latter 

procedure, called ólarval gradingô, is essential because it allows, not only to catch and discard 

dead/sick larvae which get caught in the small-sized sieves (larval culling), but also to divide 

the larvae into separate size classes while they grow. Samples from each of the different sieves 

are then analysed with a microscope, counting live and dead larvae, and measuring length and 

width of the larval shells (Helm and Bourne, 2004). 

Despite the high number of studies conducted in the past decades on larval survival and 

growth during hatchery production, larval culturing remains the most critical stage of O. edulis 

production (see Section 1.3.2.1). Large knowledge gaps on larval feeding and food 

assimilation, and the lack of standardised methods, make the current rearing techniques 

inefficient and unsuccessful. The success of larval culturing and, consequently, efficient, 

reliable, and financially sustainable O. edulis production at scale is dependent on meeting this 

challenge. 

 

2.2.3 Larval settlement and spat rearing (nurseries) 

After 10-14 days of culturing, the surviving oyster larvae should be finally competent 

to adhere to a substrate and settle. Larval recruitment, which involves settlement and 

metamorphosis, is an essential step for any bivalve hatchery, affecting the outcome of the 

whole production operation (Hadfield et al., 2001). As soon as the larvae reach the pediveliger 

stage, showing the peculiar anatomical features (eye-spot, foot) and initial settlement 

behaviours (sinking and swimming/crawling near the bottom of the tank), larval settlement 
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must be facilitate, by keeping them in downwelling systems (Cranfield, 1973; Acarli and Lok, 

2009). These consist of static aerated tanks, filled with settlement substrate. The larvae can be 

either transferred to specific setting tanks, containing the settlement substrates, or left in the 

same larval tanks, to which the cultch is added. The latter technique is often preferred, as it 

does not involve any movement of larvae (less stressful) (Helm and Bourne, 2004). As well as 

in spatting ponds, spat collectors are frequently used in hatchery settings as an additional 

indicator of larval competence to settle (added to larval tanks).  

Oyster hatcheries may produce both ócultchlessô or ócultchedô seeds. Cultchless seeds 

are oyster spat settled onto small pieces of cultch (micro-cultch - mean size < 1mm), such as 

grains of sand or grinded pieces of shells, whilst cultched seeds, also known as óspat-on-shellô, 

are represented by one or several oyster spat attached to larger settlement substrates, such as 

empty shells (Fitzsimons et al., 2019). The production of cultchless seeds is usually employed 

in commercial aquaculture business for marketing reasons, such as the appearance of shells 

(Mizuta and Wikfors, 2018).  

Cultched seeds, instead, are more often produced for restoration purposes because they 

are less vulnerable to natural predation and hydrodynamic conditions than individual cultchless 

spat (Kaspar, 2014). Once deployed, spat-on-shell also mimic the natural structure of oyster 

reefs, providing extra substrate available for larval settlement, and contributing to the recovery 

of natural populations and the re-establishment of oyster reefs (Fitzsimons et al., 2019). 

Bivalve shells, particularly mussel, scallop, and oyster shells, represent the most commonly 

used type of cultch in oyster hatcheries (Laing et al., 2005). However, the success of larval 

recruitment in hatchery settings depends, not only on the type of substrate selected (physical 

cues), but also on the presence/absence of microbial communities, forming biofilms on its 

surface (biological cues). The presence of biofilms, characterised by microbial cells enclosed 
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in an extracellular matrix, has been shown to improve larval settlement of numerous marine 

organisms, including oysters (Tamburri et al., 1992; Campbell et al., 2011; Rodriguez-Perez 

et al., 2019). For this reason, shells, or other settlement material, are usually conditioned in the 

seawater prior to use, to enable the colonisation by microorganisms and the establishment of 

biofilms. Moreover, settlement and metamorphosis of competent larvae can be also triggered 

by natural inducers, which are usually produced and released by adult oysters to facilitate larval 

recruitment in natural conditions, as part of their typical gregarious behaviour (chemical cues). 

Some chemical substances, such as GABA (Gamma aminobutyric acid) or neurotransmitters, 

like L-DOPA, epinephrine, and norepinephrine, have been identified as functional analogues 

of these natural cues (Garcia-Lavanderia et al., 2005; Mesias-Gansbiller et al., 2013; Crawford, 

2016). Therefore, they are frequently used in hatchery conditions to stimulate the settlement 

and metamorphosis of competent pediveliger larvae, and to improve oyster recruitment. 

However, the use of chemicals to induce larval settlement is still being debated, as the treated 

larvae could not have sufficient reserves to develop into juveniles (Helm and Bourne, 2004). 

After a maximum of three days, the settlement tanks must be drained to discard any 

unsettled larvae, while the newly settled oyster spat are moved to protected nursery systems, 

where they can be grown before being transferred to the restoration sites or commercial 

businesses. Nursery techniques may vary depending on the type of seed cultured, the purpose 

of production, and the resources available (Spencer, 2008). Cultchless spat, for example, are 

typically cultured in vertical air-perfused upwelling cylinders (Fig. 2.3), kept in FTS or RAS 

systems, until they reach a minimum size of 1 mm. Then they are transferred into large trays, 

fitted with a perforated base of suitable mesh size. These oyster seeds are frequently graded to 

separate them into size classes as they grow (Crawford, 2016). Spat-on-shell, instead, can be 

reared in static or FTS tanks, held in either trays or bags. 
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Figure 2.3. Diagram of an upwelling tank system for the rearing of cultchless spat: r - reservoir; 

ht - holding tank; of - overflow pipe; c - cylinders; p - pump. Source: Helm and Bourne, 2004.  

 

Regardless of the type of seeds cultured, and the techniques used, the procedures to 

maintain the nursery systems and to on-grow oyster spat are mainly the same. Several studies 

have been performed in the past years to develop the most suitable protocols for spat rearing 

in nursery systems (outlined in Table 2.1) (Spencer et al., 1986; Spencer, 1988; Laing and 

Millican, 1992). Particularly important is the oyster density, which greatly affects the growth 

rate, and consequently the duration of the on-growing period. Low densities are usually more 

effective, ensuring faster growth (Crawford, 2016).  

The inflow water supplied to FTS nursery systems is frequently unfiltered, providing 

oyster spat with seawater rich in algal food and nutrients. In this case, there should be no need 

to actively feed the juveniles during this stage of production, cutting significantly the costs of 

labour and algal culturing. However, additional algal food (either live culture or algal paste) 
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must be provided, in case the quantity of microalgae, naturally occurring in the supplied 

seawater, is not sufficient to ensure a healthy growth of oyster seeds (Peabody and Griffin, 

2008).  

Growth and survival of spat are regularly monitored throughout the whole duration of 

the on-growing phase. Overall, oyster survival at this stage of the production is typically high, 

although early mortality may occur immediately after settlement. Oyster spat are grown in 

nurseries until they reach the desirable size, which for commercial aquaculture is usually the 

marketable size (> 70mm) (Barnes et al., 1973), whilst for restoration it is typically smaller (30 

- 50mm) (Crawford, 2016). When the main goal of production is ecological restoration, oyster 

seeds can be transferred from the hatchery straight to the restoration sites, where they are 

deployed on the seabed and left to grow out into the adult phase (Lucas and Southgate, 2003). 

Contrarily to spat-on-shell, cultchless seeds are more vulnerable to strong tidal and wave 

action, siltation, and predation. For this reason, they are usually deployed in trays, cages, or 

bags. The latters are frequently biodegradable (e.g., mussel mesh), and the mesh size is selected 

so that the water can flow through providing algal food to the spat (Crawford, 2016). Frequent 

monitoring of survival and growth of the deployed spat is necessary to assess the success of 

the operation.  

Depending on the resources available, some hatcheries do not contemplate the use of 

nursery systems for the on-growing of oyster spat. Instead, juveniles are transferred to the 

natural environment straight after settlement, promoting a more extensive, rather than 

intensive, production approach (mariculture). This allows to reduce the costs of production, 

related to spat feeding, husbandry practices, and maintenance of the rearing systems (Lucas 

and Southgate, 2003). However, the post-deployment survival of small spat is often remarkably 

low, due to their high vulnerability to several factors (Gillies et al., 2017). For this reason, more 
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accessible intertidal zones are often selected as deployment sites (Nosho, 1989). Moreover, the 

newly settled seeds are typically hanged and kept safely off the sea bottom. In the past decades, 

numerous mariculture techniques have been established to improve oyster spat rearing in the 

natural marine environment. In Jersey, for example, Jersey Sea Farms has recently developed 

new successful growing methods, which have been employed by several aquaculture 

businesses and restoration projects all around Europe and the UK. These techniques 

contemplate the use of small plastic structures (óMicroreefsô) or baskets (óOrtacsô), which can 

swing in the water, suspended off the substrate. This allows, not only to protect the small spat, 

increasing their survival rate, but also to expose them to natural hydrodynamic and 

environmental conditions, improving their growth rate (MMO, 2013).  

Remote setting is an alternative technique for oyster production, developed in the US 

in the late 1970s and firstly introduced in Europe in the late 1980s. It involves the seeding of 

pediveliger larvae supplied by hatcheries (Guesdon et al., 1989). This approach allows the 

removal of the more expensive land-based spat rearing, leaving hatcheries with the sole 

purpose of producing larvae. It also enables the skipping of the settlement practices, reducing 

substantially the costs of production. However, although the feasibility of remote setting for 

the production of flat oysters has been previously tested and demonstrated, further 

investigations and numerous optimizations are needed to improve larval survival during 

translocation and to develop suitable protocols (Guesdon et al., 1989; Carbonnier et al., 1990; 

Coatanea et al., 1992). In Europe the use of remote setting has always been relevant only for 

the production of M. gigas, and nowadays it has been almost completely abandoned (Colsoul 

et al., 2021).  
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2.2.4 Microalgal production 

Since all stages of oyster hatchery production are fed on microalgae (broodstock, 

larvae, spat), the establishment of separate facilities for the production of algal food is usually 

required. Although alternative sources of food, such as algal paste, can be successfully used, 

live phytoplankton is essential to rear oyster larvae. Therefore, hatcheries rely significantly on 

algal culture production, even if just small-scale. Different species of flagellate and diatom 

algae can be cultured and used to feed the oysters. The most commonly used in oyster 

hatcheries are: Isochrysis galbana, Pavlova lutherii, Tetraselmis suecica, Chaetoceros 

calcitrans, Chaetoceros gracilis, Thalassiosira pseudonana, Nannochloropsis oculata, 

Skeletonema costatum, and Phaeodactylum tricornutum (Helm and Bourne, 2004).  

The process of algal culturing involves an initial scale-up of small volumes of starter 

cultures, and the following maintenance of the culture throughout the whole production season 

(Fig. 2.4). The final volume of algae, maintained and cultured in the hatchery, depends 

significantly on space, budget, and labour availability, dictating the final scale of algal 

production (small-, intermediate-, or large-scale). Regardless of the production size and/or the 

species selected, microalgae are grown under aseptic conditions using filtered and sterile 

seawater, enriched with additional nutrient media containing nitrates, phosphates, and 

vitamins. Filtered air and a source of carbon (carbon dioxide or sodium bicarbonate) are also 

supplied to the culture, while fluorescent lights are used as the energy source in the 

photosynthesis process. Considering the large amount of work this practice requires, trained 

and specialised staff (algal technicians) are usually employed full-time in the algal culture. If 

affordable, the use of photobioreactors may, not only increase quality and quantity of algal 

production, but also reduce the workload and labour required. Indoor intensive cultures are not 

the only option for algal production, as hatcheries can also establish cultures in outdoor tanks 
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or ponds. This allows a drastic cut of the overall costs, although these extensive systems are 

often temperamental and unreliable.  

 

 

Figure 2.4. Steps of algal production and culture scale up. Source: Helm and Bourne, 2004.  

 

Different techniques for culturing microalgae have been developed and tested in the 

past decades, and valuable guidelines have been produced to support algal culture practitioners 

(Lavens and Sorgeloos, 1996; Helm and Bourne, 2004). 

 

2.2.5 Biosecurity Measure Plan (BMP) 

The accidental introduction of pests and pathogens in hatcheries can frequently lead to 

disease outbreaks, jeopardising the whole production. Therefore, effective biosecurity is 

essential and must be prioritised, to ensure successful operations, minimising the risks of 

failure. A Biosecurity Measure Plan (BMP) is usually in place in any oyster hatchery, 

consisting of all the necessary measures to prevent and reduce the risks of introducing, 
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spreading, and transferring diseases/pests into, within, and from the hatchery (zu Ermgassen et 

al., 2020b) (Fig. 2.5). 

 

 

Figure 2.5. Example of Biosecurity Measure Plan (BMP). Source: European Guidelines on 

Biosecurity in Native Oyster Restoration, zu Ermgassen et al. (2020). 

 

The first step to develop a BMP involves the identification of the routes of disease/pest 

transmission on entry, internal, and exit levels (Spark et al., 2018). The major routes commonly 

identified are livestock (e.g., broodstock, larvae, and spat), water (e.g., inflow and outflow), 

people (e.g., staff, visitors), feed (e.g., live culture, algal paste), and equipment. For example, 

the introduction in the hatchery of infected livestock represents a major pathway of 
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transmission on entry level; whilst effluent waters, if not properly treated, may constitute an 

important route of transmission on exit level. People, such as hatchery employees and visitors, 

can easily spread diseases/pests on any level.  

The following step involves the performance of a risk assessment for each route of 

diseases/pests transmission previously identified, assigning them to specific risk categories, 

based on their likelihood and severity.  

Finally, risk management measures (e.g., infrastructural or procedural) are developed 

to minimise the identified risks of diseases/pests transmission. An example of biosecurity 

measure, established to reduce the risks of disease/pests introduction (entry level) through 

movement of livestock, involves the scrubbing and cleaning of adult oysters before entering 

the hatchery and being used as broodstock, to remove epifaunal organisms (fouling) and 

epiphytes that could persist on the shells (Bushek et al., 2004). This can be addressed by manual 

scrapping, brine bath, chlorine bath, or in a cement mixer (van den Brink and Magnesen, 2018). 

Another example of biosecurity measure, developed to avoid spread of diseases both inside 

(internal level) and from the hatchery (exit level) through movement of livestock, involves the 

performance of screenings (e.g., histology, PCR) both on broodstock (regularly during the 

whole production) and spat (before translocation), to detect any parasites and pathogens. 

Dedicated facilities, usually separate from the rest of the oyster hatchery, must be assigned 

exclusively to the crucial quarantine practices. For example, if the health status of wild stocks 

is unknown, prior to entering the hatchery, they are usually conditioned for a few days in the 

isolated quarantine room, to let them naturally depurate themselves (Peabody and Griffin, 

2008). Moreover, in the case of sudden mass mortality or suspicious health status of any 

livestock, oysters must be isolated in quarantine, while inspections and laboratory tests are 

performed.  
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The above-mentioned, represent only some of the measures that can be implemented 

by oyster hatcheries to maintain high biosecurity standards. A more exhaustive description of 

BMP and valuable guidelines on biosecurity practices in the context of O. edulis habitat 

restoration, can be found in the Biosecurity Handbook, recently published by the NORA 

community (zu Ermgassen et al., 2020b). 

The BMP is an essential requisite in the licensing process of any Aquaculture 

Production Business (APB), including oyster hatcheries. In order to be authorised, APBs must 

develop specific BMPs, which have to be approved by the relevant authorities. The type of 

licensing depends on local conditions, species cultured, and aim and scale of production. 

Implementation of biosecurity measures and good record keeping, are essential for the annual 

renewal of existing licences. Regular site inspections take place to review all records (livestock 

movements, mortality, and water quality), and to ensure that APBs are operating within their 

authorisation requirements and as defined in their BMP. 

 

2.3 Differences between commercial and restoration hatchery 

production 

Although the stages of production are the same for any oyster hatchery, the techniques 

employed, as well as the biosecurity measures, may vary greatly depending on the target of the 

operation, with hatchery practices often tailored to specific needs. In this regard, it is essential 

to clarify the differences between hatchery production for commercial and restoration purposes 

(Colsoul et al., 2021).  

When the target is commercial aquaculture, the main goal of production is to meet high 

standards of oyster survival, growth, weight gain and visual appearance (Sas et al., 2020). But 

more importantly, it is crucial to produce disease-free oysters, which are suitable for human 
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consumption. For this reason, oysters are usually meticulously tested by pathologists, to 

guarantee that they do not carry any pathogens, biotoxins, or anything else that could be 

harmful to human health (Peter-Contesse and Peabody, 2005; Peabody and Griffin, 2008). 

Contrarily, when the production target is ecological restoration, all the parameters listed 

above become completely irrelevant, with the exception of oyster survival and growth (Sas et 

al., 2020). Although some microorganisms pose a high risk to food safety, they might not 

necessarily be harmful to the oysters. Moreover, when exposed for long periods to harmful 

pathogens, oysters may survive and develop some tolerance, resilience, or even resistance to 

diseases (Holbrook et al., 2021), the latter transferrable to the following generations. For these 

reasons, although current legislations encourage hatcheries to use broodstock from disease-free 

areas, some restoration initiatives, involving the enhancement of oyster populations in affected 

areas, have been recently considered to promote the development of disease-resistant strains 

and facilitate the re-establishment of self-sustaining populations (Laing et al., 2005). However, 

it is important to take into consideration the risks these practices could pose, introducing 

pathogens or pests into new areas. In the context of biosecurity, it is forbidden to transfer 

oysters from disease-affected to disease-free areas, and oyster translocation must be undertaken 

only when the donor site is characterised by a higher or equal health status as the receiving site. 

Therefore, areas where pathogens are present can supply oysters only locally, without 

involving any translocation (zu Ermgassen et al., 2020b).  

When oysters are produced for ecological restoration the top priority is to maintain high 

genetic diversity within the stocks (Sas et al., 2020). In hatcheries this is mainly addressed 

trying to minimise the occurrence of inbreeding events. Preserving the genetic variability 

allows to promote the adaptability of oysters to stress factors (e.g., diseases, environment 
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changes), increasing the chances of survival in the natural environment after their translocation 

from the hatchery (Hughes et al., 2008; Pogoda et al., 2019).  

Further significant challenges, also related to genetic aspects, must be addressed to 

ensure the success of oyster restoration projects. In particular, translocation of oyster stocks, 

which represents an important phase of any restoration programme, may have a massive impact 

on the genetic asset of existing local populations, particularly when donor and receiving sites 

are located in different biogeographic regions. By increasing the risk of inbreeding and genetic 

mixing, translocation has the potential to alter local adaptation and fitness of both populations 

(Lallias et al., 2010; Fitzsimons et al., 2019). For this reason, in Europe native oyster 

restoration practitioners highly recommend the use of local sources of oyster seeds, in order to 

preserve the extant genetic diversity of O. edulis populations (Pogoda et al., 2019, 2020). The 

employment of local broodstock is highly recommended regardless, firstly because of the 

physiological adaptation to the local environmental conditions, but also because of the high 

risks of introduction of non-indigenous species (zu Ermgassen et al., 2020b). 

Capital and operating costs associated with any oyster hatchery production, either for 

commercial or restoration purposes, are usually significantly high. However, generally 

speaking hatchery production for restoration is more difficult to justify, because some of its 

major outcomes are less tangible from a commercial perspective. It also involves long-term 

commitments, in terms of fundings and general management. The dependance of restoration 

projects on substantial quantities of hatchery-produced oyster seed may last even decades 

(Kaspar, 2014). Nevertheless, several hatchery operations are currently being established 

across the UK and Europe, with the sole purpose of supporting native oyster restoration 

projects. 
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2.4 Design and development of the Solent Oyster Restoration Hatchery 

(case study) 

As outlined in the introductory chapter, the Solent Oyster Restoration Hatchery was 

recently established at the Institute of Marine Sciences of Portsmouth, as a collaboration 

between Blue Marine Foundation and the University of Portsmouth, to accommodate the 

research conducted in the present study and also provide native oyster spat-on-shell for 

restoration in the Solent. The design and operation of this small-scale research hatchery over 

two production seasons is outlined in the following sections as a case study of restorative native 

oyster hatchery production.  

 

2.4.1 Licensing and Biosecurity Measure Plan 

In January 2020 the Solent Oyster Restoration Hatchery was authorised as an 

Aquaculture Production Business by the Fish Health Inspectorate (FHI) (Ref: EW002-K-792). 

As a part of the licensing process, a BMP was developed and specifically tailored to the targets 

of the hatchery production (Appendix H). Since the broodstock was sourced exclusively from 

disease-positive areas in the Solent, to maintain local adaptation and fitness of existing 

populations, the licence allowed no translocation of stock from and to different regions.  

 

2.4.2 Knowledge gathering 

In February 2020, a short tour of oyster hatcheries was conducted with the purpose of 

gathering knowledge and information on O. edulis hatchery practices.  

The first hatchery visited was Morecambe Bay Oysters in South Walney Island, 

Barrow-in-Furness (England), which supplies both native (O. edulis) and pacific oysters (M. 
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gigas) exclusively for commercial purpose. Despite the small- and medium-scale indoor 

production areas (broodstock, larval, and spat rooms, algal culture), this hatchery is 

characterised by the largest oyster nursery in Europe, with over 40 acres of ponds where oysters 

are grown until commercial size. Since it has been operating successfully for several years, the 

tour of this hatchery was useful to gather important information on husbandry practices and 

techniques.  

The second hatchery visited was the Oyster Restoration Company in Orkney, Northern 

Isles (Scotland), which is a hybrid restorative and commercial business producing exclusively 

native oysters. At the time of the visit, no production was being conducted as the hatchery had 

just been built and setup. However, this allowed to gather knowledge on hatchery design and 

setup, and to get familiar with novel aquarium fittings and supplies. This hatchery is now fully 

functioning. 

The third and final hatchery visited was the Zeelandôs Roem shellfih hatchery in 

Yerseke (Netherlands), currently cultivating and producing native oysters (O. edulis), as well 

as other bivalves, such as the pacific oyster (M. gigas) and two species of clams (V. corrugata 

and R. decussatus). This hatchery is a hybrid restorative and commercial operation 

characterised by medium- and large-scale indoor production areas. Part of the small seed (3 - 

4 mm) produced in the hatchery is supplied to local oyster farmers, while the rest is cultivated 

in large outdoor grow-out trails for restoration purposes. Despite the success in producing 

native oyster spat, this hatchery experienced frequent mass mortality, mainly due to herpes 

virus infections which still represent the major threat for this business. Thanks to the kind 

knowledge sharing of hatchery practitioners, this final visit allowed the acquiring of crucial 

information on disease management and biosecurity. 
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Following the tour of hatcheries, the company Ocean on Land Technology, which 

provided most of the aquarium fittings and equipment to the Oyster Restoration Company in 

Orkney, was selected as the main supplier. In the following months, a regular consultancy was 

provided by the technical staff, who contributed to the design and setup of the hatchery.  

 

2.4.3 Hatchery design and setup 

From January until April 2021, the hatchery was finally setup. This included four 

separate production areas (broodstock, larval, spat, and algal rooms), a small quarantine room, 

and a laboratory (Fig. 2.6). In accordance with the BMP implemented in the hatchery, the 

access to the quarantine room and the lab was highly restricted to only authorised personnel, 

limited access to broodstock, larval, and algal rooms was granted only to hatchery staff, while 

no access restrictions were established for the spat (juvenile) room. 

 

 

Figure 2.6. Hatchery layout - Solent Oyster Restoration Hatchery, Portsmouth, UK. 
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In the algal room, the original setup consisted in 10 L home-made polyethylene bags 

(heavy duty layflat tubing) placed on metal shelving unit, fitted with fluorescent tube lights 

(Fig. 2.7). The air was thoroughly filtered by glass microfibre filters (Whatman GF/C, 25mm 

diameter, 1.2 mm pore size) and delivered to each bag using an air pump (Evolution Aqua Air 

Pump 70 Kit) and clear extruded acrylic tubes. Small 1 L glass flasks were also used to maintain 

a backup culture (Fig. 2.7c). Same lights and air filtration/delivery system were used for the 

culture in flasks. 

The broodstock room accommodated two separate flow-through systems (FTS), one of 

which was used to conduct experiments (the present PhD research) and the other one for larval 

production (broodstock conditioning) (Fig. 2.8). The incoming water was firstly filtered by a 

series of inline cartridge filters (housings: FinerFilters 20 inches Jumbo Housing; filters: 

Aquafilters and AmazonFilters 20 inches, micron rating: 100, 50, 5, 1 µm), then split in two 

identical reservoir tanks (750 L volume, 160 x 78 x 60 cm) (middle black tanks in Fig. 2.8). 

The water was then heated/chilled using a water chiller (Teco TK2000 Chiller/Heater) and 

collected in other two reservoir tanks of the same volume (external black tanks in Fig. 2.8). 

From these thanks the filtered and heated/chilled water was distributed by gravity in the tanks 

at a flow rate equal to 25 ml per minute/oyster. The experiment FTS (on the right in Fig. 2.8) 

comprehended forty 10 L glass tanks (35 x 25 x 15 cm), while the production FTS (on the left 

in Fig. 2.8) eight 30 L polyethylene tanks (60 x 40 x 15 cm). Each tank was aerated using air 

pumps (Hailea V60 Series Air Pump 60 L) and air stones. The air was filtered with an inline 

syringe filter holder (Whatman, 25mm diameter) containing glass microfibre filters (Whatman 

GF/C, 25mm diameter, 1.2 mm pore size). The outflow of water from the experiment tanks was 

discarded, while the one from the production tanks was instead diverted into four larval 
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collection trays (70 x 50 x 18 cm), through partially submerged 90 µm sieves (Fig. 2.9). These 

sieves were used to catch the larvae post-swarming. 

In the larval room a recirculating system (RAS) was setup, including two filter bags 

(TMC aquaHabitats Mechanical Acrylic Bags, 100 µm mesh size), a protein skimmer (Reef 

Skim Pro 1500 DC), a sand filter (TMC REEF-Filter Bio 1000), and a bio filter (TMC 1 inch 

Bio-Rings Polypropylene, 210 m2/m3 surface area), accommodated in a reservoir tank (250 L 

volume, 90 x 70 x 60 cm). A pump (TMC Reef Pump 6000 DC) was then used to distribute 

the water to the larval tanks, passing through two cartridge filters (Prosep Aqua Big Cartridge 

Filters 10 inches, micron rating: 10, 1 µm), and a UV lamp (TMC commercial UV Steriliser 

P2-110W) (Fig. 2.10). The larval tanks, built and supplied by Ocean on Land Technology, were 

90 L conical fibreglass upwellers, with a banjo filter attached to the outlet of the tank and fitted 

with a 60 or 150 µm mesh, depending on the stage of larval development (Fig. 2.11). A small 

tap was installed at the bottom of the upwellers for draining. All tanks were aerated using air 

pumps and air stones. The air pumps and air filtration system used in the larval room was the 

same as the broostoock room. The outflow of water from each upweller, was returning to the 

reservoir tank, where it was filtered and sterilised before being re-distributed to the tanks. 

A small nursery was also setup in the main spat room to grow the oyster seed post-

settlement (Fig. 2.12). In this room, the unfiltered and unheated seawater from Langstone 

Harbour was delivered to flow-through circular polyethylene tanks (volume: 150 L), which 

could fit up to four bags of cultch (30 x 60 cm). All tanks were aerated using the same system 

employed in the broodstock and larval rooms (air pumps, air stones, air filtration). These tanks 

were also used to condition the cultch (empty oyster shells) before using it for the larval 

settlement, to allow microbial colonisation and the development of biofilm. 
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Figure 2.7. Algal room - Solent Oyster Restoration Hatchery, Portsmouth, UK: (a) overall 

setup; (b) 10 L polyethylene bags; (c) glass flasks with backup culture. 

 

 

Figure 2.8. Broodstock room - Solent Oyster Restoration Hatchery, Portsmouth, UK. 

a) b) 

c) 
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Figure 2,9. Production FTS: (a) overall view; (b) broodstock tank; (c) larval collection trays 

and sieves - Broodstock room. 

 

 

Figure 2.10. Larval room - Solent Oyster Restoration Hatchery, Portsmouth, UK. 

 

a) b) c) 
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Figure 2.11. Upwelling larval tanks - Larval room. 

 

 

Figure 2.12. Spat room (nursery) - Solent Oyster Restoration Hatchery, Portsmouth, UK. 
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2.4.4 First production season 

The first hatchery production started in March 2021 with the culturing of microalgae. 

The broodstock was conditioned from the end of May until the beginning of July, when the 

swarming began. The oysters released larvae until the end of August, and the larvae were reared 

until mid-September, when the whole production stopped (Fig. 2.13a).  

 

 

Figure 2.13. Timeline of the first (a) and second (b) hatchery production seasons, in 2021 and 

2022 respectively. 

 

 

2.4.4.1 Algal culture 

A small-scale algal culture with one single microalgal species, Nannochloropsis 

oculata, was started in the algal room, by inoculating small volumes (50 ml) of algal starter 

a) 

b) 
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(Reefphyto Algal Starter, 250 ml) in a mixture of filtered and sterilised seawater (micron rating: 

1 Õm; UV sterilisation) and nutrient medium Guillardôs F/2 (Reef Boost Guillard F/2 phyto 

fertiliser), to a 10% final concentration. Every week, the culture was gradually scaled up by 

moving it to larger flasks and adding more culture medium to keep it at the same concentration. 

Once the final volume was reached (10L), the culture was maintained for the whole season 

using a semi-continuous method (Helm and Bourne, 2004), which involves the partial 

harvesting of the culture and the replacement of the harvested volume with new seawater and 

nutrient medium. Every day, sub-samples of the darkest cultures (visual inspection) were 

analysed using a Flow Cytometer (Cyflow Cube 8, Sysmex), and the densest ones were selected 

for the daily harvesting. The harvested culture was used to feed the larvae, while the rest was 

refilled and re-inoculated. In order to avoid pathogen contamination, the seawater was treated 

with chlorine before being used to refill the culture. A small volume of commercial bleach was 

added to the filtered seawater (1% v/v), and after 2 hours it was neutralised with sodium 

thiosulphate (20% w/v stock solution). This method allowed the production of approximately 

700 L of culture every week.  

 

2.4.4.2 Broodstock conditioning 

In mid-May, local broodstock from Langstone Harbour (50°47'41.1"N 1°00'10.0"W) 

was transferred to the Institute of Marine Sciences (IMS, University of Portsmouth). Being 

classified as a critically endangered species, the removal of O. edulis is usually not allowed in 

the Solent, except for the purpose of scientific research. In accordance with the Southern IFCA 

dispensation licence granted in November 2020 (Appendix G), the oysters were collected by 

hand gathering from the intertidal zone and placed back in the same place at the end of the 

production season.  Once arrived at the IMS, all oysters were measured and weighted. Then 
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they were thoroughly scrubbed and placed in a chlorine bath (10%) for 5 minutes to ensure the 

removal of all epi-fauna and flora attached to their shells. Before being transferred to the 

broodstock room, the oysters were placed in the quarantine room, where they stayed in isolation 

for one week to acclimatise to the aquarium conditions. In quarantine, they were kept in flow-

through tanks, with unfiltered and unheated seawater at a flow rate equal to 50 ml/oyster per 

hour.  

Following this period of acclimatisation, the oysters were moved to the broodstock 

tanks, at a stock density of 10 oysters per tank, and the conditioning began. The temperature 

was raised 1°C a day, from 10°C to 22 °C, using a water heater (Teco TK2000 Chiller/Heater), 

to promote/ induce gametogenesis (Helm and Bourne, 2004). Once the maximum temperature 

was reached, it was kept constant for the whole production season. The other water parameters 

were measured daily and maintained constant as follows: salinity (33ă), pH (8), dissolved 

oxygen (DO) (10 mg L-1). The broodstock was fed daily with a five-species concentrated algal 

paste (Ocean Delight: Isochrysis galbana, Pavlova lutheri, Nannochloropsis oculata, 

Tetraselmis suecica, Thalassiosira pseudonana), and a food ration equal to 3% of the mean 

dry weight of the oysters. The food was delivered manually every day and, in order to limit 

algal food waste, the water was turned off for three hours during the feeding period. Oyster 

mortality was checked daily, and new mortalities were immediately removed from the tanks 

and disposed in accordance with the hatchery BMP. All tanks were drained, cleaned, and 

disinfected (chlorine) weekly. During the cleaning, the oysters were visually inspected, gently 

rinsed and scrubbed with filtered seawater, and also measured. The numerous data on water 

quality and oyster morphometrics produced during the whole production season are not 

included in this thesis, but they can be provided if needed. 
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2.4.4.3 Larval rearing 

The sieves used for larval collection and the broodstock tanks were checked daily for 

the whole swarming period. The larvae caught in the sieves were gently rinsed with filtered 

(micron rating: 1 µm) seawater and transferred into separate 5 L buckets. Then they were 

observed and counted under a compound microscope (Leica, Germany, magnification: 10X), 

using a S50 Sedgewick-Rafter Counting Cell. Aliquots (1 ml) from each bucket were placed 

onto the cell and the larvae present in 100 randomly selected squares were counted. This 

procedure was repeated three times for each bucket and then larval counts were averaged and 

converted to calculate the larval density (larvae/ml) and the total number of larvae present in 

each bucket.  

Following the counting, all larvae were transferred into the upwelling larval tanks, 

where they were reared at a mean density equal to 5 larvae/ml (Helm and Bourne, 2004). The 

temperature was kept constant at 22 °C in the whole system, using a water heater (Teco TK2000 

Chiller/Heater), and it was checked daily, together with other water parameters (salinity, pH, 

DO). A single-specie (Nannochloropsis oculata) diet was used to feed the larvae, with a 

concentration of 20,000 live cells per larvae. This concentration was increased as the larvae 

grew to a maximum of 100,000 cells per larvae. The algal food was delivered from hanging 

plastic bags to the tanks by gravity at low flow rate (1 drop per second). All upwellers were 

drained, cleaned, and disinfected (chlorine) three times a week. During the draining, the larvae 

were caught and collected in 90 µm sieves. Then they were graded by washing them with 

filtered seawater through a stack of sieves of descending mesh sizes (from 90 to 250 µm). Small 

samples from each sieve were then observed under the microscope to check the health status 

of larvae, and their density and survival were recorded. Samples with more than 50% mortality 

were discarded, while the rest was returned to the cleaned tanks. The large larval production 
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dataset is not included in this thesis, but it can be provided if needed. The water in the whole 

larval system, including the reservoir tank, was replaced weekly. 

 

2.4.4.4 Results 

The results of the first production season were overall discouraging. High broodstock 

mortality was experienced in the hatchery, with less than 40 % of the oysters surviving until 

the end of the season. Limited larval production was observed, with about 25 swarming events 

and approximately 12 million larvae released in the whole season. No swarming was observed 

for three of the eight broodstock tanks. Moreover, the larval performance was poor, with larvae 

growing not over 220 µm, and none of them surviving (100 % larval mortality) (Fig. 2.14). 

The following issues were identified as the main causes of these negative outcomes: 

¶ Reliability of algal culture (frequent crashes) 

¶ Broodstock diet (exclusively algal paste) 

¶ Broodstock feeding regime (unsuitable feeding method - 3 hours a day in static water) 

¶ Contamination of larval system (presence of zooplanktonic organisms - e.g., polydora) 

¶ Larval diet (one single microalgal species) 

¶ Larval feeding regime (unsuitable feeding delivery method by gravity) 

¶ Larval water system (unsuitable RAS) 
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Figure 2.14. Larval mass mortality (10x magnification). 

 

 

2.4.5 Second production season 

Based on the results of the first production season, some changes were made in each 

production area, to improve the quality and quantity of algal production, and the efficiency of 

both broodstock conditioning and larval rearing. Details on the improved setups and practices 

are outlined in the following sections. Compared to the previous one, the second hatchery 

production started earlier. The broodstock was conditioned from April 2022 for approximately 

two months. The oysters started swarming at the end of May and they released larvae until the 

beginning of September. The larvae were reared until mid-September when the production 

ended. The algal culture was maintained functioning for the whole season (March - September) 

(Fig. 13b).  
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2.4.5.1 Algal culture 

In the algal room, the polyethylene bags were replaced with more hermetic 25 L 

polypropylene carboys, to limit contamination of the culture and the occurrence of crashes (Fig. 

2.15).  

 

 

Figure 2.15. Improved algal room setup during the second production season. 
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Sodium bicarbonate was also added to the culture as a source of carbon to improve 

quality and quantity of algal production. Additional fluorescent lights were also installed in the 

room to increase the intensity of light. Finally, a second microalgal species, Isochrysis galbana 

(T-iso strain), was added to the algal culture to improve larval diet. The T-iso starter culture 

was sourced from the Bangor Shellfish Centre in Wales. The same seawater treatment 

(chlorine) and culturing method (partial harvesting) used during the first production season 

were employed to maintain the algal culture (see Section 2.4.4.1). 

 

2.4.5.2 Broodstock conditioning 

At the end of March 2022, local broodstock from Langstone Harbour (50°47'41.1"N 

1°00'10.0"W) was transferred to the Institute of Marine Sciences (IMS, University of 

Portsmouth), where it was measured, weighted, scrubbed, and cleaned, following the same 

biosecurity process of the previous year (see Section 2.4.4.2). All oysters were kept in 

quarantine for a whole week, in flow-through tanks with unfiltered and unheated, to acclimatise 

to the aquarium conditions. Then they were transferred to the broodstock room where they 

were distributed between the broodstock tanks at different densities (see Chapter 6 for further 

details on the experiment testing different stock densities). The monitoring of water parameters 

and oyster mortality, as well as the cleaning of broodstock and tanks, were performed during 

the whole production season following the same procedures as the previous year (see Section 

2.4.4.2). Water quality and oyster morphometrics datasets can be provided if needed. 

Changes in the feeding method and diet composition were made during broodstock 

conditioning. The five-species algal paste was mixed with the two live microalgal species 

produced in the hatchery (N. oculata, I. galbana), increasing the quality of broodstock diet. 
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Also, the algal food was prepared daily in an aerated reservoir, and it was delivered to each 

broodstock tank continuously during the day/night, using electric dosing pumps (Red Sea 

ReefDose 4). While the previous year the oysters were fed only for 3 hours a day in static 

water, promoting accumulation of organic matter (food and faeces) and impeding the 

maintenance of consistent temperatures in the tanks, the new feeding method allowed to keep 

a constant flow rate in the tanks with better control of both water temperature and oxygen 

levels. The food ration selected remained equal to 3% of the mean dry weight of the oysters.  

 

2.4.5.3 Larval rearing 

The larval collection, counting, and grading, as well as the monitoring of water 

parameters and the draining/cleaning of larval tanks, were performed during the whole 

production season following the same procedures as the previous year (see Section 2.4.4.3).  

In order to limit the introduction of other zooplanktonic organisms int the larval system, 

an additional cartridge filter (micron rating: 0.5 µm) was added to the pipe/tap used to 

rinse/grade the larvae and refill the larval system. Similarly to the broodstock, the larval feeding 

method was also improved by preparing the algal food (two live microalgal species - N. 

oculata, I. galbana) in an aerated reservoir, and delivering it to the larval tanks twice a day 

using dosing pumps (D&D H2Ocean P1).  

Nevertheless, since the type of water system was identified as the major barrier to the 

success of larval rearing in the present hatchery, the suitability of three different water systems 

was tested during the whole production season (RAS, FTS, and static systems). Larval density 

(5 larvae/ml) and food concentration (50,000 cells/larvae) were kept consistent in all water 

systems. 
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2.4.5.4 Results 

The results of the second production season showed an improvement of broodstock 

conditioning phase, with a reduction in oyster mortality of more than 30% and a significantly 

higher larval production, compared to the previous year. About 60 swarming events and 

approximately 70 million larvae were released during the whole season (Fig. 2.16a).  

 

Table 2.3. Summary of larval performances with three different water systems during the 

second production season. 

 

RAS system 

(Jun) 

Static system 

(Jul) 

FTS system 

(Aug-Sep) 

Growth - 220 µm Growth - 270 µm Growth - 330 µm 

Mortality - 100% Mortality - 100% Mortality - 50% 

Food residuals - high Food residuals - high Food residuals - low 

DO levels - low DO levels - low DO levels - high 

 

 

The larval performance, instead, varied depending on the water system used. In 

particular, the RAS system, promoted the worst larval performance, with low growth rate 

(maximum 220 µm) and high mortality (100%) (Table 2.3). Although the static system showed 

an improvement in larval growth (up to 270 µm), the mortality rate remained high (100%). The 

FTS, in contrary, was found to be the most successful water system promoting better larval 

growth (up to 330 µm) and survival (50%). Some larvae also reached the pediveliger stage and 

settled on the cultch (Fig. 2.16b). 
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Figure 2.16. Larvae released in a single swarming event (a), native oyster spat-on-shell (red 

arrow) (b). 

 

2.4.6 Conclusion and further considerations 

Quality and quantity of algal production were greatly upgraded over two years of 

production, with two microalgal species successfully cultured for almost six months 

consecutively. The broodstock conditioning was significantly improved in the second year of 

production, by changing the diet composition (mix of live algae and algal paste) and the feeding 

regime (continuous feeding), and by maintaining a continuous water flow which promoted 

better water quality in the broodstock tanks. Positive results were also obtained for the larval 

rearing stage, with the FTS water system promoting better larval performances (growth, 

survival, settlement). However, as highlighted recently by the NORA Production Working 

Group, the suitability of different water systems greatly depends on the quality of water 

supplied to the hatchery (zu Ermgassen et al., 2023/in press). Therefore, the FTS, which was 

successful in the present study, might be unsuitable for the larval rearing in different O. edulis 

hatcheries. The changes in diet composition (two live microalgal species) and feeding delivery 

method (dosing pumps) also contributed to the improvement of larval culturing.  

a) b) 
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The successful establishment of this research hatchery, despite the numerous 

disruptions caused by the COVID-19 pandemic, demonstrates proof of concept that relatively 

cost-effective research hatcheries can be built and installed in proximity of restoration sites. 

The production of large quantities of larvae using the remnant local diseased stock from the 

Solent also overcomes a major barrier in O. edulis seed production for Bonamia-positive areas. 

The Solent Oyster Restoration Hatchery will continue operating in the future to support O. 

edulis restoration programmes in the Solent (Solent Oyster Restoration Project and Solent 

Seascape Project).  
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3.1 Introduction  

Aquaculture production and research often require the sampling of gonad tissues to 

assess the efficiency of broodstock conditioning protocols or to examine reproductive 

processes (Acosta-Salmon and Southgate, 2004). However, the gonad sampling of oysters, as 

well as other bivalves, predominantly relies on destructive methods, which involve the removal 

of their shell (Puchnick-Legat et al., 2015). The benefit of these procedures is that they provide 

accurate information on reproductive state, allowing both the direct observation of the whole 

body/tissue and the microscopic observation of histological sections. However, they also 

involve the sacrifice of large numbers of individuals (Davenel et al., 2010), which is 

undesirable and prohibitive, particularly when there is a limited availability of broodstock or a 

species is rare/endangered. Importantly, this approach prevents the tracking of individuals 

throughout the reproductive season, inhibiting the monitoring of individual phenotypes, and 

leading to overestimations of physiological, metabolic, and reproductive parameters (Flahauw 

et al., 2012). The development of reliable and successful non-destructive techniques is highly 

desirable within commercial and research aquaculture, as they would avoid the sacrifice of 

individuals, also enabling the regular monitoring of gonad maturation and reproductive traits 

(Culloty and Mulcahy, 1992; Suquet et al., 2010; Puchnick-Legat et al., 2015). 

Some alternative non-invasive procedures for the sampling of oyster gonads have been 

developed and tested in the past years, providing promising results. One of these methods 

involves the use of Magnetic Resonance Imaging (MRI) to quantify the growth of both somatic 

and gonadal tissues (Davenel et al., 2010). This technique has been successfully applied on 

Pacific oysters to assess their sex differentiation and gonad maturation (Pouvreau et al., 2006; 

Davenel et al., 2006; Hatt et al., 2009). Since Magallana gigas is characterised by the 

development of a thick gonad, it has been proved that the MRI can be successfully used, not 
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only to quantify mass and volume of the whole oyster body, but also to measure and monitor 

the development of the gonads of individual Pacific oysters over time. The suitability of MRI 

for the monitoring of gonadal growth, has been also tested on the European flat oyster, Ostrea 

edulis, by Davenel et al. (2010). Although flat oysters are characterised by lower fecundity and 

thinner gonads, compared to the Pacific oysters, the MRI was able to identify both sex and 

stage of gonad maturation until the swarming. However, aiming to avoid the sacrifice of any 

oysters, none of the studies mentioned above did include the dissection of the tissues in their 

experimental design as a control treatment to ground truth. Therefore, the reliability of their 

results could not be proved. For the first time in 2012, the comparison between the MRI and 

histology methods was performed to assess their suitability for the gonad monitoring of 

individual Pacific oysters (Flahauw et al., 2012). Compared to the direct observation of the 

histological sections, the accuracy of the images acquired by the MRI was mostly 

unsatisfactory, as it was often impossible to distinguish mature oyster gonads from the other 

organs, which showed a similar grey-level. There are also further barriers to the successful use 

of this non-destructive technique: it requires specific technical expertise on imaging 

technology, and it might also be expensive depending on the availability of an MRI.  

Another non-invasive method involves the use of anaesthesia to enable the sampling of 

gonad tissues, minimising oyster stress and mortality (Butt et al., 2008; Suquet et al., 2010). 

The term óanaestheticô refers to a chemical substance which induces relaxation of animalsô 

muscles, allowing experimental procedures to be carried out, and the following recovery of the 

organisms (Runham et al., 1965). Between the chemical relaxants, benzocaine and propylene 

phenoxetol have been successfully used in the past years as anaesthetics on pearl oysters of the 

genus Pinctada (P. albina, P. maxima, P. margaritifera, and P. fucata) (Norton et al., 1996; 

Acosta-Salmón et al., 2005; Mamangkey et al., 2009). However, they resulted unsuitable for 
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use on other oyster species, such as the queen conch Stombus gigas (Acosta-Salmón and Davis, 

2007) and the Sidney rock oyster Saccostrea glomerata (Butt et al., 2008). Contrarily, the salt 

magnesium chloride (MgCl2) has been proven to be a non-toxic, low-cost, and efficient muscle 

relaxant (Acosta-Salmón and Davis, 2007), and for this reason it is today frequently applied in 

both research and aquaculture production (Puchnick-Legat et al., 2015). It has been effectively 

used to induce anaesthesia on the scallop Pecten fumatus (Heasman et al., 1995), and several 

different oyster species, such as the Sydney rock oyster Saccostrea glomerata (Butt et al., 

2008), the Chilean flat oyster Ostrea chilensis (Alipia et al., 2014), the Mangrove cupped 

oyster Crassostrea rhizophorae (Puchnick-Legat et al., 2015), and the Pacific oyster 

Magallana gigas (Namba et al., 1995; Suquet et al., 2009). Magnesium chloride was found to 

be the most suitable relaxant agent for the European flat oyster Ostrea edulis, inducing rapid 

anaesthesia and recovery, and low oyster mortality (Culloty and Mulcahy, 1992). The effects 

of different types of magnesium chloride on flat oyster survival, as well different anaesthetic 

concentrations and exposure durations, were also investigated under laboratory conditions 

(Suquet et al., 2010), contributing to the development of effective protocols, suitable for the 

routine use of magnesium chloride. Once anaesthetised, animals are usually subjected to the 

tissue sampling, using specialised biopsy needles. Biopsies are generally employed in human 

tissue collection, but they can also be used to collect tissue samples from invertebrates (e.g., 

sampling of mantle and gonad tissues from bivalves) (Crawford et al., 1986; Berg et al., 1995; 

Acosta-Salmón and Southgate, 2004). Biopsy has been performed with great success on 

anaesthetised oysters (e.g., O. edulis and M. gigas) to determine their sex without sacrificing 

them (Suquet et al., 2009, 2010; Puchnick-Legat et al., 2015). For example, Broquard et al. 

(2020) recently used non-sacrificial sampling methods to assess the temporal variation of sex 

ratios for Pacific oyster populations over the six first-years, identifying potentially true males, 
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females, and hermaphrodites. When applied on both ecologically and economically important 

species, these non-sacrificial methods can also support commercial businesses, promoting the 

development and establishment of more efficient breeding protocols (Puchnick-Legat et al., 

2015). However, in order to be able to follow the gonad maturation of distinct individuals and 

identify temporal shifts in sex ratios, frequent sampling and regular monitoring are essential. 

Although in hatchery settings oysters usually release the larvae within 4 to 8 weeks from the 

beginning of conditioning (Helm and Bourne, 2004), the duration of gametogenesis and 

spawning periods can vary greatly between different spermcasting oyster species, reflecting 

their specific adaptation to local environmental conditions (Hassan et al., 2017). O. edulis, in 

particular, is characterised by large variations in the temporal pattern of gonad maturation 

between different geographic areas, often showing long periods of gonad activity and short 

gonad resting phases, particularly at lower latitudes (da Silva et al., 2009). Therefore, the 

performance of more frequent samplings might be necessary to achieve a more accurate 

monitoring of O. edulis gametogenesis and sex differentiation, and to avoid the loss of crucial 

information. Unfortunately, both anaesthesia and biopsy have been so far tested with a 

frequency equal or higher than a month, therefore, the suitability of more frequent samplings 

for the monitoring of oyster gametogenesis is still unknown and requires further research 

(Suquet et al., 2010).  

Another non-destructive method, occasionally used by research groups to collect 

samples of oyster tissues without sacrificing any individuals, involves the drilling of shells to 

access the gonads and the following gonadal biopsy. However, the impact of this technique on 

oyster survival, growth, or reproduction is still unknown, with no published data available in 

the literature. 
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The effects of weekly exposure to anaesthesia (MgCl2 solution) on Ostrea edulis health 

and survival were assessed in the present chapter. The suitability of the novel drilling technique 

as a valuable non-invasive sampling approach for repeated monitoring of gametogenesis was 

also investigated in the present experiment. Both methods were tested either in combination 

with gonad sampling (biopsy) or solely, and the physiological responses of oysters to the 

exposure were measured by monitoring mortality, growth, and clearance rate. Facilitating the 

monitoring and manipulation of sex ratios, non-destructive approaches can allow to limit the 

occurrence of inbreeding events in hatchery settings. This is extremely important for restorative 

aquaculture, which aims to restore genetically diverse and self-sustaining populations, and 

particularly for sperm casting species like O. edulis. As recently highlighted by the NORA 

Production Working Group, the control of sex ratios and effective population sizes should be 

prioritised in restoration hatcheries, to improve quantity (fecundity) and quality (genetic 

variability) of native oyster seed production (zu Ermgassen et al., 2023/in press). 

 

3.2 Methods 

3.2.1 Biological material 

In May 2021, forty oysters (mean weight ± SE: 33.66 ± 1.56 g) were transferred from 

Langstone Harbour (50°47'41.1"N 1°00'10.0"W) to the Institute of Marine Sciences 

(University of Portsmouth). The oysters were collected by hand gathering from the intertidal 

zone, in accordance with the Southern IFCA dispensation licence (Appendix G), and they were 

placed back in the same place after the experiment. After their translocation, they were cleaned 

and scrubbed to remove associated epi-fauna and flora, and their initial length (mm), width 

(mm), depth (mm), and wet weight (g) were measured (Fig. 3.1; Appendix A, Table A.1). 

Before the beginning of the experiment, all oysters were kept for 5 days in a flow-through tank 
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(150 L) at a flow rate equal to 25 L per hour, to acclimatise to the aquarium conditions. The 

water supplied to this tank, directly from Langstone Harbour, was unfiltered and unheated.  

After 5 days acclimatising, all oysters were transferred into separate in 10L flow-

through tanks (35 x 25 x 15 cm) and kept at a flow rate of 50 ml per minute (turnover time: ~ 

3.5 hours) for the whole duration of the experiment. To keep them off the bottom, they were 

placed on elevated plastic holding platforms (Fig. 3.2). The seawater from Langstone Harbour 

was filtered by a series of inline cartridge filters (micron rating: 100, 50, 5, 1 µm - Aquafilters 

and AmazonFilters) and collected in a reservoir tank (750 L volume, 160 x 78 x 60 cm) before 

being distributed between the tanks. Each tank was aerated using air pumps (Hailea V60 Series 

Air Pump 60 L) and air stones. The air was filtered with an inline syringe filter holder 

(Whatman, 25mm diameter) containing glass microfibre filters (Whatman GF/C, 25mm 

diameter, 1.2 mm pore size). The temperature was kept low using a water chiller (Teco TK2000 

Chiller/Heater), in order to avoid gametogenesis and the development of gonads. Water 

parameters of each tank were measured daily and maintained constant during the whole 

experiment as follows: temperature (10 ÁC), salinity (33ă), pH (8), dissolved oxygen (DO) 

(10 mg L-1). The water quality dataset is not included in this thesis but it can be provided if 

needed. 

Oysters were fed daily with a concentrated algal paste (Ocean Delight), representing a 

mix of five different microalgal species (Isochrysis galbana, Pavlova lutheri, Nannochloropsis 

oculata, Tetraselmis suecica, Thalassiosira pseudonana). The daily food ration was equal to 

3% of the mean dry weight of the oysters at the beginning of the experiment (see Box 3.1 for 

the exact calculation of food ration). However, the use of a more accurate weight-to-weight 

conversion factor, which was published after the completion of this study (Pineda-Metz et al., 

2023), revealed that the actual daily food ration employed in the present experiment was rather 
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equal to 1% of the mean oyster dry weight was. During the daily feeding period, the water was 

turned off for three hours and the oysters were fed in static tanks, in order to reduce the waste 

of algal food. Every week the seawater was changed, and the tanks were cleaned, to avoid 

excessive bacterial growth.  

 

 

Figure 3.1. Morphometric measurements (length, width, and depth) recorded for Ostrea 

edulis (directional arrows). 

 

 

 

 

Figure 3.2. Native oyster O. edulis kept in the tank off the bottom on an elevated holding 

platform. 
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3.2.2 Experimental design 

The experimental design included five treatments (A-E) and eight replicates per 

treatment (1-8), with each replicate represented by one single oyster (8 oysters per treatment). 

Two non-destructive techniques for the sampling of oyster gonads were tested: shell drilling 

(treatments B and C) and anaesthesia (treatments D and E). Oysters from treatments C and E 

were also exposed to the gonad sampling by biopsy, whilst treatments B and D were only 

exposed to the drilling/anaesthesia, and therefore considered as control treatments. Treatment 

A represented the main control, with oysters neither anaesthetised nor sampled (Fig. 3.3). The 

duration of the experiment was four weeks in total.  
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Figure 3.3. Experimental design with five treatments (A-E) and eight replicates per treatment 

(1-8): control (A), shell drilling (B), shell drilling + biopsy (C), anaesthesia (D), anaesthesia + 

biopsy (E). 

 

3.2.2.1 Shell drilling 

The first non-destructive technique tested in this experiment involved the drilling of the 

oyster shell to get access to the gonad (treatments B and C). In order to locate the gonads, and 

to identify the most suitable drilling spot on the shells, ten oysters were sacrificed before the 

beginning of the experiment. The surface of their flat dorsal valves was divided into twelve 

rectangles (shellôs length and width divided in four and three parts respectively) (Fig. 3.4), and 

the correct position of the gonads was identified by measuring the distance between them and 

the edges of the rectangle where they were situated (Table 3.1). The gonads of all ten oysters 

were found in the top-right corner of the mid-bottom rectangle containing the umbo (nº11), and 

their distance from the top of the rectangle (d1) was found to be approximately one fourth of 

the rectangleôs length (D1) (d1/D1 = ~ 0.25), whilst the distance from the right edge of the 

rectangle (d2) around one fifth of the rectangleôs width (D2) (d2/D2 = ~ 0.2). 
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Figure 3.4. Gonad position (red stars) on the dorsal flat valve (left) and ventral concave valve 

(right) of O. edulis. Shellsô length divided in four, and width divided in three (12 rectangles in 

total). 

 

 

Table 3.1. Localisation of gonads on the dorsal flat valve of 10 oysters. D1: Rectanglesô length. 

D2: Rectanglesô width. d1: distance of gonads from the top of the rectangle; d2: distance of 

gonads from the right edge of the rectangle. 

 

Oysters 

Valve 

length 

(mm) 

Valve 

width 

(mm) 

Gonad 

position 

(rectangle n°) 

D1 

(mm) 

D2 

(mm) 

d1 

(mm) 

d2 

(mm) 
d1 / D1 d2 / D2 

1 53 48 11 13.25 16 3.2 3.3 0.24 0.2 

2 55 45 11 13.25 15 3.1 3.1 0.23 0.2 

3 49 42 11 12.25 14 2.9 3.08 0.23 0.22 

4 58 55 11 14.5 18.3 3.4 3.5 0.23 0.19 

5 57 51 11 14.25 17 3.3 3.2 0.23 0.18 

6 53 43 11 13.25 14.3 3.1 3.2 0.23 0.22 

7 56 49 11 14 16.3 3.3 3.5 0.23 0.21 

8 48 45 11 12 15 2.8 3.1 0.23 0.2 

9 52 47 11 13 15.6 3.1 3.1 0.23 0.19 

10 53 44 11 13.25 14.6 3.2 3.3 0.24 0.22 

Mean 53.4 46.9 / 13.3 15.6 3.1 3.2 
0.23 

(¼) 

0.2 

( ) 

SE 1.02 1.26 / 0.25 0.41 0.05 0.05 0.001 0.004 
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The drilling was performed one single time, on the first day of the experiment, using a 

pillar drill (Scheppach 230V DP13) and a drill bit with 2 mm size (Fig 3.5). The hole was 

drilled on the flat dorsal valve of the oysters, and it was immediately closed using a small piece 

of adhesive rubber (Blu Tack®). This allowed the temporary sealing of the hole, minimising 

the impacts of the drilling on oyster filtration. 

 

     

Figure 3.5. Shell drilling technique. Left: pillar drill. Middle: hole (2 mm diameter). Right: 

sealed shell with Blu Tack. 

 

 

3.2.2.2 Anaesthesia 

The second non-destructive technique involved the use of anaesthesia to access the 

oyster gonads (treatments D and E). Every week, the anaesthetic solution was prepared by 

dissolving 500 g of magnesium chloride hexahydrate (Sigma-Aldrich, MgCl2, 99%) in a 

mixture of distilled water (6 L) and filtered seawater (4 L, 1 µm), to keep the salinity stable 

(33ă) (Suquet et al., 2010). The oysters were transferred to an experimental room with 

temperature control, where the air temperature was maintained constant at 10°C. Each oyster 

was placed in a plastic container (1 L) filled with 600 ml of magnesium chloride solution. A 

small volume of algal paste (approximately 10 µl) was also added to each container to induce 
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the opening of the valves. After 3 hours in the anaesthetic solution all oysters were 

anaesthetised, showing distinctly open valves, which they did not close when touched (Culloty 

and Mulcahy, 1992) (Fig. 3.6). Following the exposure, the oysters were thoroughly rinsed 

with filtered seawater and placed back in their flow-through tanks. Their valves remained open 

for hours after the exposure, but they were usually found closed the following day.  

 

 

Figure 3.6. Anaesthetised native oyster after two hours of exposure to the MgCl2 solution. 

 
 

3.2.2.3 Biopsy of gonad tissue 

Sixteen oysters were also exposed weekly to the gonad sampling, following the shellôs 

drilling (treatment C) and the anaesthesia (treatment E). Smears of oyster gonads were 

collected using a biopsy needle (Super CoreTM, Semi-Automatic), with 14-gauge (2 mm 

diameter) and 90 mm length (Acosta-Salmón & Southgate, 2004). The needle was inserted in 

the gonads either vertically through the drilled hole in the shell (treatment C), or through the 

open valves (treatment E) with a 60° angle from the axis connecting the hinge with the 
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furthermost edge (Fig. 3.7). Approximately 5 mg of tissue were collected with each biopsy 

(Appendix E, Table E.1). Immediately after collection, the samples were saved at -80°C for 

future histologic examination. 

 

        

Figure 3.7. Angle and position of biopsy needle for gonad sampling of anaesthetised oysters 

(treatment E). AM  - adductor muscle; G - gills; GO - gonad; M - mantle; IC - inhalant 

chamber; EC - exhalant chambers. 

 

 

3.2.3 Physiological responses 

3.2.3.1 Mortality and growth rates 

Oyster mortality was monitored daily by regular inspections during the experiment and 

post-experiment for two weeks. Oyster morphometrics (length, width, depth, and weight) were 

measured before (week 1) and after (week 5) the exposure to the two non-destructive 

techniques (Appendix A, Tables A.1 and A.2). Growth rate was calculated after the experiment 

for each treatment, using the following equation (Appendix A, Table A.3): 
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ὋὙ  ὓὪ  ὓὭ ὓὪ ρππ 

GR = Growth Rate (%) 

Mf = Morphometrics (length, width, depth, and weight) - ending values (week 5) 

Mi = Morphometrics (length, width, depth, and weight) - starting values (week 1) 

 

3.2.3.2 Clearance rate 

The physiological responses to the two non-destructive techniques were assessed before 

and during the experiment, by monitoring the oyster clearance rate, which is referred to as the 

volume of water cleared of suspended particles, per unit of time (Widdows, 1985a, b). This 

was calculated weekly by measuring the oyster consumption of algal cells. All oysters were 

placed in glass beakers (1 L), filled with 800 ml of filtered seawater (1 µm). They were kept 

off the bottom using plastic holding platforms, and a magnetic bar was added to each beaker, 

underneath the platform. All the beakers were then placed on magnetic stirrers, in order to stir 

the water and avoid the sedimentation of algal food. A small volume of algal paste (15 µl) was 

added to each beaker (dilution to 200 x 103 cells ml-1), and 1.5 ml water samples were collected 

from each beaker immediately after the addition of algal paste (T0) and again after 1 hour (T1). 

The water samples were fixed with 20 ɛl of glutaraldehyde (1%) and then stored at -80°C 

(Vaulot et al., 1989).  

The samples were analysed at the end of the experiment, using a flow-cytometer 

(Sysmex CyFlow Cube 8) to assess the concentration of algal cells per sample. The following 

instrument settings were used for the analysis of all samples: Forward Scatter (FSC) = E00, 

Side Scatter (SSC) = 400, green fluorescence light (FL1) = 650, orange fluorescence light 

(FL2) = 650, red fluorescence light (FL3) = 550, flow rate (FR) = 8 ɛl/s (Marie et al., 2005). 

These data were then used to calculate the clearance rate using the following equation 

(Coughlan, 1969) (Appendix C, Table C.1): 

https://link.springer.com/article/10.1007/s00227-018-3351-x#ref-CR72
https://link.springer.com/article/10.1007/s00227-018-3351-x#ref-CR72
https://link.springer.com/article/10.1007/s00227-018-3351-x#ref-CR72
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ὅὙ  ὠ  ὰὲὅρ  ὰὲὅς  Ὕ] 

CR = Clearance Rate (L h-1) 

V = Volume of water in each beaker (L) 

C1 = Initial algal concentration (T0)  

C2 = Final algal concentration (T1) + settled algal concentration (control) 

T = Time (h) 

 

Ten empty beakers, filled only with the holding platform, magnetic bar, and seawater, were 

used as a control, to assess the algal settlement (Appendix C, Table C.2). The mean value of 

settled algal cells was used as a control in the assessment of clearance rate (C2 in the above 

equation). 

 

3.2.4 Shell regeneration 

Every week the hole in the shell of the oysters exposed to the drilling technique 

(treatments B and C) was checked using the biopsy needle, in order to assess the shell 

production and regeneration time. This information is crucial to determine how much time is 

necessary for the oysters to produce new shell and seal the hole after the last drilling and/or 

biopsy and will inform optimisation of the non-destructive methodology. 

 

3.2.5 Statistical analysis    

Morphometric data and growth rate data (depth, width, length and weight) were tested 

for normality (Shapiro-Wilk test) and homogeneity of variance (Laveneôs test). Due to a non-

normal distribution of the datasets, a Kruskal-Wallis H test was used to test for differences in 

each of the morphometric measures between the beginning and the end of the experiment 
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(Factor: exposure; Levels: pre-exposure - week 1; post-exposure - week 5). The same test was 

used to determine whether the growth rate varied between the treatments for each of the 

morphometrics (Factor: treatment; Levels: A ï control; B - drilling; C - drilling & biopsy; D - 

anaesthesia; E - anaesthesia & biopsy).  

Clearance rate data were transformed by square root, after being tested for normality 

and homogeneity (Shapiro-Wilk and Laveneôs tests). A repeated measures two-way ANOVA 

was then performed to test for differences in clearance rate between treatments (Factor: 

treatment; Levels: A ï control; B - drilling; C - drilling & biopsy; D - anaesthesia; E - 

anaesthesia & biopsy) and weeks of exposure (Factor: exposure; Levels: week 1 to 5). 

Following the observation of a significant interaction between treatments and exposure, a one-

way ANOVA was used to analyse the simple main effects of each factor. Since both main and 

simple main effects were found to be significant, a post-hoc PAIRWISE test (Tukey's HSD 

test) was also carried out. For all the statistical analysis mentioned above, significance was 

accepted at ὄ = 0.05. Unless stated, all statistical analysis was performed in JAMOVI® 2.3.21. 

 

3.3 Results 

3.3.1 Mortality 

Mortality was 0% for oysters exposed to the drilling (treatments B and C), 25% for 

oysters exposed to the anaesthesia (treatments D and E), and 12.5% for oysters exposed to none 

of the non-destructive techniques (treatment A) (Fig. 3.8). One mortality for the control 

treatment (A) and two mortalities for the treatment exposed to the anaesthesia and biopsy (E) 

were recorded on the last week of experiment (week 4), whilst two post-experiment mortalities 

(weeks 5 and 6) were observed for the treatment exposed to the anaesthesia (D). 
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Figure 3.8. Oyster survival (%) of treatments A (control), B (drilling), C (drilling & biopsy), 

D (anaesthesia), and E (anaesthesia & biopsy). Drilling: only on week 1; biopsy and 

anaesthesia: weekly from week 1 to 4. Grey area: post-experiment monitoring. 

 

 

3.3.2 Growth rate 

A Kruskal-Wallis H Test identified no significant differences in mean length (mm), 

width (mm), depth (mm), and weight (g) between the beginning (week 1) and the end of the 

experiment (week 5), for all treatments (Table 3.2).  

 

Table 3.2. Kruskal-Wallis H test results showing no significant differences in mean length 

(mm), width (mm), depth (mm), and weight (g) between pre- (week 1) and post-exposure (week 

5), for each one of the treatments (A-E). 

 

Treatment 
Length Width  Depth Weight 

H p H p H p H p 

A 0.030 0.861 0.668 0.414 0.173 0.677 0.405 0.524 

B 0.401 0.526 0.908 0.341 0.026 0.872 0.397 0.529 

C 0.101 0.751 1.234 0.267 0.002 0.958 0.397 0.529 

D 0.086 0.769 0.674 0.412 0.085 0.771 0.334 0.563 

E 0.016 0.897 0.016 0.897 0.038 0.845 0.266 0.606 
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The mean oyster length (mm, mean ± SE) ranged from 56.1 ± 0.99 (D) to 58.5 ± 0.93 

(C) before the exposure, and from 56.8 ± 0.82 (A) to 59.3 ± 0.97 (C) after the exposure (Fig 

3.9). The mean width (mm, mean ± SE) ranged from 48 ± 0.89 (E) to 51.7 ± 0.82 (B) before 

the exposure, and from 50.3 ± 1.81 (E) to 54 ± 1.07 (C) after the exposure. The mean depth 

(mm, mean ± SE) ranged from 16.7 ± 0.35 (C) to 18.8 ± 0.25 (E) before the exposure, and from 

16.5 ± 0.18 (A) to 19 ± 0.29 (E) after the exposure. The mean weight (g, mean ± SE) ranged 

from 31.09 ± 1.02 (A) to 39.6 ± 1.24 (E) before the exposure, and from 32.3 ± 1.23 (A) to 41.1 

± 1.78 (E) after the exposure. 

 

 

Figure 3.9. Oyster length (mm, mean ± SE) (a), width (mm, mean ± SE) (b), depth (mm, mean 

± SE) (c), and weight (g, mean ± SE) (d) of treatments A (control), B (drilling), C (drilling & 

biopsy), D (anaesthesia), and E (anaesthesia & biopsy), before (week 1) and after the exposure 

(week 5). No significant differences found (Kruskal-Wallis H test, p > 0.05). 
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No significant differences in growth rate (%) were found between treatments for all the 

morphometric measures: length (H = 2.22, p = 0.696), width (H = 3.24, p = 0.519), depth (H = 

3.31, p = 0.507), and weight (H = 2.09, p = 0.720) (Kruskal-Wallis H Test). The mean growth 

rate (%, mean ± SE) ranged from 0.66 ± 0.47 (A) to 1.94 ± 0.98 (B) in length, from 2.38 ± 1.38 

(A) to 6.72 ± 2.74 (C) in width, from 0.62 ± 0.62 (A, B) to 2.98 ± 1.51 (E) in depth, from 1.71 

± 0.45 (D) to 2.39 ± 0.38 (C) in weight (Fig. 3.10). 

 

 
 

Figure 3.10. Growth rate (%, mean ± SE) of treatments A (control), B (drilling), C (drilling & 

biopsy), D (anaesthesia), and E (anaesthesia & biopsy), for all the morphometric measures 

(length, width, depth, and weight). No significant differences found between treatments 

(Kruskal-Wallis H test, p > 0.05).  

 

 

3.3.3 Clearance rate 

Significant differences in mean clearance rate were found between treatments (F = 6.49, 

p Ò 0.001) and between weeks of exposure (F = 23.25, p Ò 0.001). The two-way ANOVA also 
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showed a significant interaction between the two factors (treatment × exposure) (F = 4.49, p Ò 

0.001). The post-hoc Tukeyôs tests identified significant differences (p Ò 0.016) in clearance 

rate (mean ± SD) between the oysters exposed to both non-destructive techniques (treatments 

B, C, D, and E) and the control (treatment A), after only one week of exposure (0.10 ± 0.08, 

0.58 ± 0.19, 0.47 ± 0.26, 0.54 ± 0.31, 0.48 ± 0.15 L h-1 on week 1, for treatments A-E 

respectively). However, significant increases in clearance rate (p Ò 0.031) were found only for 

the treatments exposed to the drilling technique (from 0.20 ± 0.16 pre-exposure to 0.58 ± 0.19 

L h-1 on week 1, and from 0.08 ± 0.07 pre-exposure to 0.47 ± 0.26 L h-1 on week 1, for 

treatments B and C respectively) (Fig. 3.11). After four weeks, the oysters exposed to the 

drilling (treatment B) showed significantly higher clearance rate values, compared to both the 

control treatment (A) (p = 0.04), and the treatments exposed to anaesthesia (treatments D and 

E) (p Ò 0.006) (0.13 Ñ 0.08, 0.57 Ñ 0.31, 0.10 Ñ 0.11, 0.08 Ñ 0.08 L h-1 on week 4, for treatments 

A, B, D, E respectively). No significant differences were identified between treatments B 

(drilling) and C (drilling and biopsy) (p = 0.612) (0.28 ± 0.25 L h-1 on week 4 for treatment C). 

At the end of the experiment, the treatments exposed to the anaesthesia also showed a 

significant decrease in clearance rate (p Ò 0.012), compared to the previous weeks (from 0.44 

± 0.14 on week 2 to 0.10 ± 0.11 L h-1 on week 4, and from 0.39 ± 0.18 on week 3 to 0.08 ± 

0.08 L h-1 on week 4, for treatments D and E respectively).  
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Figure 3.11. Clearance rate (L hī1, mean ± SD) of treatments A (control), B (drilling), C 

(drilling & biopsy), D (anaesthesia), and E (anaesthesia & biopsy), before (pre-exposure) and 

during (weeks 1-4) the exposure to the two non-destructive techniques; means that share a letter 

(aïf) are not significantly different (Repeated measures two-way ANOVA, p > 0.05). 

 

 

3.3.4 Shell regeneration 

After only two weeks from the drilling, which was performed on the first week of 

experiment (week 1), three of the oysters exposed to the drilling (treatment B) were able to 

regenerate their shell (37.5% on week 3), and all of them were completely sealed within three 

weeks (100% on week 4) (Fig. 3.12). The oysters exposed to both drilling and biopsy (treatment 

C) showed a similar trend. After two weeks from the last biopsy, which was performed on the 

last week of experiment (week 4), the hole of four oysters was sealed (50% on week 6), and by 

the end of the following week all oysters regenerated their shells (100% on week 7). 
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Figure 3.12. Shell regeneration (%) of treatments exposed to the drilling technique: B 

(drilling), C (drilling & biopsy). Week 1: last drilling, week 4: last biopsy.  

 

      

3.4 Discussion 

The study and monitoring of reproductive development of bivalve species, require 

efficient sampling protocols and species-specific tools (Suquet et al., 2010; Broquard et al., 

2020). The newly developed non-destructive techniques allow experiments and descriptive 

studies on gametogenesis and sex determination to be conducted with minimal stress and 

mortality, also enabling the repeated sampling of gonad tissue of the same individuals over 

long periods of time (Flahauw et al., 2012).  

Anaesthesia is largely employed in aquaculture production and research, facilitating 

both breeding programs and gametogenesis studies. From previous studies, the use of 

magnesium chloride (MgCl2) as anaesthetic, and the following gonad biopsy, did not have 

significant effects on oyster health and survival, when tested with a monthly frequency (Culloty 
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and Mulcahy, 1992; Namba et al., 1995; Acosta-Salmón and Davis, 2007; Butt et al., 2008; 

Suquet et al., 2009, 2010; Alipia et al., 2014; Puchnick-Legat et al., 2015). In the present 

experiment, O. edulis was exposed weekly to anaesthesia (MgCl2 solution), and the protocol 

used to anaesthetise the oysters (Suquet et al., 2010) worked successfully every week, with 

100% of the oysters showing fully open valves after only 2 hours in the anaesthetic. However, 

the frequent exposure to the MgCl2 solution did have a negative impact on oyster health and 

survival. The treatments exposed to anaesthesia (treatments D and E) showed higher mortality 

(25%) than the other treatments (treatment A: 12.5%; treatments B and C: 0%) (Fig 3.8), and 

their clearance rate decreased significantly after only four weeks of exposure, compared to the 

previous weeks (Fig. 3.11). This decrease in algal food consumption may indicate a 

physiological response of oysters to the frequent exposure to the anaesthetic. No significant 

differences in growth rate were found between the treatments exposed to the magnesium 

chloride solution (treatments D and E) and the other ones (Fig. 3.10), although this may be due 

to the short exposure time (one month). Therefore, the results of this experiment suggest that 

the use of MgCl2 as anaesthetic may be unsuitable for the frequent and repeated monitoring 

and gonad sampling of O. edulis. Further investigations, involving longer exposure and 

monitoring, are needed to confirm the negative effects of this non-destructive technique on O. 

edulis health. Future studies should also include the post-exposure monitoring of valves 

closure, to gather crucial information on the oysters recovery time, missing in this experiment.  

The drilling of oyster shells to enable the gonad sampling is a non-destructive practice, 

frequently performed by several research groups all around the world. Nevertheless, its effects 

on O. edulis health have been investigated for the first time in the present experiment. The 

drilling, which was successfully performed using a pillar drill, did not cause any mortalities 

(0%) within the treatments exposed to this technique (treatments B and C) (Fig. 3.8). Their 
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growth rate was also not significantly different from the other treatments (Fig. 3.10). Although 

an overall increase in clearance rate was registered for all treatments during the first two weeks 

of experiment, only the ones exposed to the drilling (treatments B and C) showed a substantial 

initial increase, with significant differences in clearance rate found between the beginning (pre-

exposure) and the first week of the experiment (week 1) (Fig. 3.11). The high values of 

clearance rate, shown by the oysters exposed to the drilling for the whole duration of the 

experiment (treatments B and C), may be related to the process of biomineralisation and shell 

production. These oysters may have increased their filtration rate and food uptake, to produce 

new shell and seal the drilled holes. After only three week from the last drilling (treatment B) 

and/or biopsy (treatment C), all of them were able to regenerate completely their shell, showing 

an excellent recovery time (Fig. 3.12). Overall, the results of the present experiment suggest 

that this novel technique may be suitable for the non-destructive sampling of O. edulis gonads, 

due to the high survival rate, and the fast recovery and shell regeneration. However, in response 

to the drilling, oysters may have partitioned the energy to seal the drilled holes, leaving less 

energy for shell growth and for reproduction. A longer monitoring of clearance and growth rate 

is recommended in future studies to clarify the impacts of this technique on O. edulis energy 

metabolism and biomineralisation. Moreover, contrary to the use of anaesthetic, which 

promoted great visibility, the drilling technique did not facilitate the biopsy process, causing 

limited access to the gonads. The suitability of larger sizes of drill bits, which could potentially 

enable a more precise execution of the tissue sampling, should be also tested in the future, 

assessing their impacts on oyster health. 

The biopsy did not have any significant impacts on oyster health and survival, when 

used in combination with either anaesthesia or shell drilling, with no significant differences in 

mortality and clearance rates between the treatments exposed to the drilling (treatments B and 
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C: both 0% mortality), and between the ones exposed to the magnesium chloride (treatments 

D and E: both 25% mortality) at any time of the experiment (Fig. 3.8, 3.11). However, at the 

end of the experiment (week 4), the oysters exposed to both drilling and biopsy (treatment C) 

showed a minor decrease in clearance rate, with no significant differences found between them 

and the treatments exposed to anaesthesia (treatments D and E); whilst the oysters exposed just 

to the drilling (treatment B), showed instead significantly higher values. This may indicate a 

minor physiological response of the oysters to the frequent gonad sampling. Therefore, a longer 

exposure to the biopsy is recommended in the future, as it may lead to more significant 

outcomes. Although the results of this experiment indicate that the use of a biopsy needle could 

represent a valuable non-destructive method to collect smears of oyster gonads, it is not 

possible to confirm its suitability for the studying and monitoring O. edulis gametogenesis and 

sex differentiation, as the gonad samples collected have not been analysed at the microscope 

yet. Depending on the results of this observation, it might be necessary in the future to test and 

compare different gauge sizes of the biopsy needle to identify the most suitable ones for the 

monitoring of O. edulis gonad development. The effects of needle size on the interpretation of 

gonad stage have been already demonstrated by Acosta-Salmón and Southgate (2004) on the 

blacklip pearl oyster Pinctada margaritifera, who showed how thicker biopsy needles may 

enable a better observation of the gonad tissue, promoting the successful identification of the 

stages of gonad maturation. Moreover, in the present study it was not possible to assess the 

impact of biopsy on gonad development because, according to the dispensation licence 

(Appendix G), the oysters could not be sacrificed, and they had to be placed back where they 

were collected at the end of the experiment.  
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4.1 Introduction  

Bivalve growth, survival, and reproduction are predominantly limited by the capacity 

to acquire nutrients from the surrounding environment (Hawkins et al., 1999). This is 

extremely relevant to aquaculture, the aim of which is to maintain high productivity by 

enhancing species biological fitness, and particularly pertinent in hatchery settings, where 

nutrition is fully controlled by humans. The amount of food ingested by filter-feeders depends 

on the rate at which they filter the water (Riisgård, 1988). Knowledge gaps remain regarding 

important aspects of bivalves filtration rate, despite existing studies across a range of natural 

and laboratory conditions (Doering and Oviatt, 1986; Cranford, 2001; Widdows, 2001; Bayne, 

2004; Riisgård, 2001a, 2001b, 2004). Aiming to optimise diets and feeding regimes and 

maximise efficiency and costs of aquaculture production, the research mainly focused on the 

impacts of different microalgal species, particle sizes and concentrations, on bivalves feeding 

baheviour (Walne and Spencer, 1974; Wilson, 1980; Shumway et al., 1985; Beiras et al., 1994; 

Ward and Shumway, 2004; Cranford et al., 2011). However, food ingestion by filter-feeders 

depends, not only on the composition and nutritional characteristics of the selected diet, but 

also on the intrinsic filtration capacity of distinct individuals (Nielsen et al., 2017). Therefore, 

the selection and establishment of suitable feeding protocols might not be enough to ensure 

successful hatchery operations.  

Oyster filtration efficiency is influenced by a variety of environmental factors, such as 

temperature, salinity, and flow rate (Loosanoff, 1958; Hutchinson and Hawkins, 1992; Walne, 

1972; Sawusdee et al., 2015; Eymann et al., 2020), as well as endogenous factors, such as 

oyster size (Riisgård, 1988; Cranford et al., 2011; zu Ermgassen et al., 2013). However, the 

physiological responses of individual oysters to these factors, such as ingestion rate and other 

physiological parameters, are species-specific (Nielsen et al., 2017). While an extensive 
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literature is available on oysters of the genus Crassostrea (Loosanoff and Engle, 1947; Walne, 

1970; Palmer and Williams, 1980; Palmer, 1980; Gerdes, 1983; Riisgård, 1988; Bougrier et 

al., 1995; Newell and Langton, 1996; Soletchnik et al., 1996; Barillé et al., 1997, 2003; 

Hawkins et al., 1998; Bayne, 1999; Dupuy et al., 2000; Ren et al., 2000; Lefebvre et al., 2000; 

Haure et al., 2003; Pernet et al., 2008; Cranford et al., 2011; zu Ermgassen et al., 2013, 2016), 

to date the filtration capacity of O. edulis has not been exhaustively examined (Newell et al., 

1977; Rodhouse, 1978; Buxton et al., 1981; Wilson, 1983; Hutchinson and Hawkins, 1992; 

Haure et al., 1998; Sytnik and Zolotnitskiy, 2014; Sytnik, 2020; Eymann et al., 2020). 

Particularly, the circadian rhythms of feeding behaviour in Ostrea edulis and patterns in 

fluctuations of food ingestion throughout 24-hour intervals remain unexplored. The data on O. 

edulis filtration rate produced by most of the above mentioned studies are derived from 

measurements taken under laboratory conditions at random hours, with no regard to the effect 

of time. These data are often applied to filtration models without assessment of variation in 

feeding rate activities during 24-hour cycles. It is a concern therefore that the current 

knowledge on O. edulis filtration rate might be unrepresentative of the real filtration capacity 

of this species. Although the temporal variability (both daily and seasonal) of intra- and extra-

cellular digestion has been previously researched among bivalve species (Morton, 1956, 1970; 

Owen, 1970; Morton and Mcquiston, 1974; Langton, 1974, 1975, 1977; Wilson and La 

Touche, 1978; Mathers et al., 1979; Hawkins et al., 1983), a relatively limited number of 

studies have been conducted on the rhythmicity of filtration rate, with most of them performed 

in the natural environment and in correlation with tidal cycles (Morton, 1971, 1977; Mathers, 

1976; Hawkins et al., 1983).  

The acquisition of more accurate measurements would allow a better understanding of 

O. edulis feeding behaviour, promoting, not only the establishment of more effective breeding 
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protocols for aquaculture, but also the development of predictive models to support the 

planning and management of restoration programmes (Cranford et al., 2011). These types of 

models, which have been successfully developed for Crassostrea virginica in the US (zu 

Ermgassen et al., 2013; 2016), can also allow to assess the contribution of restoration activities 

toward target ecosystem services, in this case oyster filtration.  

In the present chapter, the daily temporal variability of O. edulis filtration efficiency 

was investigated, also considering the combined effects of water temperature and oyster size. 

The clearance rate of both juvenile and adult native oysters was measured hourly over a 24-

hour interval, at three different temperatures. 

 

4.2 Methods 

4.2.1 Experimental design 

The experimental design included two treatments (A and B) corresponding to two 

different size classes: A - adults (70 - 100 mm mean length), B - juveniles (50 - 70 mm mean 

length). Ten replicates were selected per treatment (1-10), with each replicate corresponding 

to one single oyster (10 oysters per treatment). The experiment lasted 24 hours, and it was 

repeated for three consecutive months (March, April, May), exposing the same oysters to three 

different temperatures (8 Cº, 10 Cº, and 12 Cº respectively). Due to logistical problems, 

clearance rate measures were not recorded for juvenile oysters in March (8 Cº) (Fig. 4.1). 
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Figure 4.1. Experimental design with two treatments (A - B) and ten replicates per treatment 

(1-10): adult oysters (A), juvenile oysters (B). Experiment repeated at three different 

temperatures (8 Cº, 10 Cº, 12 Cº). 

 

 

4.2.2 Biological material 

In February 2022, ten adult oysters (148.3 ± 12.7 g, mean ± SE) and ten juvenile oysters 

(23.3 ± 2.8 g, mean ± SE) from Lymington River (50°45'31.72"N 1°31'49.95"W) were 

transferred to the Institute of Marine Sciences (University of Portsmouth). After their 

translocation, their length (mm), width (mm), depth (mm), and wet weight (g) were measured 

and recorded (Appendix A, Table A.4, Table A.5). The oysters were then placed all together 

in a cage (60 x 60 x 20 cm) and kept in an outdoor flow-through tank (5000 L), covered with 

a wooden board, until the end of the experiment (May 2022). The seawater from Langstone 

Harbour was delivered straight to the tank, unfiltered and unheated. Water parameters in the 

tank were stable as follows: temperature (8°C), salinity (33ă), pH (8). The water quality 

dataset is not included in this thesis, but it can be provided if needed. 
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4.2.3 Experimental method 

4.2.3.1 Starvation 

Each month (March, April, May), one day before the beginning of the experiment, the 

oysters were scrubbed and cleaned with filtered seawater (micron rating: 1 µm) to remove any 

epiphytes and epifaunal organisms attached to their shells, and measured (Appendix A, Table 

A.6). Then they were placed separately into 10 L flow-through tanks, located in an indoor 

isolated aquarium room. All oysters were acclimated to laboratory conditions for 24 hours, 

during which they were depurated by starvation for the purpose of clearing any residual algal 

food from their digestive system. Longer acclimation periods were avoided in order to prevent 

potential oxidative stress responses and perturbations of oystersô immune system, as well as a 

longer reaction time of clearance rate, due to starvation (Riisgård et al., 2006; Thompson et al., 

2012; Nielsen et al., 2017; Ji et al., 2018). The seawater from Langstone Harbour was filtered 

by a series of inline cartridge filters (micron rating: 100, 50, 5, 1 µm) (Aquafilters and 

AmazonFilters) and delivered to each flow-through tank at a flow rate equal to 50 ml per 

minute (turnover time: ~ 3.5 hours). Air pumps and stones were used to aerate the seawater in 

each tank. In order to follow the natural seasonality, each month the oysters were exposed to 

the same temperatures occurring in the natural environment. Therefore, no temperature control 

was applied to the inlet water. Water parameters (temperature, salinity, pH, and DO) were 

measured at the beginning and end of the starvation period (Appendix B, Table B.1).  

 

4.2.3.2 Aquarium setup 

Following the starvation period, the oysters were transferred to an insulated aquarium 

room with temperature control, where the experiment was conducted. The air temperature in 

the room was setup and adjusted every month according to the current inlet seawater 
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temperature, and it was maintained consistent for the whole duration of the experiment (8 Cº, 

10 Cº, and 12 Cº in March, April, and May respectively). Adult and juvenile oysters were 

placed into separate 10 L static tanks (35 x 25 x 15 cm) and 1 L glass beakers respectively and 

kept off the bottom using plastic holding platforms. Air stones were fixed below each platform 

to both aerate the seawater and reduce sedimentation of algal food. The air was filtered with 

an inline syringe filter holder (Whatman, 25mm diameter) containing glass microfibre filters 

(Whatman GF/C, 25mm diameter, 1.2 mm pore size), and it was supplied to each tank and 

beaker using an air pump (Hailea V60 Series Air Pump 60 L). All tanks/beakers were then 

filled with filtered seawater from Langstone Harbour (inline cartridge filters - micron rating: 

100, 50, 5, 1 µm - Aquafilters and AmazonFilters). The temperature of the seawater 

corresponded to the one occurring in the natural environment (8 Cº, 10 Cº, and 12 Cº in March, 

April, and May respectively), as no heating or chilling was applied to the inlet water. However, 

considering the normal temperature variation occurring between day and night hours, the 

incoming seawater was collected in a reservoir tank (750 L volume, 160 x 78 x 60 cm), before 

being used to fill tanks and beakers, to allow its stabilisation to the controlled room 

temperature. The water parameters (temperature, salinity, pH, DO) of each tank/beaker were 

checked once during the whole 24-hours period at a random time, and they showed consistency 

every month of experiment (Appendix B, Table B.2). The hours of light and darkness were 

also adjusted by means of a light control system, according to the natural photoperiods of the 

specific months (12:12, 14:10, and 16:8 h light-dark photoperiod in March, April, and May 

respectively). The aforementioned setup is new, and it was designed and implemented 

specifically with the purpose of measuring oyster clearance rate hourly and at constant 

temperature.  
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4.2.3.3 Sample collection 

The experiment started at 3 PM, when the microalgal food, supplied in the form of 

concentrated algal paste (Ocean Delight), was added to each tank/beaker with a final 

concentration equal to 250 ³ 103 cell ml-1 (0.2 and 0.02 ml added to each 10 L tank and 1 L 

beaker respectively). A water sample (1.5 ml) was collected from each tank and beaker 

immediately after the addition of the algal paste (T0), and again after 1 hour (T1) and 2 hours 

(T2). At 5 PM, after the first two hours of feeding, all tanks and beakers were drained, and 

pseudofaeces and fecal pellets removed, using a vacuum hand syphon pump (dimensions: 145 

x 0.9 cm). The tanks/beakers were then refilled with new seawater, and the whole process, 

including feeding, sample collection, and water change, was repeated every two hours for 24 

hours (12 times in total). The two-hours intervals were selected arbitrarily to minimise the 

stress caused to oysters by both water change and static conditions. The longer the oysters were 

kept in static water the higher the risk of bacterial growth in the tanks/beakers. However, the 

more frequently the water was changed the higher the risk of interfering with oyster filtration. 

All water samples were fixed immediately after the collection with 20 ɛl of glutaraldehyde 

(1%) and stored at -80°C (Vaulot et al., 1989). 

 

4.2.4 Clearance rate 

4.2.4.1 Clearance rate calculation 

The samples were analysed at the end of the experiment, using a flow-cytometer 

(Sysmex CyFlow Cube 8). The following instrument settings were used for the analysis of all 

samples: Forward Scatter (FSC) = E00, Side Scatter (SSC) = 400, green fluorescence light 

(FL1) = 650, orange fluorescence light (FL2) = 650, red fluorescence light (FL3) = 550, flow 

rate (FR) = 8 ɛl/s (Marie et al., 2005). The concentration of algal cells was assessed for each 



Chapter 4. Rhythmicity of O. edulis filtration rate 

 153 

sample and these data were used to calculate the clearance rate using the following equation 

(Coughlan, 1969): 

ὅὙ  ὠ  ὰὲὅρ  ὰὲὅς  Ὕ] 

CR = Clearance Rate (L h-1) 

V = Volume of water in each tank/beaker (L) 

C1 = Initial algal concentration (T0 or T1) 

C2 = Final algal concentration (T1 or T2) + settled algal concentration (control) 

T = Time (h) 

 

Ten empty tanks (10 L) and ten empty beakers (1 L), filled with only the holding 

platforms, air stones, and seawater, were used as a control, to assess the algal settlement 

(Appendix C, Table C.3). The mean value of settled algal cells in both tanks and beakers was 

used as a control in the assessment of clearance rate, at each time point (C2 in the above 

equation).  

Clearance rate measurements are usually normalised to the oyster organic mass using 

the Ash Free Dry Weight (AFDW). However, in the present study it was not possible to 

sacrifice the oysters to calculate their dry weight, due to licence limitations (Appendix G). To 

increase the accuracy of the results, the clearance rate dataset produced in this study will be 

soon normalised using AFDW data on O. edulis available in the literature.  

 

4.2.4.2 Mean clearance rate (CRm) and hourly clearance rate (CRh) 

On each month of experiment, the hourly recorded clearance rate data were used to 

assess the mean clearance rate (CRm) of all oysters from both treatments (A - adults, B - 

juveniles), using the following equation (Appendix C, Table C.4): 
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ὅὙ  ὅὙ ὲ 

CRm = Mean Clearance Rate (L h-1) 

x = adult and juvenile oysters (1-10) 

n = hours (24) 

 

The same equation was used to calculate the mean clearance rate at each hour of the 

day/night (CRh) for both treatments (A - adults; B - juveniles) (Appendix C, Table C.5): 

ὅὙ  ὅὙ ὲ  

 

CRh = Clearance Rate (L h-1) at specific hours of day/night 

x = time of the day (3PM - 2PM) 

n = oysters per treatment (10) 

 

4.2.5 Statistical analysis 

All clearance rate data (CRm and CRh) were transformed by square root, after being 

tested for normality and homogeneity (Shapiro-Wilk and Laveneôs tests). Since no data were 

recorded in March for juvenile oysters (treatment B) (Fig. 4.1), a repeated measures one-way 

ANOVA was performed only on adult oysters (treatment A) to identify any significant 

differences in their mean clearance rate (CRm) between different temperatures (Factor: 

temperature; Levels: 8 Cº, 10 Cº, 12 Cº). A repeated measures two-way ANOVA was instead 

performed on datasets from only April and May, to test for differences in mean clearance rate 

(CRm) between treatments (Factor: treatment; Levels: A - adults, B - juveniles) and 

temperatures (Factor: temperature; Levels: 10 CÜ, 12 CÜ). The Pearsonôs correlation coefficient 

was used to measure the correlation between mean clearance rate (CRm) and both temperature 
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and oyster size (length and wet weight). In this study the wet weight substituted the dry weight 

because the oysters could not be sacrificed. 

A repeated measures one-way ANOVA was also conducted to assess whether in March 

the mean hourly clearance rate (CRh) of adult oysters (treatment A) varied significantly 

between different hours of the day/night (Factor: time; Levels: 1-24 hours). While in April and 

May, a repeated measures two-way ANOVA was used to test for differences in the mean hourly 

clearance rate (CRh) between treatments (Factor: treatment; Levels: A - adults, B - juveniles) 

and hours of the day/night (Factor: time; Levels: 1-24 hours). Following the observation of a 

significant interaction between factors (treatments ³ time), a post-hoc PAIRWISE test (Tukey's 

HSD test) was also carried out in both April and May. For all the statistical analysis mentioned 

above, significance was accepted at ὄ = 0.05. Unless stated, all statistical analysis was 

performed in JAMOVI® 2.3.21. 

 

4.3 Results 

4.3.1 Mean clearance rate (CRm) 

The repeated measures one-way ANOVA, performed on adult oysters (treatment A), 

identified significant differences in mean clearance rate (CRm) between temperatures (F = 9.38, 

p Ò 0.05), with significantly lower values of mean clearance rate (mean ± SE) recorded at 8 Cº 

(0.267 ± 0.22 L h-1), compared to the higher temperatures (0.756 ± 0.35 and 0.613 ± 0.37 L h-

1 at 10 Cº and 12 Cº respectively) (Fig. 4.2). An average of approximately 0.5 L h-1 of water 

was filtered by adult oysters (treatment A) during the whole experiment (March - May). This 

value was used as a threshold of clearance rate for this treatment, with data below and above 

this threshold indicating a basic and active oyster filtration respectively (red solid line in Figure 

4.2). The repeated measures two-way ANOVA, performed on datasets from April (10 Cº) and 
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May (12 Cº), identified significant differences in mean clearance rate (CRm) between 

treatments (F = 136, p Ò 0.001), with juvenile oysters (treatment B) showing significantly lower 

(p Ò 0.001) values of mean clearance rate (mean ±  SE) than adult oysters (treatment A) at both 

temperatures (0.128 ± 0.07 and 0.076 ± 0.02 L h-1 at 10 Cº and 12 Cº respectively). No 

significant differences were found instead between the two temperatures (F = 2.1, p = 0.164) 

and no interaction between the two factors (treatment ³ temperature) (F = 0.166, p = 0.688). 

An average of approximately 0.1 L h-1 of water was filtered by juvenile oysters (treatment B) 

during the whole experiment (April - May), and this value was used as a threshold of clearance 

rate for this treatment (red dotted line in Figure 4.2). 

 

 

Figure 4.2. Mean clearance rate (CRm) (L h-1, mean ± SE) of treatments A (adult oysters) and 

B (juvenile oysters), at three different temperatures (8 Cº, 10 Cº, and 12 Cº in March, April, 

and May respectively). Means that share a letter (aïb) are not significantly different (repeated 

measures one- and two-way ANOVA, p > 0.05). Red solid line: threshold of CRm for treatment 

A (adult oysters). Red dotted line: threshold of CRm for treatment B (juvenile oysters). 
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A positive correlation was found between the mean clearance rate (CRm) and oyster 

size, which was significant for both length (Pearsonôs correlation, r = 0.621, p < 0.001) and 

wet weight (r = 0.613, p < 0.001) (Fig. 4.3).  

 

 

  

Figure 4.3. Correlation between mean clearance rate (CRm, L h-1) and oyster size: a) length 

(mm), b) wet weight (g) (significant Pearsonôs correlation, p < 0.001). 

b) 

a) 
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A positive significant correlation was also found between temperature and the mean 

clearance rate (CRm) of adult oysters (treatment A) (r = 0.506, p = 0.004), whilst no correlation 

was found for juvenile oysters (treatment B) (r = -0.185, p = 0.434) (Fig. 4.4). 

 

 

 

Figure 4.4. Correlation between temperature and mean clearance rate (CRm, L h-1) of adult 

(treatment A) and juvenile oysters (treatment B) (significant Pearsonôs correlation only for 

treatment A, p < 0.001). 

 

 

4.3.2 Hourly clearance rate (CRh) 

At 8 Cº (March), adult oysters (treatment A) showed low values of hourly clearance 

rate (CRh) for most of the day, with most of the values below the threshold of filtration (< 0.5 

L h-1) (Fig. 4.5). Only three peaks of clearance rate were recorded at 3PM, 7PM, and 1PM, 

with 2.17 ± 0.77, 0.566 ± 0.21, and 0.649 ± 0.15 L h-1 respectively (mean ± SE). However, 

only the clearance rate observed at 3PM was significantly higher (p Ò 0.05) than the rest of the 

day/night hours (repeated measures one-way ANOVA, F = 1.86, p Ò 0.05). 
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Figure 4.5. Hourly clearance rate (CRh) (mean, L h-1) of treatment A (adult oysters) at 8 Cº 

(March), recorded over a 24-hour interval. Red dotted line: threshold of active filtration. 

 

At 10 Cº (April), active filtration was shown by adult oysters (treatment A) in the first 

half of the day (3PM - 3AM), with most of the values of hourly clearance rate (CRh) above the 

threshold of filtration (between 0.5 and 1.5 L h-1), except at 5PM, 8PM, and 12AM (0.018 ± 

0.46, 0.0001 ± 0.66, and 0.021 ± 0.29 L h-1 respectively) (Fig. 4.6a). Two larger peaks of 

clearance rate were also recorded at 11PM and 1AM, with 1.511 ± 1.13 and 4.119 ± 0.29 L h-

1 respectively. In the second half of the day (3AM - 3PM), most of the values recorded were 

below the threshold of filtration (< 0.5 L h-1), except at 5AM, 7AM, 10AM, and 2PM (1.362 ± 

0.27, 0.812 ± 0.18, 0.541 ± 0.18, and 0.862 ± 0.21 L h-1 respectively). At the same temperature, 

the hourly clearance rate (CRh) of juvenile oysters (treatment B) remained below their 

threshold of filtration (< 0.1 L h-1) for most of the day (Fig. 4.6b), while active filtration 

(between 0.1 and 0.5 L h-1) was observed mainly between 3PM and 10PM, and at 5AM and 

12PM. A larger peak of clearance rate was also recorded at 8PM (1.563 ± 1.31 L h-1). The 

repeated measures two-way ANOVA, performed on datasets from April, identified significant 
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differences in hourly clearance rate (CRh) between different hours of the day/night (F = 2.94, 

p Ò 0.001) and treatments (F = 34.3, p Ò 0.001), and a significant interaction between the two 

factors (F = 3.63, p Ò 0.001). However, only the clearance rate of adult oysters (treatment A) 

recorded at 1AM was found to be significantly higher (p Ò 0.05) than most of the other 

day/night hours, whilst no significant differences were found for juvenile oysters (treatment B) 

throughout the day (post-hoc Tukey's test). The hourly clearance rate (CRh) was significantly 

different between the two treatments only at 8PM, 11PM, and 1AM (p Ò 0.05). 

At 12 Cº (May), adult oysters (treatment A) alternated hours of low filtration, with 

values of hourly clearance rate (CRh) below the threshold (< 0.5 L h-1), and hours of active 

filtration, with values above the threshold (between 0.5 and 1.5 L h-1 at 3PM, 7PM, 10PM, 

3AM, 7AM, 9AM, ad 11AM) (Fig. 4.7a). Two larger peaks of clearance rate were also recorded 

at 1AM and 6AM, with 2.076 ± 0.46 and 2.105 ± 0.73 L h-1 respectively. The hourly clearance 

rate (CRh) of juvenile oysters (treatment B) remained below the threshold of filtration (< 0.1 L 

h-1) for most of the day, except at night hours (10PM - 1AM, 3AM, 5AM), when active 

filtration was observed (between 0.1 and 0.5 L h-1) (Fig. 4.7b). A larger peak of clearance rate 

was also recorded at 9PM (0.597 ± 0.04 L h-1). The repeated measures two-way ANOVA, 

performed on datasets from May, identified significant differences in hourly clearance rate 

(CRh) between different hours of the day/night (F = 1.97, p = 0.005) and treatments (F = 54.7, 

p Ò 0.001), and a significant interaction between the two factors (F = 1.76, p Ò 0.017). However, 

only the clearance rate of adult oysters (treatment A) recorded at 1AM and 6AM was found to 

be significantly higher (p Ò 0.05) than most of the other day/night hours, whilst no significant 

differences were found for juvenile oysters (treatment B) throughout the day (post-hoc Tukey's 

test). The hourly clearance rate values (CRh) of both treatments were significantly different 

only at 1AM and 6AM (p Ò 0.05). 
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Figure 4.6. Hourly clearance rate (CRh) (L h-1) of treatment A (adult oysters) (a) and treatment 

B (juvenile oysters) (b) at 10 Cº (April), recorded over a 24-hour interval. Red dotted line: 

threshold of active filtration. 
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Figure 4.7. Hourly clearance rate (CRh) (L h-1) of treatment A (adult oysters) (a) and treatment 

B (juvenile oysters) (b) at 12 Cº (May), recorded over a 24-hour interval. Red dotted line: 

threshold of active filtration. 

 

The trends of mean hourly clearance rate (CRh) at 8 Cº (March), 10 Cº (April), and 12 Cº (May) 

are also shown in Figure 4.8. 
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Figure 4.8. Mean hourly clearance rate (CRh) (L h-1) of treatment A (adult oysters - solid line) 

and treatment B (juvenile oysters - dotted line) at 8 Cº (March) (a), 10 Cº (April ) (b), and 12 

Cº (May) (c), recorded over a 24-hour interval. 

a) 

b) 

c) 
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4.4 Discussion  

Clearance rate and other physiological functions, which are essential in the calculation 

of bivalve energy balance, have been largely investigated in the past decades, particularly in 

relation to temperature and the size of the animals (Walne, 1972; Winter, 1978; Newell et al., 

1977; Newell and Branch, 1980; Hoffman, 1983; Beiras et al., 1995; Haure et al., 1998, 2003; 

Pérez-Camacho et al., 2000; Vladimirova et al., 2003; Cardoso et al., 2006; Steeves et al., 

2018; Thomas and Bacher, 2018). Based on the results of previous studies, which estimated 

the allometric relationship between physiological responses and body size, clearance rate was 

found to be positively related to the dry tissue weight of the animals (Wilson, 1980; Haure et 

al., 1998). For this reason, the food ration selected for hatchery breeding programs, is usually 

based on the dry meat weight of the broodstock (Helm and Bourne, 2004). This is congruent 

with the results of the present experiment, with significantly lower values of mean clearance 

rate (CRm) observed for juvenile oysters at both 10 Cº and 12 Cº (Fig. 4.2), and a significant 

positive correlation found between clearance rate and oyster size (both length and wet weight) 

(Fig. 4.3).  

Although the temperature-dependence of clearance rate has been largely proved 

(Møhlenberg and Riisg¬rd, 1978; Jørgensen et al., 1990; Beiras et al., 1995; Haure et al., 1998; 

Sytnik and Zolotnitskiy, 2014; Eymann et al., 2020), in the present experiment a significant 

positive correlation between mean clearance rate (CRm) and water temperature was found only 

for adult oysters (Fig. 4.4), and it was mainly due to the significantly lower values recorded at 

8 Cº. This is related to O. edulis capacity to reduce feeding activities and switch to basal 

metabolic rates below 10 Cº to survive low temperatures (Hutchinson and Hawkins, 1992). 

This strategy can also allow oysters to maintain sufficient growth performances at temperatures 

as low as 7 Cº (Child and Laing, 2008; Ashton and Brown, 2009; Merk et al., 2020; Kamermans 



Chapter 4. Rhythmicity of O. edulis filtration rate 

 165 

and Saurel, 2022; Pogoda et al., 2023). While increasing temperatures usually accelerate 

bivalve physiological and metabolic rates (Eymann et al., 2020), in this experiment the mean 

clearance rate of both juvenile and adult oysters decreased between 10 Cº and 12 Cº (Fig. 4.2). 

These unexpected findings may be related to the short exposure (24 hours) to the increasing 

temperatures. The capacity of individuals to adjust their physiological rates in response to 

changing environmental conditions has been defined as physiological compensation (Kinne, 

1971; Widdows and Bayne, 1971; Hawkins and Bayne, 1992), and the specific adaptation to 

changes in temperature is usually referred to as acclimation (controlled environment) or 

acclimatisation (natural environment) (Schmidt-Nielsen, 1990; Prosser, 1991). These 

acclimatory response, aimed to maintain constant biological functions (survival, growth, 

reproduction capacity), can vary depending on the length of the exposure to the new external 

conditions (Beiras et al., 1995). It is possible therefore that a longer exposure to higher 

temperatures is needed to produce more substantial physiological responses and significantly 

higher clearance rate measurements. 

The novel aspect of this study, however, was the investigation of the daily rhythmicity 

of O. edulis filtration. The clearance rate variability over short time intervals, ranging from 

minutes to hours, has been observed in previous studies for several bivalve species (Winter, 

1969, 1970, 1973; Epifanio and Ewart, 1977; Griffiths, 1980; Palmer, 1980; Strohmeier et al., 

2009; Cranford et al., 2011). A substantial body of evidence suggests the coordination of 

ingestion and digestion as a typical bivalve feeding behaviour, with periods of cessation of all 

feeding activities, usually coinciding with those of maximum digestion (Purchon, 1971; 

Morton, 1973; Hawkins et al., 1983). The daily fluctuations of O. edulis food ingestion, 

investigated under laboratory conditions for the first time in this experiment, varied in relation 

to body size. Compared to adults, lower values of hourly clearance rate (CRh) were recorded 
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for juvenile oysters at both 10 Cº and 12 Cº. Moreover, only few hours of active filtration and 

one single peak of clearance rate were observed for juveniles over a 24-hour interval, while 

more frequent active filtration and two massive peaks of clearance rate were recorded for adult 

oysters at both temperatures (Fig. 4.6 and Fig. 4.7). However, adults showed a completely 

different pattern of daily filtration at lower temperature (8 Cº), with only few hours of active 

filtration recorded in the afternoon, and one single high peak of clearance rate observed in the 

first hour of experiment (3PM), most likely related to the previous period of starvation (Fig. 

4.5). Moreover, despite the similarities between the trends of daily filtration observed at 10 Cº 

and 12 Cº, the time at which filtration occurred varied between the two temperatures for both 

adults and juveniles. Adult oysters, for example, showed higher values of hourly clearance rate 

mainly in the afternoon/night at 10 Cº, and in the night/morning at 12 Cº (Fig. 4.6a and Fig. 

4.7a). Similarly, the feeding activities of juvenile oysters were mostly concentrated in the 

afternoon at 10 Cº, and in the night at 12 Cº (Fig. 4.6b and Fig. 4.7b). All these differences may 

suggest a potential influence of temperature on the daily rhythmicity of O. edulis feeding 

activities. However, further investigations at different ranges of temperatures are recommended 

to confirm this correlation, and to identify more accurate and reliable patterns of daily 

variability of filtration rate for this species. 

A better understanding of the daily feeding habits of bivalve species, may contribute to 

the development of more accurate feeding protocols for aquaculture production. The results of 

the present experiment showed a discontinuous clearance rate of O. edulis over 24-hour 

intervals, suggesting that oyster food consumption may occur at specific hours of day/night 

under laboratory conditions. In particular, feeding activities of both adult and juvenile native 

oysters were mostly observed during hours of darkness. Since bivalves are highly sensitive to 

disturbance under laboratory conditions, which can negatively affect their filtration efficiency 
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(Riisgård, 1988), a possible explanation to these findings may be related to the potentially 

lower level of disturbance occurring at night in the aquarium room. However, taking into 

consideration that the same amount of people was present/working in the room during the 24-

hour intervals, and the same experimental method (feeding, water change, and samples 

collection protocols) was applied for the whole duration of the experiment, it is possible that 

the feeding behaviour observed in this study might have been instead determined by the 

light/dark conditions in the aquarium room (Pouil et al., 2021). Further research and more 

evidence are needed to confirm the influence of photoperiod on the daily rhythmicity of O. 

edulis clearance rate.  

These findings have important implications, not only for aquaculture production, but 

also for comparative studies of bivalve physiology and bioenergetics (Sytnik, 2020). Valuable 

dynamic energy budget (DEB) models have been successfully developed in the past years, and 

they are currently used to either assess bivalves response to the surrounding environment, or 

to predict long-term growth and reproductive performance and potential acclimation of 

bivalves to new environmental conditions (Beiras et al., 1994). Scope for growth (SFG), for 

example, is an energy balance equation, frequently used to predict growth in bivalves under 

constant conditions (Beiras et al., 1995). Clearance rate, as well as other physiological 

parameters such as absorption efficiency, respiration, and nitrogen excretion, are contemplated 

in these models, playing an essential role in determining the net energy available to bivalves 

for biomass increase and reproduction (Bayne and Newell, 1983; Riisgård, 1988). Therefore, 

uncertainty and inaccuracy of feeding parameters may negatively affect the precision of these 

models, leading to inaccurate estimates of growth and reproductive performances (Dowd, 

1997; Cranford et al., 2011).  
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Water filtration is also considered one of the most important ecosystem services 

provided by filter-feeders, through which they can remove large quantities of phytoplankton 

and suspended particles from the water column, improving the water quality and contributing 

to the control of eutrophication in marine ecosystems (Newell, 1965, Ward and Shumway, 

2004, Fulford et al., 2010; Sawusdee et al., 2015). Models for the estimation of filtration 

capacity (volumes of filtered water), have been recently developed for Crassostrea to support 

restoration activities. These models can be used, not only to assess the contribution of past 

oyster population, quantifying the loss of ecosystem services (in this case water filtration), but 

also to estimate the filtration capacity of current populations, facilitating the monitoring of 

contribution and progress of restoration projects (zu Ermgassen et al., 2013, 2016). Although 

O. edulis clearance rate and feeding behaviour are still currently understudied, the results of 

the present experiment may also contribute to the future development of similar filtration 

models, which could facilitate planning, management, and outreach of native oyster restoration 

in Europe. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

 168 

 

 

 

 

Chapter 5 

Suitability of four different microalgal pastes 

for Ostrea edulis broodstock conditioning in 

hatchery settings 

 

 

 

 

 

 

 

 

 

 

 



Chapter 5. Suitability of microalgal paste 

 169 

5.1 Introduction  

Along with temperature, nutrition seems to be one of the most important factors 

affecting oyster reproduction (Chavez-Villalba et al., 2003; González-Araya et al., 2012). 

Compared to wild stock, O. edulis broodstock has been found to be characterised by lower 

fecundity when conditioned in hatcheries (Helm et al., 1991), mainly due to the lack of 

effective feeding programs. While in natural conditions oysters can coordinate their breeding 

efforts around the seasonal variations of suspended matter, dissolved nutrients, and 

phytoplankton (Ruiz et al., 1992), in controlled environment, where the seawater is usually 

filtered, their reproductive success solely depends on the microalgal food and nutrients 

supplied by practitioners. The need for the implementation of more successful breeding 

programs has been recently pointed out, to facilitate the manipulation of reproduction and 

increase oyster fecundity and fertility in hatchery settings (MacDonald et al., 1998; Maneiro, 

2014; zu Ermgassen et al., 2023/in press). The general lack of knowledge of O. edulis 

nutritional requirements and the unreliability and inconsistency of algal production are 

considered major barriers to the development of suitable feeding protocols for the conditioning 

of this species in hatcheries (Willer and Aldridge, 2019).  

Feeding rate and absorption efficiency represent the main physiological parameters 

controlling energy intake in bivalves (Griffiths and Griffiths, 1987; Bayne and Hawkins, 1990; 

Steeves, 2022) (Fig. 5.1), and they can vary greatly in response to both environmental (e.g., 

temperature) (Newell et al., 1977; Newell and Branch, 1980; Beiras et al., 1995; Haure et al., 

1998, 2003; Steeves et al., 2018; Thomas and Bacher, 2018) and endogenous factors (e.g., size) 

(Walne, 1972; Pérez-Camacho et al., 2000; Vladimirova et al., 2003; Cardoso et al., 2006).  
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Figure 5.1. Conceptual diagram of the physiological processes which control and regulate 

Ostrea edulis energy balance. Source: adapted from Steeves, 2022. 
 

However, bivalve ingestion and assimilation of nutrients from the diet largely depend 

on both availability and type of food (Thompson and Bayne, 1974; Defossez and Hawkins, 

1997; Albentosa, et al., 2007; Tan et al., 2022; Stechele et al., 2022). As outlined in the 

introductory chapter, the exposure to increasing concentrations of suspended particles, 

especially in relation to resuspension events, can have negative effects on feeding and 

absorption efficiencies of marine bivalves, affecting growth rate and gonad development 

(Winter, 1973; 1978; Foster-Smith, 1975; Riisgård and Randlev, 1981; Møhlenberg and 

Kiorboe, 1981; Malouf and Bricelj, 1989; Beiras and Pérez-Camacho, 1994; Beiras et al., 1994; 

MacDonald et al., 1998; Velasco et al., 2003; Sejr et al., 2004; Sarà et al., 2013; Dong et al., 
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2022). In hatchery settings, this may also lead to bacterial contamination and broodstock 

mortality, due to the high rejection of algal food and increasing production of pseudofaeces 

(Maneiro et al., 2020). A daily food ration ranging from 3% to 6% of the oyster dry weight has 

been identified as optimal for O. edulis hatchery conditioning (Beiras and Pérez-Camacho, 

1994; Millican and Helm, 1994; González-Araya et al., 2012; Maneiro et al., 2017b), although 

limited literature is available on the effects of food concentration on the feeding efficiency of 

this species. More than the particles concentration (quantity), the selection of a suitable diet 

composition (quality) is crucial for the success of bivalve hatchery production (Utting and 

Millican, 1997; González-Araya et al., 2012). Different algal species can, not only be ingested 

and digested differently, but they can also show different biochemical compositions, leading 

to different allocation in the gonads (Frolov and Pankov, 1992). The nutritional values of 

microalgal species (diatoms and flagellates), commonly cultured and used in bivalve 

hatcheries, have been investigated in the past decades (Zhukova and Aizdaicher, 1995; Brown 

et al., 1997; Volkman and Brown, 2006; Patil et al., 2007; Prartono et al., 2013; Ohse et al., 

2015), as well as their suitability for O. edulis broodstock conditioning (Frolov and Pankov, 

1992; Millican and Helm, 1994; Berntsson et al., 1997; Gonzalez-Araya et al., 2011, 2012a, 

2012b, 2013, 2018; da Costa et al., 2023).  

However, the culturing of live microalgae can represent a major challenge for bivalve 

production when bacterial contamination and crashes of the cultures occur in hatcheries 

(Knauer and Southgate, 1999; Willer and Aldridge, 2019). Growing large volumes of high-

quality microalgae, sufficient to meet the nutritional needs of broodstock, is also expensive and 

time consuming, consisting of about 30% of the overall production costs (Coutteau and 

Sorgeloos, 1992). Some cost-effective alternatives to live microalgal diets have been developed 

over the past decades to facilitate hatchery practices (Robert and Trintignac, 1997). These fall 
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into three main categories. The first one consists in the use of non-photosynthetic 

microorganisms, such as yeast and bacteria. Despite its high protein content and the ease with 

which it can be cultured, the use of yeast seems to be unsuitable for oyster conditioning, causing 

high production of pseudofaeces and decreases in growth rate (Coutteau et al., 1993). This is 

related to the deficiency of yeast in polyunsaturated fatty acids and vitamins (Urban and 

Langdon, 1984), and its low digestibility, due to thickness of its cells (Epifanio, 1979). Bacteria 

can provide part of the nutritional requirements (Langdon and Bolton, 1984; Moal et al., 1996), 

also facilitating bivalve digestion by the release of exoenzymes and their contribution to the 

breakdown of proteins (Prieur, 1982; Manahan, 1983). However, in line with the general 

biosecurity recommendations, the use of bacteria in hatcheries is often avoided to prevent 

bacterial contaminations and mass mortalities (Robert and Trintignac, 1997). The second 

category consists of artificial food particles, often microencapsulated to reduce leaching (Jones 

et al., 1974; Langdon and Dehevoise, 1990; Numaguchi and Nell, 1991; Nell, 1993). Despite 

its numerous advantages, such as the low production costs and the ease with which it can be 

used and stored (Southgate et al., 1992a; Coutteau et al., 1996), so far, the use of artificial food 

does not seem to be fully suitable for bivalve conditioning and rearing, with further research 

undoubtedly needed (Willer et al., 2020). Finally, the third category involves the 

transformation of live microalgae into secondary products, such as dried algae or algal pastes, 

usually easier to use and store. Dried microalgae can also be easily assimilated by bivalves, 

due to their weak cell walls (Hidu and Ukeles, 1962). However, the drying process greatly 

affects the original physical and chemical characteristics of the microalgae, often leading to 

deficiencies in fatty acids, proteins, and vitamins. Due to their scarce nutritional values, the use 

of dried microalgae in bivalve aquaculture may produce low growth rates, which cannot be 

compared to those observed with live algae (Laing and Millican, 1991; Curatolo et al., 1993). 
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Algal paste is easily produced by centrifuging algal cultures of one or multiple species, and it 

can be stored in a highly concentrated glycerol solution for months at 4°C, or even years if 

frozen (Watson, 1986; Donaldson, 1991). However, only few studies have been carried out so 

far to investigate its nutritional values and its suitability for oyster broodstock conditioning 

(Nell and OôConnor, 1991; McCausland et al., 1999), while most of the data available are 

originated in commercial hatcheries and not often shared (Robert and Trintignac, 1997).  

The suitability of four different single-species algal pastes for the hatchery conditioning 

of O. edulis was investigated in the present experiment. The selection of the species was mainly 

dictated by their availability in the form of paste. Between the algal pastes available at the time 

the experiment was performed, flagellate (Isochrysis galbana, Tetraselmis sp.) and diatom 

(Thalassiosira pseudonana) species were selected because of their extensive employment in 

oyster aquaculture (Helm and Bourne, 2004). The non-flagellate species Nannochloropsis 

oculata was instead selected because of its particularly small dimensions, to expose the oysters 

to a wider range of algal cell sizes. The physiological responses of oysters to the different diets 

were assessed by monitoring oyster mortality, growth, clearance rate, and absorption 

efficiency, to assess safety, ingestibility, and digestibility of each algal paste. The biochemical 

allocation of lipids and fatty acids in the gonads of oysters exposed to different algal paste diets 

was also explored in the present study, because particularly important to promote reproductive 

success in aquaculture (Laudicella et al., 2019). 
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5.2 Methods 

5.2.1 Biological material 

In April 2021, forty oysters (mean weight ± SE: 34.25 ± 1.67 g) from the intertidal zone 

in Langstone Harbour (50°47'41.1"N 1°00'10.0"W) were collected by hand gathering and 

transferred to the Institute of Marine Sciences (University of Portsmouth). In accordance with 

the Southern IFCA dispensation licence (Appendix G) all oysters were placed back in the same 

place at the end of the experiment. After their translocation, the oysters were cleaned and 

scrubbed to remove any epiphytes and epifaunal organisms persisting on their shells, and their 

length (mm), width (mm), depth (mm), and wet weight (g) were measured (Appendix A, Table 

A.7).  

After 5 days of acclimatisation to the aquarium conditions (150 L flow-through tanks, 

25 L/h flow rate, unfiltered and unheated water), each oyster was placed in a 10 L flow-through 

tank (35 x 25 x 15 cm) and kept off the bottom using a plastic holding platform (Fig. 5.2). The 

seawater from Langstone Harbour was filtered by a series of inline cartridge filters (micron 

rating: 100, 50, 5, 1 µm - Aquafilters and AmazonFilters) and collected in a reservoir tank (750 

L volume, 160 x 78 x 60 cm), from which it was to the tanks at a flow rate of 50 ml per minute 

(turnover time: ~ 3.5 hours). The tanks were also aerated with filtered air (glass microfibre 

filters Whatman GF/C, 25mm diameter, 1.2 mm pore size), using air pumps (Hailea V60 Series 

Air Pump 60 L) and air stones. The temperature was kept low at 8 °C to avoid gametogenesis, 

using a water chiller (Teco TK2000 Chiller/Heater). Salinity (33ă), pH (8), and dissolved 

oxygen (DO) (10 mg L-1) were measured daily and maintained constant for the whole duration 

of the experiment. Water quality data are not included in this thesis but they can be provided if 

needed. 
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Every day the water in the tanks was turned off for three hours, during which the oysters 

were fed in static tanks to avoid any waste of algal food. The tanks were drained and cleaned 

once a week to limit bacterial growth and the accumulation of metabolites. 

 

          

Figure 5.2. Native oysters kept separately in 10 L tank off the bottom on elevated holding 

platforms. 

 

 

5.2.2 Experimental design 

The experimental design included four treatments (A-D) corresponding to four different 

single species diets: A - Isochrysis galbana (mean size 6 µm; dry weight 8%; T-ISO strain 

CCMP 1324), B - Nannochloropsis oculata (mean size 1-2 µm; dry weight 18%; strain CCMP 

525), C - Tetraselmis sp. (mean size 11 µm; dry weight 18%), D - Thalassiosira pseudonana 

(mean size 7 µm; dry weight 8%) (Fig. 5.3) (see Appendix E, Tables E.2 and E.3, for nutritional 

values). Each treatment had ten replicates (n = 10), with each replicate represented by one 

single oyster (Fig. 5.4). The microalgal food was supplied to the oysters once a day in the form 

of algal paste (Varicon Aqua Solution Ltd). A daily food ration equal to 3% of the mean oyster 

dry weight was selected (see Box 5.1 for the exact calculation of food ration), although 

according to Pineda-Metz et al. (2023), which was published after the completion of this study, 
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the actual daily food ration employed in the present experiment might have rather been equal 

to 1% of the mean oyster dry weight (more accurate weight-to-weight conversion factor). The 

experiment did last four weeks in total. 

 

 

Figure 5.3. Thalassiosira pseudonana (a), Isochrysis galbana (b), Nannochloropsis oculata 

(c), Tetraselmis sp. (d). Sources: Malakootian et al., 2016; Borowitzka, 2018; Palanisami et 

al., 2022; Algae Research and Supply. 

 

 

 

Figure 5.4. Experimental design with four treatments (A-D) and ten replicates per treatment 

(1-10): Isochrysis galbana (A), Nannochloropsis oculata (B), Tetraselmis suecica (C), 

Thalassiosira pseudonana (D). 

a) b) 

c) d) 
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5.2.3 Physiological responses 

5.2.3.1 Mortality and growth rates 

Oyster mortality was monitored daily by regular inspections, whilst oyster 

morphometrics (length, width, depth, and weight) were measured at the beginning (week 1) 

and at the end (week 5) of the experiment (Appendix A, Tables A.7 and A.8). Growth rate was 

also calculated for each treatment, using the following equation (Appendix A, Table A.9): 

 

ὋὙ  ὓὪ  ὓὭ ὓὪ ρππ 

GR = Growth Rate (%) 

Mf  = Morphometrics (length, width, depth, and weight) - ending values (week 5) 

Mi = Morphometrics (length, width, depth, and weight) - starting values (week 1) 
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5.2.3.2 Clearance rate - Ingestion 

The ingestion of microalgal food was estimated and monitored for each treatment 

weekly, by measuring the oyster hourly consumption of algal cells. Every week, all oysters 

were placed in glass beakers (1 L) and kept off the bottom using plastic holding platforms. 

Magnetic bars were then positioned underneath the platforms. Each beaker was filled with 800 

ml of filtered seawater (1 µm) and then placed on magnetic stirrers, to avoid the sedimentation 

of algal cells by stirring the water (Fig. 5.5). A small volume of each algal paste was added to 

the corresponding beakers, with a final dilution equal to 200 x 103 cells ml-1 (40 µl, 2.5 µl, 220 

µl, and 145 µl added to treatments A, B, C, and D respectively). Water samples (1.5 ml) were 

collected from each beaker immediately after the addition of algal paste (T0) and again after 1 

hour (T1). Each water sample was fixed in 1% glutaraldehyde (20 ɛl) and stored at -80°C 

(Vaulot et al., 1989).  

At the end of the experiment, these samples were analysed using a flow-cytometer 

(Sysmex CyFlow Cube 8), and the concentration of algal cells in each sample was assessed. 

These data were then used to calculate the oyster clearance rate, which is referred to as the 

volume of water cleared of suspended particles, per unit of time (Widdows, 1985a, b). The 

following equation was used for this purpose (Coughlan, 1969) (Appendix C, Table C.6): 

 

ὅὙ  ὠ  ὰὲὅρ  ὰὲὅς  Ὕ] 

CR = Clearance Rate (L h-1) 

V = Volume of water in each beaker (L) 

C1 = Initial algal concentration (T0)  

C2 = Final algal concentration (T1) + settled algal concentration (control) 

T = Time (h) 

https://link.springer.com/article/10.1007/s00227-018-3351-x#ref-CR72
https://link.springer.com/article/10.1007/s00227-018-3351-x#ref-CR72
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Although this method allows to reduce substantially the sedimentation of algal cells in 

each beaker, the sinking of some particles is inevitable. In order to assess the algal settlement, 

ten empty beakers were filled with only the holding platform, magnetic bar, and seawater, and 

used as a control (Appendix C, Table C.7). The mean value of settled algal cells was taken into 

consideration in the clearance rate calculation (C2 in the above equation). 

 

       

Figure 5.5. Clearance rate monitoring, using magnetic stirrers to avoid sedimentation of 

microalgal cells.  

 

5.2.3.3 Absorption efficiency - Assimilation 

Part of the food ingested by oysters is usually assimilated, whilst the rest is rejected as 

faeces (González-Araya et al., 2011). The assimilation of microalgal food was estimated 

weekly for each treatment, by measuring the Organic Content (OC) of daily fecal biodeposits. 

Every week, samples of faeces were collected from each tank one day after the cleaning day, 

to allow the sampling of only faeces produced in a 24-hours period. Fecal samples were then 

filtered on pre-washed, pre-combusted (450°C), and pre-weighted glass microfibre filters 

(Whatman GF/C filters; diameter: 47mm; pore size: 1.2 ɛm), using a vacuum filtration system 

(PYREX® Glass Vacuum Filtration System) (Iglesias et al., 1996; Reid et al., 2010; González-
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Araya et al., 2011; 2012; Hall et al., 2020). The filters were then rinsed with an isotonic 

ammonium formate solution (Sigma-Aldrich, 10M in H2O) to remove salts and prevent the 

lysing of live microalgal cells. Each filter was dried at 60 °C for 24 h, then weighed to assess 

the Total Particulate Matter (TPM) of each sample, and finally placed on ceramic plates into a 

muffle furnace, at 450°C for 4 hours (Fig. 5.6). The dried samples were weighed again after 

ashing to determine the Particulate Inorganic Matter (PIM) of each sample, whilst the 

Particulate Organic Matter (POM), which corresponds to the weight lost after ignition, was 

then calculated by weight difference (POM = TPM - PIM) (Schartau et al., 2019) (Appendix 

D, Tables D.1-D.5).  

At the beginning of the experiment, five small samples of each algal paste were also 

resuspended in 100 ml of filtered seawater (1 µm) (McCausland et al., 1999) to a final 

concentration of 200 x 103 cells ml-1 (5 µl, 0.3 µl, 30 µl, and 20 µl of Isochrysis galbana (A), 

Nannochloropsis oculata (B), Tetraselmis sp. (C), and Thalassiosira pseudonana (D) 

respectively). All samples were then filtered, dried, combusted, and weighed following the 

same procedure described above, to estimate the TPM, PIM, and POM of each food sample 

(Appendix D, Table D.6). 

The relative Organic Matter content of both faeces (OMF) and microalgal food (OMA) 

was calculated for each fecal and food sample using the following equation (Pérez-Camacho 

et al., 2000) (Appendix D, Tables D.1-D.5; D.6): 

 

ὕὓ ὖὕὓ Ὕὖὓ 

OM = Organic Matter content (fraction) 

POM = Particulate Organic Matter (mg) 

TPM = Total Particulate Matter (mg)  
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Figure 5.6. Glass microfibre filters drying at 450°C in the muffle furnace, after filtration of 

fecal samples from all treatments.  

 

 

Fecal (OMF) and microalgal (OMA) relative organic content data were then used to 

estimate oyster Absorption Efficiency (AE) for each sample, which represents the percentage 

of total ingested organic matter absorbed during digestion (Reid et al., 2010). This was 

calculated using the following equation (Conover, 1966) (Appendix D, Tables D.7): 

 

ὃὉ ρ ὕὓὊ ὕὓὃ ὕὓὊ ὕὓὃ ρππ 

AE = Absorption Efficiency (%) 

OMF = Fecal Organic Matter content (fraction) 

OMA = Algal Organic Matter content (fraction) 
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5.2.4 Biochemical allocation 

5.2.4.1 Sampling of gonad tissue 

At the end of the experiment all oysters were anaesthetised in a magnesium chloride 

solution, prepared with 500 g of magnesium chloride hexahydrate (Sigma-Aldrich, MgCl2, 

99%) dissolved in a mixture of distilled water (6 L) and filtered seawater (4 L, 1 µm), to keep 

the salinity stable (33ă) (Suquet et al., 2010). A small volume of algal paste was also added 

to the anaesthetic solution to induce the opening of oyster valves. After approximately 2 hours 

of exposure to anaesthesia, all oysters showed distinctly open valves. Smears of oyster gonads 

were then collected using a biopsy needle (Super CoreTM, Semi-Automatic), with 14-gauge (2 

mm diameter) and 90 mm length (Acosta-Salmón and Southgate, 2004), and the samples were 

immediately saved at -80°C.   

 

5.2.4.2 Lipid extraction 

Considering the small amount of tissue that the biopsy needle allowed to collect (each 

smear of gonad: ~5 mg), triplets of replicates were merged, to obtain three larger samples (~10-

25 mg per sample) for each treatment (Appendix E, Table E.4). The lipids contained in each 

sample were extracted using a modified version of the Bligh and Dyer (1959) method. 

Homogenisation was achieved in a Bertin Minilys® Homogeniser, using a Precellys® kit 

which included: standard tubes (2 ml), and a mix of ceramic beads (zirconium oxide) of 1.4 

mm (soft tissue) and 2.8 mm (hard tissue) diameter. The samples were transferred into the tubes 

and with 250 µl of a mixture of methanol:chloroform (2:1 - v/v). Then 200 µl of distilled water 

was added to the tubes for separation, as the samples were found largely contaminated with 

non-organic materials, accumulated in the biopsy needle during sampling. Homogenisation 

was performed three times, for 30 seconds each. This protocol was improved by adding 0.01% 
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(w/v) of butylated hydroxytoluene (BHT) to the extraction solvent, to minimise autoxidation 

of unsaturated components (Welti et al., 2002; Metherel et al., 2013; Kehelpannala et al., 

2020). The homogenates were transferred into microcentrifuge tubes (2 ml) using glass pipettes 

and 250 µl of methanol:chloroform (2:1 v/v) was added to the Precellys tubes to wash any 

remained homogenate off the beads (Breuer et al., 2013). The content of the tubes was then 

transferred into the same microcentrifuge tubes containing the rest of the samples, and the 

washing was repeated two more times. Each sample was centrifuged at 3000 rpm for 5 minutes 

using a MicroCL 17R Centrifuge (Fisher Scientific). After allowing a few minutes for 

separation, the top layer consisting of methanol, water, and non-lipidic cell debris was removed 

by aspiration (Fig. 5.7). The remaining bottom layer, which represented the organic phase 

containing the extracted lipids, was washed with 1 M potassium chloride, adding 250 µl of KCl 

to each Eppendorf (Ryu et al., 1998). After centrifuging for 2 minutes, the top layer containing 

KCl and any remaining debris was aspirated from each sample, and 250 µl of distilled water 

were added to remove any salts (Welti et al., 2002). The samples were centrifuged again for 2 

minutes, and the top layer of water was removed. The remaining organic phases (bottom 

layers), containing chloroform and extracted lipids, were vacuum dried using a Savant 

SPD1010 SpeedVac Concentrator (Fisher Scientific), to allow the evaporation of the solvent. 

Once completely dry, the samples were weighed, and the dry weigh of the total extracted lipids 

(TL) recorded (Appendix E, Table E.4). 

 



Chapter 5. Suitability of microalgal paste 

 184 

 

Figure 5.7. Separation and clarification of the homogenised samples after centrifuging. Top 

layer (between the red dotted lines): methanol + water + non-lipidic substances. Bottom layer: 

chloroform + lipids). 

 

 

       

Figure 5.8. Transesterification of fatty acids (left: round-bottom flasks containing samples and 

connected to the reflux condenser; right: boiling samples heated with an electric heating 

mantle). 
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5.2.4.3 Transesterification of fatty acids 

 Transesterification of fatty acids was performed using a modified version of the acetyl 

chloride/methanol method (Lepage and Roy, 1984; Langseter et al., 2021). The dried lipids 

were resuspended with a mixture of acetyl chloride and methanol (5%, v/v), transferred into 

glass round-bottom flasks, and then connected to a reflux condenser (Fig. 5.8). They were 

boiled for 15 minutes using an electric heating mantle (Electrothermal). After cooling at room 

temperature, 500 µl of hexane and 500 µl of distilled water were added to the flasks, and the 

whole contents were then transferred into new Eppendorf tubes. After shaking thoroughly, and 

waiting a few minutes for separation, the bottom layers, consisting of water, methanol, and 

residual biomass, were removed by aspiration and saved at -80°C for future FTIR (Fourier 

Transform Infrared) spectroscopy (Forfang et al., 2017). The hexane layers were mixed with 

250 µl of chloroform, containing 0.01% butylated hydroxytoluene (BHT), and shaken again. 

Since hexane is not polar, it is expected that the fatty acid methyl esters (FAMEs) will be 

dissolved in it, while any remaining non-transesterified lipids (polar) will dissolve in the 

chloroform phase (Furse et al., 2015). The top layers were then aspirated, this time removing 

the hexane. The latter step was repeated twice to ensure the complete removal of the hexane 

from the samples. The hexane was evaporated using the SpeedVac vacuum dryer. After 

approximately 1 hour, the samples were completely dry, and they were weighed to assess the 

dry weigh of the extracted FAMEs (Appendix E, Table E.4). After the addition of 500 µl of 

hexane, all samples were saved at -80°C. The analysis of the FAMEs by gas-chromatography 

(GC) has not been performed yet, but it will be in the near future. 
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5.2.5 Statistical analysis    

Since the morphometric and growth rate data (depth, width, length and weight) showed 

a non-normal distribution of the datasets when tested for normality (Shapiro-Wilk test) and 

homogeneity of variance (Laveneôs test), a Kruskal-Wallis H test was used to test for 

differences in each of the morphometric measures between treatments (Factor: treatment; 

Levels: A - Isochrysis galbana; B - Nannochloropsis oculata; C - Tetraselmis sp; D - 

Thalassiosira pseudonana), both at the beginning and the end of the experiment. The same test 

was used to determine whether the morphometric measures varied between the beginning and 

the end of the experiment for each treatment (Factor: exposure; Levels: pre-exposure - week 1; 

post-exposure - week 5), and if the growth rate varied between the treatments for each of the 

morphometrics.  

A one-way ANOVA was performed to identify any differences in organic content of 

microalgal food (OMA) between treatments, and the OMA data were not transformed since 

normally distributed. Data of fecal organic content (OMF), absorption efficiency (AE), and 

clearance rate (CR) were transformed by square root, after being tested for normality and 

homogeneity. A repeated measures two-way ANOVA was then performed to test for 

differences in all three variables (CR, OMF, AE) between treatments, and weeks of exposure 

(Factor: exposure; Levels: week 1 to 5). Where a significant interaction was observed between 

treatments and exposure, a one-way ANOVA was performed to analyse the simple main effects 

of each factor. If both main and simple main effects were found to be significant, a post-hoc 

PAIRWISE test (Tukey's HSD test) was also carried out.  

A one-way ANOVA was finally performed to test for the simple main effects of each 

single-species diet (Factor: treatment; Levels: A - Isochrysis galbana; B - Nannochloropsis 

oculata; C - Tetraselmis sp; D - Thalassiosira pseudonana) on the percentage of total lipids 
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(TL) and fatty acids (FAME) allocated in oyster gonads. Only the TL data were transformed 

by Box-Cox transformation, as non-normally distributed. For all the statistical analysis 

mentioned above, significance was accepted at ὄ = 0.05, and all statistical analysis, unless 

stated, were performed in JAMOVI® 2.3.21. 

 

5.3 Results 

5.3.1 Mortality and growth rates 

Mortality was 0% for oysters fed on Nannochloropsis oculata and Thalassiosira 

pseudonana (treatments B and D), and 10% for oysters fed on Isochrysis galbana and 

Tetraselmis sp. (treatments A and C) with one mortality recorded on the last week of 

experiment (week 4). 

No differences in mean length (mm), width (mm), depth (mm), and weight (g) were 

identified between treatments by the Kruskal-Wallis H Test, both at the beginning (week 1) 

and the end of the experiment (week 5) (Table 5.1). The mean oyster length (mm, mean ± SE) 

ranged from 55.7 ± 1.81 (B) to 59.9 ± 1.94 (A) before the exposure, and from 57.2 ± 1.88 (B) 

to 60.4 ± 1.89 (A) after the exposure (Fig. 5.9). The mean width (mm, mean ± SE) ranged from 

49.1 ± 2.69 (B) to 53.4 ± 2.10 (A) before the exposure, and from 49.6 ± 2.32 (B) to 55 ± 1.84 

(A) after the exposure. The mean depth (mm, mean ± SE) ranged from 15.7 ± 0.78 (A) to 17.5 

± 0.94 (B) before the exposure, and from 17.5 ± 1.13 (A) to 18.6 ± 0.81 (C) after the exposure. 

The mean weight (g, mean ± SE) ranged from 32.28 ± 3.73 (D) to 36.1 ± 3.67 (C) before the 

exposure, and from 32.6 ± 3.74 (D) to 36.5 ± 3.64 (C) after the exposure. The Kruskal-Wallis 

H Test identified no significant differences in mean length (mm), width (mm), depth (mm), 
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and weight (g) between the beginning (week 1) and the end of the experiment (week 5), for all 

treatments (Table 5.2). 

 

Table 5.1. Kruskal-Wallis H test results showing no significant differences in mean length 

(mm), width (mm), depth (mm), and weight (g) between treatments (A-D), at the beginning 

(pre-exposure, week 1) and at the end of the experiment (post-exposure, week 5). 

 

Treatment 
Length Width  Depth Weight 

H p H p H p H p 

Pre-exposure 3.17 0.366 6.48 0.090 2.30 0.513 0.822 0.844 

Post-exposure 2.086 0.555 5.815 0.121 1.314 0.726 0.684 0.877 

 

 

Table 5.2. Kruskal-Wallis H test results showing no significant differences in mean length 

(mm), width (mm), depth (mm), and weight (g) between the beginning (pre-exposure, week 1) 

and the end of the experiment (post-exposure, week 5), for each one of the treatments (A-D). 

 

Treatment 
Length Width  Depth Weight 

H p H p H p H p 

A 0.070 0.791 0.468 0.494 1.68 0.194 0.241 0.623 

B 0.368 0.544 1.060 0.303 0.147 0.702 0.206 0.650 

C 0.767 0.381 1.067 0.301 1.072 0.300 0.091 0.762 

D 0.023 0.878 0.177 0.674 1.062 0.303 0.173 0.677 
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Figure 5.9. Oyster length (mm, mean ± SE) (a), width (mm, mean ± SE) (b), depth (mm, mean 

± SE) (c), and weight (g, mean ± SE) (d) of treatments A (Isochrysis galbana), B 

(Nannochloropsis oculata), C (Tetraselmis sp.), and D (Thalassiosira pseudonana), before 

(week 1) and after the exposure (week 5). No significant differences found (Kruskal-Wallis H 

test, p > 0.05). 

 

No significant differences in growth rate (%) were found between treatments for all the 

morphometric measures: length (H = 7.18, p = 0.066), width (H = 3.63, p = 0.304), depth (H = 

7.28, p = 0.063), and weight (H = 7.23, p = 0.065) (Kruskal-Wallis H Test). The DSCF (Dwass-

Steel-Critchlow-Fligner) pairwise test, however, identified significant differences (p Ò 0.05) in 

gained depth between oysters fed on Isochrysis galbana (treatment A) and Nannochloropsis 

oculata (treatment B) (Fig. 5.10). The mean growth rate (%, mean ± SE) ranged from 0.8 ± 

0.38 (A) to 3.4 ± 1.10 (C) in length, from 1.2 ± 0.47 (D) to 4.7 ± 1.63 (B) in width, from 2.3 ± 

1.25 (B) to 9.4 ± 2.20 (A) in depth, from 1 ± 0.36 (C) to 2.8 ± 0.73 (B) in weight. 
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Figure 5.10. Growth rate (%, mean ± SE) of treatments A (Isochrysis galbana), B 

(Nannochloropsis oculata), C (Tetraselmis sp.), and D (Thalassiosira pseudonana), for all the 

morphometric measures (length, width, depth, and weight); no significant differences found 

between treatments (Kruskal-Wallis H test, p > 0.05). Significant differences found only 

between means that share an asterisk (DSCF pairwise test, p Ò 0.05). 

 

5.3.2 Clearance rate - Ingestion 

Oysters fed on Nannochloropsis oculata (treatment B) and Thalassiosira pseudonana 

(treatment D) showed the highest values of clearance rate (mean ± SE), with 0.315 ± 0.04 and 

0.329 ± 0.04 L h-1 respectively (Fig. 5.11). The lowest values were observed for oysters fed on 

Isochrysis galbana (treatment A) (0.214 ± 0.03 L h-1), whilst oysters fed on Tetraselmis sp. 

(treatment C) showed intermediate values (0.269 ± 0.03 L h-1). No significant differences in 

mean clearance rate were found between treatments (F = 1.93, p = 0.142), except on the second 

week of experiment (p Ò 0.05) between oysters fed on Isochrysis galbana (treatment A) and 

Nannochloropsis oculata (treatment B) (0.159 ± 0.04 and 0.599 ± 0.13 L h-1 on week 2, for 

treatments A and B respectively) (Fig. 5.12). The repeated measures two-way ANOVA showed 

instead significant differences in clearance rate between weeks of exposure (F = 15.67, p Ò 

0.001), and a significant interaction between the two factors (treatment × exposure) (F = 3.71, 
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p Ò 0.001). The post-hoc Tukeyôs test identified significant differences (p Ò 0.05) in clearance 

rate (mean ± SE) between the beginning of the experiment and the second week, for the oysters 

fed on Nannochloropsis oculata (treatment B) (from 0.164 ± 0.05 before the exposure to 0.599 

± 0.13 L h-1 on week 2). During the following weeks, however, the clearance rate of this 

treatment decreased again, and significantly lower (p Ò 0.05) values were recorded at the end 

of the experiment, compared to the second week (from 0.599 ± 0.13 on week 2 to 0.138 ± 0.03 

L h-1 on week 4).  

 

 

Figure 5.11. Mean clearance rate (L hī1, mean ± SE) of treatments A (Isochrysis galbana), B 

(Nannochloropsis oculata), C (Tetraselmis sp.), and D (Thalassiosira pseudonana) over 4 

weeks of experiment. No significant differences found between treatments (Repeated measures 

two-way ANOVA, p > 0.05). 
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Figure 5.12. Clearance rate (L hī1, mean ± SE) of treatments A (Isochrysis galbana), B 

(Nannochloropsis oculata), C (Tetraselmis sp.), and D (Thalassiosira pseudonana), before 

(pre-exposure) and during (weeks 1-4) the exposure to the four different diets; means that share 

a letter (aïf) are not significantly different (Repeated measures two-way ANOVA, p > 0.05). 

 

 

An overall decrease in clearance rate was also observed for oysters fed on Tetraselmis 

sp. (treatment C) and Thalassiosira pseudonana (treatment D). Significant differences were 

found between the beginning of the experiment and the fourth week for treatment C (from 

0.453 ± 0.05 before the exposure to 0.125 ± 0.03 L h-1 on week 4), and significantly lower 

values of clearance rate were recorded for treatment D on the third and fourth weeks, compared 

to the first one (from 0.682 ± 0.10 on week 1 to 0.084 ± 0.01 and 0.119 ± 0.02 L h-1 on week 3 

and 4 respectively). Oysters fed on Isochrysis galbana (treatment A) did not show any 

significant differences in clearance rate between weeks of exposure to this diet (p > 0.05), with 

the highest value recorded on the first week (0.382 ± 0.10 L h-1) and the lowest on the fourth 

week of experiment (0.083 ± 0.02 L h-1). 

 



Chapter 5. Suitability of microalgal paste 

 193 

5.3.3 Absorption efficiency - Assimilation 

A one-way ANOVA did not identify any significant differences in the mean organic 

content of microalgal food between the different treatments (F = 1.87, p = 0.207), and all 

microalgal pastes used in this experiment showed similar relative values of organic matter 

(OMA) (mean ± SE), ranging between 0.568 ± 0.01 for Isochrysis galbana (treatment A) and 

0.609 ± 0.01 for Tetraselmis sp (treatment C) (Fig. 5.13a). 

However, a lower content of organic matter (mean ± SE) was found in the faeces (OMF) 

of oysters fed on Nannochloropsis oculata (treatment B) (0.376 ± 0.02) (Fig. 5.13b). The 

highest values were observed for oysters fed on Isochrysis galbana (treatment A) and 

Tetraselmis sp (treatment C) (0.441 ± 0.01 and 0.446 ± 0.02 for treatments A and C 

respectively), whilst oysters fed on Thalassiosira pseudonana (treatment D) showed 

intermediate values (0.413 ± 0.02). The repeated measures two-way ANOVA showed 

significant differences in the mean relative organic matter content of oyster faeces (OMF) 

between treatments (F = 8.48, p Ò 0.001) and weeks of exposure (F = 152.83, p Ò 0.001). A 

significant interaction was also found between the two factors (treatment × exposure) (F = 5.33, 

p Ò 0.001). Although the post-hoc Tukeyôs test identified no significant differences in fecal 

relative organic content (mean ± SE) between treatments before the beginning of the 

experiment (p > 0.989) and during the first week of exposure (p > 0.726) (0.427 ± 0.01, 0.428 

± 0.02, 0.44 ± 0.01, and 0.394 ± 0.02 pre-exposure, and 0.417 ± 0.01, 0.325 ± 0.006, 0.408 ± 

0.01, 0.365 ± 0.03 on week 1, for treatments A-D respectively), the relative organic content 

found in the faeces of oysters fed on Tetraselmis sp (treatment C) and Thalassiosira 

pseudonana (treatment D) was significantly higher (p Ò 0.007) on the second week of exposure, 

compared to the previous weeks (0.581 ± 0.02 and 0.581 ± 0.07 on week 2, for treatments C 

and D respectively) (Fig. 5.14). On the same week, the values of fecal organic matter of these 
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two treatments were also significantly higher (p Ò 0.004) than the treatment fed on 

Nannochloropsis oculata (treatment B) (0.441 ± 0.01 for treatment B on week 2). The 

following week, however, an increase in fecal organic content was observed for all treatments, 

with values significantly higher than the ones recorded before the beginning of the experiment 

(p Ò 0.024) and during the first week of exposure (p Ò 0.026) for all treatments (0.560 ± 0.05, 

0.565 ± 0.05, 0.583 ± 0.12, 0.554 ± 0.02 on week 3, for treatments A-D respectively). The 

relative organic matter found in the oyster faeces decreased again on the last week of 

experiment, with significantly lower values (p Ò 0.014) observed for all treatments, compared 

to the previous two weeks (0.329 ± 0.05, 0.121 ± 0.007, 0.218 ± 0.01, 0.173 ± 0.009 on week 

4, for treatments A-D respectively). Except for the oysters fed on Isochrysis galbana (treatment 

A), which showed final values of fecal organic content similar to the beginning of the 

experiment (p = 0.312), an overall decrease in the organic matter content of oyster faeces was 

observed for all the other treatments (B, C, D), with significant differences found between the 

beginning and the end of the experiment (p Ò 0.001). On the last week, the values of fecal 

organic matter of treatments B (Nannochloropsis oculata) and D (Thalassiosira pseudonana) 

were also significantly lower (p Ò 0.021) than treatment A (Isochrysis galbana). 
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Figure 5.13. Relative organic matter content (fraction, mean ± SE) of microalgal pastes (OMA) 

(a), and oyster faeces (OMF) (b) of treatments A (Isochrysis galbana), B (Nannochloropsis 

oculata), C (Tetraselmis sp.), and D (Thalassiosira pseudonana); means that share a letter (aï

b) are not significantly different (Repeated measures two-way ANOVA, p > 0.05). 
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Figure 5.14. Relative fecal organic matter content (OMF) (fraction, mean ± SE) of treatments 

A (Isochrysis galbana), B (Nannochloropsis oculata), C (Tetraselmis sp.), and D 

(Thalassiosira pseudonana), before (pre-exposure) and during (weeks 1-4) the exposure to the 

four different diets; means that share a letter (aïe) are not significantly different (Repeated 

measures two-way ANOVA, p > 0.05). 

 

 

In accordance with the OMF data previously presented, oysters fed on Nannochloropsis 

oculata (treatment B) showed the highest absorption efficiency (AE) (mean ± SE) (47.2 ± 4.6 

%), whilst the lowest values were observed for oysters fed on Isochrysis galbana (treatment 

A) (34.1 ± 4.24 %) (Fig. 5.15). Oysters fed on Tetraselmis sp. (treatment C) and Thalassiosira 

pseudonana (treatment D) showed intermediate values (38.2 ± 5.4 and 42.2 ± 5 % 

respectively).  
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Figure 5.15. Absorption efficiency (%, mean ± SE) of treatments A (Isochrysis galbana), B 

(Nannochloropsis oculata), C (Tetraselmis sp.), and D (Thalassiosira pseudonana; means that 

share a letter (aïb) are not significantly different (Repeated measures two-way ANOVA, p > 

0.05). 

 

 

The repeated measures two-way ANOVA identified significant differences in the mean 

absorption efficiency (AE) between treatments (F = 8.48, p Ò 0.001) and weeks of exposure (F 

= 152.83, p Ò 0.001) and a significant interaction between the two factors (treatment × 
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galbana (treatment A) and Nannochloropsis oculata (treatment B) (p Ò 0.026), with 

significantly lower values recorded, compared to the previous weeks (0.7 ± 6.31, 0.4 ± 7.23, 

1.2 ± 11.27, 12.4 ± 6.56 % on week 3, for treatments A-D respectively). On the last week of 

experiment, the mean AE increased again, with significantly higher values (p Ò 0.001) observed 

for all treatments, compared to the previous week (52.8 ± 14.4, 89.6 ± 0.72, 81.8 ± 1.74, 85.5 

± 0.96 % on week 4, for treatments A-D respectively). An overall increase in mean AE was 

observed for all treatments, although only oysters fed on Nannochloropsis oculata (treatment 

B) showed significant differences in absorption efficiency between the beginning and the end 

of the experiment (p Ò 0.001). 

 

 

Figure 5.16. Absorption efficiency (%, mean ± SE) of treatments A (Isochrysis galbana), B 

(Nannochloropsis oculata), C (Tetraselmis sp.), and D (Thalassiosira pseudonana), before 

(pre-exposure) and during (weeks 1-4) the exposure to the four different diets; means that share 

a letter (aïd) are not significantly different (Repeated measures two-way ANOVA, p > 0.05). 
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5.3.4 Biochemical allocation 

The dry weight (mean ± SE) of the samples after the lipid extraction (total lipids - TL) 

ranged between 8.93 ± 1.1 mg (treatment C) and 16.23 ± 1.3 mg (treatment A), whilst the dry 

weight of samples after the transesterification (fatty acids - FAMEs) ranged between 3.07 ± 

1.2 mg (treatment D) and 11.3 mg (treatment A) (see Appendix E, Table E.4, for all data). The 

percentage of total lipids (TL) allocated in the oyster gonads did not differ significantly 

between treatments (F = 1.10, p = 0.440), with similar amounts of lipids (mean ± SE) extracted 

from the gonads of oysters fed on all the different diets (69.5 ± 0.6, 69.5 ± 0.7, 67.9 ± 0.9, and 

60.6 ± 7.8 % of wet weight of gonad samples, for treatments A-D respectively) (Fig. 5.17).  

 

 

Figure 5.17. Total lipids and FAMEs (%, mean ± SE) allocated in the oyster gonads of 

treatments A (Isochrysis galbana), B (Nannochloropsis oculata), C (Tetraselmis sp.), and D 

(Thalassiosira pseudonana). Significant differences are indicated with asterisks (one-way 

ANOVA, p Ò 0.05). 
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The one-way ANOVA, however, identified significant differences in the mean 

percentage of fatty acids (FAME) allocated in the oyster gonads (p Ò 0.05), with a significantly 

lower amount of FAMEs (mean ± SE) extracted from the gonads of oysters fed on 

Thalassiosira pseudonana (treatment D), compared to the other treatments (70.1 ± 3.17, 69.3 

± 12.2, 71.8 ± 9, and 26.5 ± 10.5 % of dry weight of total lipids, for treatments A-D 

respectively).  

 

5.4 Discussion 

Over the past decades, algal pastes have been developed and proposed as cost-effective 

alternatives to live microalgal diets, due to their potential to, not only reduce the costs and 

workload of the entire hatchery production, but to also allow a better manipulation of the 

nutritional composition of diets (Robert and Trintignac, 1997; Knauer and Southgate, 1999). 

However, the impact of algal pastes on O. edulis broodstock and larval performances has been 

tested so far by only a limited number of studies (Jones and Jones, 1988; Nell and OôConnor, 

1991; Robinson, 1992b; OôConnor and Nell, 1992; McCausland et al., 1999). For this reason, 

this has been recently selected as one of the ten priority research questions that need to be 

addressed to allow the implementation of effective breeding programs, which could promote 

high oyster fertility and good larval performances and improve hatchery production of this 

species (zu Ermgassen et al., 2023/in press). 

In order to be considered suitable as broodstock diets, algal pastes must be non-toxic, 

easily ingested, and highly digestible. They also must not aggregate, break apart, or grow 

bacteria (Robert and Trintignac, 1997). Finally, they must be characterised by high nutritional 

values (Coutteau and Sorgeloos, 1992). As highlighted in previous studies, the use of different 

algal pastes may produce different results, depending on the microalgal species considered 
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(Watson, 1986; Montaini et al., 1996). In particular, poor performances have been frequently 

observed with flagellates, while better feeding and growth rates are generally recorded with 

diatoms. As a possible explanation, Watson (1986) suggested that naked cells of flagellate 

species might be damaged or partly destroyed during the centrifugation process. In contrary, 

diatoms might be protected by the hard siliceous structure of their frustule, and therefore, they 

may be considered good candidates for the production of microalgal pastes. This is congruent 

with the results of the present experiment, with oysters fed on the flagellates Isochrysis galbana 

(treatment A) and Tetraselmis sp. (treatment C) showing lower values of both clearance rate 

(Fig. 5.11) and absorption efficiency (Fig. 5.15) than oysters fed on the diatom Thalassiosira 

pseudonana (treatment D) and the small non-flagellate Nannochloropsis oculata (treatment B). 

Isochrysis galbana (treatment A) showed the lowest mean values for both variables, but a poor 

performance was also observed for oysters fed on Tetraselmis sp. (treatment C), with clearance 

rate decreasing consistently over time (Fig. 5.12), and particularly low values of absorption 

efficiency recorded for two consecutive weeks (weeks 2 and 3) (Fig. 5.16). One mortality was 

also observed at the end of the experiment for each of these treatments (10% mortality rate). 

On the other hand, better performances were observed for the other two treatments, with the 

highest mean values of clearance rate and absorption efficiency recorded for Thalassiosira 

pseudonana (treatment D) and Nannochloropsis oculata (treatment B) respectively (Fig. 5.11 

and 5.15), and no mortalities found for both treatments (0% mortality rate).  

Despite the different physiological responses of oysters to the different diets, all 

treatments showed an overall decrease in food ingestion, with final values of mean clearance 

rate (week 4) lower than the ones observed pre-exposure (Fig. 5.12). Significant drops in the 

mean absorption efficiency were also observed for all treatments (Fig. 5.16), indicating poor 

assimilation of algal food. For one (treatments A and B) or two weeks (treatments C and D), 
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oysters from each treatment showed higher fractions of fecal organic matter (Fig. 5.14), and 

consequently low, or even negative, values of absorption efficiency (full dataset in Appendix 

D, Table D.7). As mentioned in previous studies, low and negative values of absorption 

efficiency can be observed when bivalve excretion is higher than the absorption, and they are 

often associated with the poor quality of the food (Bayne, 1987; Hawkins, 1990; Bayne, 2017; 

Hall et al., 2020). Therefore, the results of the present experiment may suggest that the use of 

algal paste as the sole source of food might be unsuitable for O. edulis hatchery conditioning. 

Nevertheless, further considerations should be given to these findings since higher values of 

mean absorption efficiency were observed at the end of the experiment for all treatments (Fig. 

5.16), with significantly lower organic matter contents found in the oyster faeces (Fig. 5.14). 

Variations of biodeposits composition are usually observed in the natural environment, 

concurrently with the seasonal changes in seston concentrations and compositions (Theissen, 

1977; Bayne, 1987; Iglesias et al., 1996; Irisarri et al., 2014). But in controlled environment, 

where the water is thoroughly filtered, and both ration and composition of diets are usually 

kept consistent, no substantial variations are expected to be observed over time. A possible 

explanation to this high variability of food assimilation may involve the process of acclimation 

to the new diets. According to Bayne (2017), despite the rate at which the food is ingested, 

low/negative values of absorption efficiency can be observed when acclimation has not 

occurred. Therefore, the high peaks of mean absorption efficiency found at the end of the 

present experiment, may instead be indicative of an initial adaptation of oysters to the algal 

pastes. However, since the full acclimation to new diets may require long periods of time to be 

accomplished (Hawkins et al., 1983; Iglesias et al., 1996), the duration of the present 

experiment may have been too short to confirm this hypothesis. Taking into consideration that 

no significant differences in all morphometrics were found between treatments over the whole 
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experiment (Fig. 5.9), and that only two mortalities were observed at the end of the exposure, 

prolonged studies may also allow to detect more substantial changes in mortality and growth 

rates, and physiological responses of oysters to the different diets. Therefore, a longer exposure 

to algal pastes is highly recommended for future research.  

As previous studies also highlighted, an integrated approach, including both the 

acquisition and expenditure of energy, is crucial to estimate the potential impact of different 

diets on bivalve energy balance, and their scope for growth and reproduction (Bayne et al., 

1987; 1989; Navarro et al., 1992; 1994; Iglesias et al., 1992; MacDonald et al., 1998; Steeves 

et al., 2018; Stechele et al., 2022; Tan et al., 2022). Since changes in energy expenditures can 

affect the food assimilation (Bayne et al., 1993), the sole analysis of feeding activities may 

produce misleading results. Being respiration an important component that regulates energy 

losses, the monitoring of oxygen consumption has been used in previous studies as an indicator 

of energy expenditures (Widdows et al., 1979, Møhlenberg and Kiorboe, 1981; Steeves, 2022), 

and its inclusion in future studies is therefore recommended. The production of pseudofaeces 

also corresponds to an energetic loss for bivalve organisms, and it should be reduced to the 

minimum to optimise food assimilation. Previous studies have proved that with a food ration 

lower than 4.5% dry weight of oysters the pseudofaeces production can be drastically reduced 

to less than 10% (González-Araya et al., 2011, 2012b). For this reason, pseudofaeces were not 

considered in the present study, with a daily ration equal to 3% dry weight of oysters. However, 

the inclusion of pseudofaeces analysis in future studies may provide further information on 

energy expenditures, clarifying the pathways of food consumption and assimilation. 

More than the individualsô physiological responses, the biochemical allocation in the 

gonads is crucial to assess the suitability of a certain diet for aquaculture production in 

hatcheries, as the achievement of successful reproduction is one of the main goals (Laudicella 
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et al., 2019). Although a thorough biochemical approach, including the analysis of lipids, 

proteins, and carbohydrates, has been used in previous studies and is recommended in the 

future, the present experiment prioritised the lipids, as they are great indicators of nutritional 

quality of food. Although they can be issued from the catabolism of carbohydrates 

(lipogenesis), most of the lipids are directly obtained from diet, especially PUFA and sterols 

which are poorly biosynthesized by bivalves (Chu and Greaves, 1991). Therefore, the 

accumulation of lipids in the gonads, and the variations of fatty acid contents, can reflect greatly 

the nutritional composition of the diet (Langdon and Waldock, 1981; McCausland et al., 1999; 

Palacios et al., 2005). In the present study, the lipid and fatty acid content (%) found in the 

gonads of oysters fed on Thalassiosira pseudonana (treatment D) was significantly lower than 

the other treatments (Fig. 5.17). Since opposite results were reported by previous studies when 

oysters were fed on live diatoms (González-Araya et al., 2011, 2012a, 2013), these differences 

in biochemical allocation may be specifically related to the use of algal paste. Taking into 

consideration that no significant differences in organic matter content (OMA) were found 

between all pastes (Fig. 5.13a), the lower values of lipids and fatty acids found in the gonads 

of oysters after 4 weeks of exposure to the Thalassiosira pseudonana paste, may indicate a 

change in the original nutritional values of the food over the course of the experiment. 

Therefore, this specific algal paste might be characterised by a potentially poor preservability 

(Robert and Trintignac, 1997). As several studies have previously reported, a rapid 

deterioration of pastes can be observed when stored at 4°C, leading to modifications of the 

physical and chemical characteristics of the microalgae (Molina Grima et al., 1994; Brown, 

1995; Montaini et al., 1995). The other treatments, instead, showed similar values of lipid and 

fatty acid content (%) after 4 weeks of exposure to the diets (Fig. 5.17). However, these 

represent preliminary findings, which will be integrated with the results of planned analysis by 
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gas chromatography/mass spectrometry (GC/MS). The full fatty acid profiles, including the 

percentage contributions of the single fatty acids, will facilitate the comparison between the 

nutritional values of algal food and gonads, and the identification of the impacts different diets 

may have on oyster biochemical allocation (González-Araya et al., 2011; 2012b).  

Oyster gametogenesis and reproductive success are also dependent upon the intake of 

lipids, more than the other biomolecules (Laudicella et al., 2019). It has been suggested that 

high concentrations of fatty acids, particularly eicosapentaenoic acid (EPA, 20:5n-3) and 

docosahexaenoic acid (DHA, 22:6n-3), may be essential, not only to support the maturation of 

oyster gonads (Brown et al., 1997; Caers et al., 2003; Gonzalez-Araya et al., 2013), but also 

to promote the development of ovogonia and the establishment of more balanced sex ratios 

(Orton, 1927; Wright, 1988; Santerre et al., 2013; Zapata-Restrepo et al., 2019). In order to be 

able to assess the suitability of algal pastes for oyster hatchery conditioning, future studies 

should therefore include the monitoring of gonad development, sex ratio, and fertility, which 

was not possible in this experiment due to the nature of the dispensation licence (Appendix G) 

related to the oysters prohibiting sacrificial sampling.  

Larval survival and growth have also been found positively correlated with eggsô lipid 

content (Helm et al., 1973; Frolov and Pankov, 1992; Gallager and Mann, 1986). Therefore, 

the quality of broodstock diet has the potential to affect the performance of larvae after their 

release (Walne, 1970). However, this correlation between broodstock feeding and larval 

performance has been poorly investigated so far (Berntsson et al. 1997), particularly with algal 

paste or other alternative sources of food. As recently highlighted by the NORA Production 

Working Group (zu Ermgassen et al., 2023/in press), further research is needed to investigate 

the impacts of algal paste diets on larval growth, survival, and recruitment. 
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6.1 Introduction 

The introduction of pathogens and disease outbreaks often represent the main driver of 

O. edulis mortality in hatchery settings (Colsoul et al., 2021; zu Ermgassen et al., 2023/in 

press). In shellfish aquaculture the main sign of diseases is the occurrence of mortality, which 

is usually observed at advanced stages of the infection (Dégremont et al., 2015a). For this 

reason, strict preventive biosecurity measures, such as the increase of flow rate and water 

renewal rate in the tanks (Petton et al., 2015), the frequent cleaning of livestock (zu Ermgassen, 

et al., 2020b), or the use of probiotics and bacteriophages (Karim et al., 2013; Sohn et al., 

2016; Kim et al., 2020; Le et al., 2020), are currently established around Europe and 

highlighted as crucial to enhance the success and consistency of native oyster hatchery 

production. However, once pathogens are introduced, their spread is difficult to contain. While 

the efficiency of curative solutions (e.g., antibiotics) is still being investigated (Dubert et al., 

2016, 2017), the selection of tolerant/resilient/resistant populations, previously exposed to 

pathogens and diseases, has been highlighted as a valuable strategy, to avoid disease outbreaks 

and improve production success in controlled environment (Roch, 1999). 

A common preventative biosecurity measure involves the reduction of oyster density 

in the tanks (Lapegue et al., 2006; zu Ermgassen, et al., 2020b). Although the correlation 

between the risk of infection and the density of both hosts and pathogens is still under 

investigation for most bivalve diseases (Bidegain et al., 2015), it has been proved that 

overcrowding can cause physiological stress, and increase oyster susceptibility to diseases 

(Hawkins et al., 2000; Launey et al., 2002; Lapegue et al., 2006; Lown et al., 2021). Despite 

preventing pathogen contamination, low broodstock densities may instead promote the 

recurrence of inbreeding events and loss of genetic diversity, as well as reduce fertility within 

hatchery populations (Saavedra and Guerra, 1996; Bentsen and Olesen, 2002). The stock 
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density recommended by one of the most consulted hatchery manuals (no more than 5kg in 

120 L) (Helm and Bourne, 2004) is still the most employed in oyster hatcheries. However, the 

establishment of skewed sex ratios can also lead to disproportionate gametic contributions, 

reducing reproductive success and genetic variability regardless of the stock density (Saavedra, 

1997; Diaz-Almela et al., 2004; Guy et al., 2018). Therefore, the employment of larger 

numbers of broodstock in hatcheries, may not necessarily promote large effective population 

sizes. Further research is needed, both in natural and controlled environments, to identify 

optimal stock densities which could promote, not only high standards of biosecurity, but also 

balanced sex ratios.  

Based on the several challenges of restorative aquaculture, outlined in detail in the 

introductory chapters, understanding the effects of broodstock density on disease 

susceptibility, sex differentiation, fertility, and genetic diversity is a current research priority 

to optimise oyster seed production and support management and restoration of extant 

endangered populations (Pogoda et al., 2019, 2020; zu Ermgassen et al., 2020b, 2023/in press). 

The present chapter focuses upon the investigation of the effects of broodstock density on O. 

edulis health and fertility in hatchery settings. Growth rate, mortality rate and larval production 

of oysters conditioned at three different broodstock densities, were monitored for the whole 

duration of the swarming period. Samples of larvae and oyster tissues were also collected 

during the experiment, and they will be analysed in the near future to identify potential genetic 

bottlenecks within hatchery populations, ascribable to either low stock densities or skewed sex 

ratios. 
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6.2 Methods 

6.2.1 Biological material 

Due to the limited availability of local broodstock, the oysters employed in the present 

experiment were sourced from two different locations in the Solent. In April 2022, thirty-five 

adult oysters (mean weight ± SE: 215.15 ± 19.27 g), which represented the remnant local 

population stock, were collected by hand gathering from the intertidal zone in Langstone 

Harbour (50°47'41.1"N 1°00'10.0"W), in accordance with the Southern IFCA dispensation 

licence (Appendix G). In addition, seventy adult oysters (mean weight ± SE: 161.34 ± 4.74 g), 

originally from Loch Ryan in Scotland but acclimatised for four years to the local 

environmental conditions in the Solent, were sourced from Lymington River (50°45'31.72"N 

1°31'49.95"W). All oysters were transferred to the Solent Oyster Restoration Hatchery, based 

at the Institute of Marine Sciences of Portsmouth. Following a first screening process (cleaning 

and scrubbing), they were moved to the designated quarantine area in accordance with the 

hatchery biosecurity measures (Appendix H). For seven days they were kept in isolation at 10 

ºC, in a flow-through system (150 L flow-through tanks, 25 L/h flow rate) with unfiltered 

seawater. 

Following the quarantine period, oyster length (mm), width (mm), depth (mm), and wet 

weight (g) were measured. The initial morphometric measures are included in Appendix A, 

Tables A.10, A.11. The oysters were then placed at different densities into 30 L flow-through 

tanks (60 x 40 x 15 cm), with a flow rate of 85 ml per minute (turnover time: ~ 6 hours) (Fig. 

6.1).  
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6.2.2 Experimental design 

The experimental design involved three treatments (A-C), each one corresponding to a 

different oyster density: high density (treatment A - 20 oysters/tank), medium density 

(treatment B - 10 oysters/tank), and low density (treatment C - 5 oysters/tank). Each treatment 

was replicated three times (tanks 1-3). Oysters from different locations were kept separate to 

maintain distinct source populations for planned genetic analysis, with the stock from Loch 

Ryan (Lymington) distributed between the first two replicates, whilst the third replicates 

included only oysters from Langstone (Fig. 6.2).  

 

 

Figure 6.1. Adult native oysters conditioning in 30L flow-through tanks at different densities. 

 

 


